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Modelling Atherosclerotic Plaque Cap Mechanics:
Microcalcifications Reduce Mechanical Properties in
Mesenchymal Stromal Cell-Based Model

Imke L. Jansen, Deniz Şahin, Frank J.H. Gijsen, Eric Farrell,* and Kim van der Heiden

Rupture of atherosclerotic plaque caps is the cause of many disabling
or lethal cardiovascular events, such as stroke and myocardial infarction.
Microcalcifications (<50 µm) have been shown, in computational models, to
affect the biomechanical stability of the cap. The current study aims to develop
a tissue-engineered model of the atherosclerotic fibrous cap with microcal-
cifications produced by mesenchymal stromal cells (MSCs). Human MSCs are
seeded in fibrin gels and cultured for 2 weeks in medium supplemented with
TGF-𝜷1 to induce smooth muscle cell differentiation and collagenous matrix
formation. Afterward, mineralizing medium stimulates microcalcification
formation for an additional 4 weeks. Tissue-engineered structures
are imaged after culture with second harmonic generation microscopy with
a hydroxyapatite probe, showing collagenous matrix with microcalcifications.
Mechanical characterization shows the effect of microcalcifications on global
tissue mechanics, as the ultimate stress at rupture of the tissue is significantly
lower compared to control tissues. The amount of calcification, determined
by histological analysis, is correlated to the decrease in ultimate tensile stress,
with a higher amount of microcalcification resulting in weakened mechanical
properties. The developed tissue-engineered plaque cap model with
biologically formed collagenous matrix and microcalcifications offers valuable
insight into the impact of microcalcifications on biomechanical stability.
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1. Introduction

Rupture of the atherosclerotic plaque
cap is the cause of many disabling
or lethal cardiovascular events, such as
stroke andmyocardial infarction.[1–3] Pre-
viously, fibrous cap thickness was con-
sidered the main determinant associ-
ated with plaque rupture risk, but the
presence of other cap components, such
as microcalcifications (<50 μm[1]) and
macrophages, have also been shown
to affect the biomechanical stability of
the cap.[1,4–6] The microcalcifications are
composed of hydroxyapatite[7–10] and it
has been shown in both numerical[11–17]

and experimental[18,19] studies that they
can increase the risk of cap rupture
through the promotion of high local
stress accumulations within the cap.
So far, multiple mechanisms that

govern the formation of microcalcifica-
tions have been put forward. One po-
tential pathway is the osteogenic trans-
differentiation of vascular smooth mus-
cle cells (VSMCs) into osteoblast-like
cells. Multiple lines of evidence have

shown that atherosclerotic calcification shares features with
bone formation. Furthermore, bone-related proteins (among oth-
ers RUNX2 and ALP) have been observed in atherosclerotic
lesions.[20–22] The similarities with bone formation has caused
the speculation to arise that mesenchymal stromal cells (MSCs)
might be involved in the process of vascular calcification.[23,24]

It has been shown that MSCs can migrate into the media,
differentiate into VSMCs and later turn into osteoblast-like
cells.[23]

To provide further insight into the pathway by which micro-
calcifications form, their role in cap mechanics and their inter-
play with other cap components, systematic experimental stud-
ies are needed. Ex vivo material is often obtained from rup-
tured human plaques. However, this material is already dam-
aged and has a very heterogenous composition. As an alterna-
tive, animal models are frequently used, but are limited due to
ethics and the inability to mimic the human mechanical plaque
environment.[25] Clinical studies currently have difficulty in cor-
relating the presence of microcalcifications to clinical events.
This is mainly due to the heterogenous composition of plaques,
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causing confounding factors.[26] Additionally, due to limited
resolution of current clinical imaging modalities, many clini-
cal studies focus on macrocalcification scoring, without captur-
ing the role of microcalcifications.[1] Therefore, 3D in vitro mod-
els with relevant biological components, suitable for mechanical
testing are needed.
In order to tissue engineer an atherosclerotic cap comprised of

a collagenous matrix and microcalcifications, multiple cell types
might be used. VSMCs are physiologically relevant and calcifica-
tion can be induced in vitro,[27] as was shown with bovine[28] and
mouse[29,30] cells. However, if human cells are to be used, VSMCs
need to be isolated during an invasive treatment and furthermore
have a low proliferation capacity.[31,32] An alternative option is to
use MSCs as they are easily accessible from various anatomical
sources, such as bone marrow and adipose tissue.[31,33,34] Fur-
thermore, they are highly proliferative and can differentiate into
various cell types, such as SMCs.[32,35–39] Various culture condi-
tions have been proposed to induce such differentiation, such
as the addition of the growth factor TGF-𝛽1,[32,35,37–40] mechan-
ical stress[41,42] and cell-surface interactions.[36,43] These studies
were performed in monolayer cultures, while for a tissue engi-
neered cap a 3D environment would be a prerequisite. Further-
more, to date, it has not been investigated whether SMCs dif-
ferentiated from MSCs are capable of calcifying in an in vitro
environment. In this study we create a biologically relevant tis-
sue engineered (TE) construct of the atherosclerotic plaque cap
with collagenous matrix and microcalcifications, following the
pathway of vascular calcification using MSCs. We show that
MSCs can differentiate into a SMC-like phenotype in a 3D en-
vironment, after which they can be stimulated to calcify and
form microcalcifications. Uniaxial tensile testing was used to
evaluate the mechanical role of microcalcifications in these TE
plaque caps, showing that calcified tissues have reduced ulti-
mate stress and stiffness and consequently can influence plaque
rupture.

2. Results

2.1. Medium Selection for Differentiation to SMC-Like Phenotype
in Monolayer

To select the medium for differentiation from an MSC to a
SMC-phenotype, different base media and supplements were
first assessed in monolayer culture. qPCR showed an increase
in gene expression of 𝛼SMA and Calponin for all medium types
(Figure S1A, Supporting Information). Brightfield microscopy
showed decreased cellular proliferation in the groups supple-
mented with 1% of FBS compared to 10% FBS (Figure S1B, Sup-
porting Information). After an additional culture of 15 days in
osteogenic medium, cells were stained with Alizarin Red. The
groups which started with 𝛼MEM or LG-DMEM supplemented
with 10% FBS during initial differentiation showed the most
calcification compared to the groups that differentiated in HG-
DMEM (Figure S1C, Supporting Information). Since cells dif-
ferentiated with 𝛼MEM and 10% FBS showed microcalcifica-
tions with increased diameter, compared to those differentiated
in LG-DMEM, 𝛼MEM was chosen for as the culture medium of
the differentiation from MSC to SMC phenotype in the 3D TE
constructs.

2.2. TGF-𝜷1 Supplementation Causes Collagen Formation and
Differentiation to SMC-Like Phenotype

TE-constructs of the atherosclerotic plaque cap were created
with and without the addition of TGF-𝛽1 supplementation
(Figure 1A). Visual inspection of the cultured constructs
showed denser tissues in samples supplemented with TGF-
𝛽1 (Figure 1B). Quantification of the compaction in the x-
direction was also significantly increased in samples supple-
mented with TGF-𝛽1 (p < 0.01). Maximum intensity projec-
tion images of SHG imaging revealed more collagenous ma-
trix formation in TGF-𝛽1 supplemented groups compared to
control, where a lower amount of collagen could be detected
(Figure 1C). The amount of collagenous matrix with and with-
out TGF-𝛽1 was further quantified using the HYP assay, show-
ing a trend toward increased matrix content (Figure 1D). Addi-
tionally, the DNA content was increased in samples with TGF-
𝛽1, indicating an increased cell proliferation, which could have
attributed for the increase in matrix (p = 0.02) (Figure 1D). Im-
munohistochemical staining of 𝛼SMA showed positive stain-
ing in the samples supplemented with TGF-𝛽1, while con-
trol samples were negative for 𝛼SMA (Figure 1E). qPCR anal-
ysis of 4 separate MSC donors (Table S1, Supporting Infor-
mation) showed significant increases in gene expression of
𝛼SMA (p < 0.0001), Calponin (p < 0.001) MYH11 (p < 0.01),
and COL 1 (p < 0.0001) over time, indicating a SMC phe-
notype after 14 days of culture (Figure 1F). For 𝛼SMA the
fold change between baseline and day 14 was 8.9 ± 1.5,
for Calponin 1.9 ± 0.2 and for COL 1 2.7 ± 0.5. These
data indicate the successful deposition of a collagenous ma-
trix as well as differentiation of MSCs toward a SMC-like
phenotype in our TE-construct by the supplementation of
TGF-𝛽1.

2.3. Calcifying Medium Causes Microcalcification Formation in
TE-Cap and Loss of SMC-Like Phenotype

After 14 days of supplementation of control medium with TGF-
𝛽1, the medium was switched to initiate calcification forma-
tion (Figure 2A) and samples were cultured for an additional 4
weeks. Histological analysis of samples after TGF-𝛽1 stimulation
(week 2) and after culture in calcifying medium (week 6) were
compared. H&E staining showed the deposited matrix and cells
present at both timepoints (Figure 2B). Immunohistochemical
staining of 𝛼SMA showed positive staining at week 2, while only
limited positive staining at the edges of the sample remained at
week 6 (Figure 2D). Von Kossa staining in combination with Nu-
clear Fast Red again showed cellular presence in the samples,
even after 6 weeks of culture. No calcifications were observed
at week 2, while microcalcifications were observed throughout
the entire depth of the samples at week 6 (Figure 2D; Figure
S2A,B,Supporting Information). Calcifications were mainly de-
tected on top of or close to matrix fibers (Figure 2D; Figure
S2C, Supporting Information). No microcalcifications were ob-
served in control samples (Figure S2D, Supporting Information).
All 3 donors cultured until week 6 (Table S1, Supporting Infor-
mation) showed matrix formation and microcalcification depo-
sition, with donor differences regarding the amount of matrix
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Figure 1. Creation of TE-construct with collagenous matrix from MSCs to SMC-like phenotype. A) Graphical representation of culture protocol and
analysis techniques. B) Representative photographs of samples created with TGF-𝛽1 supplementation and control samples, as well as quantification of
the compaction in the x-direction (n = 7 control, n = 10 TGFb1, Mann-Whitney test). C) Maximal intensity projections of second harmonic generation
images. D) Quantification of DNA content and HYP content (n = 5 control, n = 4 TGFb1), Mann-Whitney test) E). Immunohistochemical staining of
𝛼SMA of control and TGF-𝛽1 samples. F) qPCR data of 𝛼SMA, calponin, MYH11, and COL 1. Day 14 samples of donors 3 and 4 are also shown in
Figure 4. (n = 4 donors with n = 3 replicates, Mixed effects model with Bonferroni’s multiple comparisons) Scale bars (C) 200 μm, (E) 100 μm, and
25 μm. *p < 0.05; **p < 0.01.; ***p < 0.001; ****p < 0.0001.

Adv. Biology 2025, e00106 e00106 (3 of 15) © 2025 The Author(s). Advanced Biology published by Wiley-VCH GmbH

 27010198, 0, D
ow

nloaded from
 https://advanced.onlinelibrary.w

iley.com
/doi/10.1002/adbi.202500106 by T

echnical U
niversity D

elft, W
iley O

nline L
ibrary on [10/07/2025]. See the T

erm
s and C

onditions (https://onlinelibrary.w
iley.com

/term
s-and-conditions) on W

iley O
nline L

ibrary for rules of use; O
A

 articles are governed by the applicable C
reative C

om
m

ons L
icense

http://www.advancedsciencenews.com
http://www.advanced-bio.com


www.advancedsciencenews.com www.advanced-bio.com

Figure 2. Full protocol for creation of TE-construct with collagenous matrix and calcification. A) Schematic representation of full culture protocol.
B) H&E staining of tissues after 2 weeks and 6 weeks of culture. C) 𝛼SMA immunohistochemical staining after 2 and 6 weeks of culture. D) Von Kossa
staining after 2 and 6 weeks of culture. Scalebars overview sample: 200 μm (B–D) 50 μm.

and calcification produced (Figure S3, Supporting Information).
The matrix structure mimicked the matrix of human fibrous cap
tissue (Figure S4, Supporting Information).
qPCR analysis of 3 donors (Table S1, Supporting Information)

showed significant decreases in gene expression between week 2
and week 6 of 𝛼SMA (p < 0.001), Calponin (p < 0.01) and COL

1 (p < 0.0001) (Figure 3A). No significant decrease of MYH11
was shown (Figure 3A), while analysis of ALP showed a trend
toward an increase in expression at week 6 (Figure 3B, p= 0.061).
Other markers of an osteogenic phenotype, RUNX2 and Msx2,
were also analyzed, but showed no significant increase at week 6
(Figure S5, Supporting Information).
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Figure 3. qPCR analysis and calcium assay of TE-constructs. A) qPCR analysis of genes associated with SMC, 𝛼SMA, Calponin, MYH11, and COL 1.
(n = 3 donors with n = 3 replicates for donor 4 and n = 2 replicates for donor 3 and 5, Mixed effects model with Bonferroni’s multiple comparisons) Day
14 samples of donor 3 and 4 are also shown in Figure 1B) qPCR analysis of ALP. (n = 3 donors with n = 3 replicates for donor 4 and n = 2 replicates for
donors 3 and 5, Mixed effects model with Bonferroni’s multiple comparisons). C) Calcium assay of the cumulative calcium uptake by the TE-constructs
during culture. Day 2 is the second day of calcifying medium, day 16 of the total culture period. *p < 0.05; **p < 0.01; ***p < 0.001; ****p < 0.0001.

After 2 weeks of culture in calcifying medium (total week 4
of culture), the cumulative calcium uptake in the medium was
increased when compared to control and this increasing trend
was preserved until the end of the culture at week 6 (Figure 3C,
p < 0.0001). Furthermore, it could be observed that for control
samples there was a negative calcium uptake in the medium,
which could be due to matrix remodeling during culture, caus-
ing calcium ions being released into the medium (Figure 3C).

2.4. Microcalcification form at Edges of Samples and Grow
During Culture

Z-stacks of samples (n = 9 calcified at week 5, n = 16 calcified
at week 6, n = 5 control at week 6, Table S1, Supporting Infor-
mation) were obtained with SHG imaging. 5 samples were im-
aged both at week 5 and 6, making it possible to compare the
collagenous matrix and microcalcification formation within the
same sample after an additional week of culture. At week 5, sam-
ples showed microcalcification formation especially at the edges
of the samples (Figure 4A, region 2). Microcalcifications were
also detected throughout the rest of the sample (Figure 4A, re-
gion 1). After 1 week of additional culture in calcifying medium,
more microcalcifications can be seen throughout the entire tis-

sue (Figure 4B), both in the middle regions (Figure 4B, region 1)
and on the edges of the sample (Figure 4B, region 2). Microcal-
cification size also increased over time, with the biggest particles
reaching ≈15 μm in diameter at the end of the culture period
(Figure 4B, region 1, arrows). Furthermore, it could be detected
that depositedmicrocalcifications again followed the collagenous
matrix as was shown earlier with histology. (Figure S2C, Support-
ing Information).
When comparing the matrix of calcified samples and control

samples with SHG, the same alignment of collagenous matrix
could be observed. Both control and calcified samples showed
higher anisotropy near the edges of the sample, while the middle
region wasmore isotropic (Figure 4C). The amount of anisotropy
in calcified and control samples (n = 12 z-stacks for edge regions
and n = 11 for middle regions) was further quantified and the
measure of dispersion, 𝜅, showed significant higher anisotropy
in edge regions compared to control areas (Figure 4D, p= 0.007).
No differences were observed in dispersion between control and
calcified samples (Figure 4E, p = 0.59). Additionally, histologi-
cal analysis was performed to further compare the formed ma-
trix between control samples and calcified tissues. H&E staining
showed no differences in cellular presence and matrix formation
between calcified and control samples (Figure 4F,G). This was
further quantified by Orbit analysis of the matrix, showing no
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Figure 4. Representative second harmonic generation images of the same sample at timepoint week 5 and week 6. A) SHGmaximum intensity projection
of a calcified sample with edge and middle regions highlighted. B) SHGmaximum intensity projection of the same sample at week 6. C) Control sample
at week 6. D) Quantification of anisotropy by dispersion parameter kappa (n = 12 z-stacks for middle and n = 11 z-stacks for edge, unpaired T-test).
E) Quantification of anisotropy by dispersion parameter kappa (n = 6 z-stacks for control and n = 6 z-stacks for calcified, unpaired T-test). F) H&E
staining of calcified sample at week 6. G) H&E staining of control sample at week 6.(H) Quantification of matrix from histological images (n = 12 control
samples and n = 11 calcified samples). Scalebars (A,B): Full image 500 μm, zoomed in images 200 μm, (F,G) 50 μm. *p < 0.05; **p < 0.01; ***p < 0.001;
****p 0.0001.
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Figure 5. Global mechanics of control versus calcified samples. A) The stiffness at 5% strain, B) The ultimate tensile stress and C) the ultimate strain.
(A–C) n = 3 donors with n = 15 control and n = 14 calcified, Mixed effects model with Bonferroni’s multiple comparisons.
*p < 0.05; **p < 0.01; ***p < 0.001; ****p < 0.0001.

significant differences between the matrix ratio of control and
calcified samples (Figure 4H).

2.5. Microcalcifications Lower TE-Caps’ Ultimate Tensile Stress
and Stiffness

Mechanical testing until rupture of 3 donors (Table S1, Support-
ing Information) elucidated global tissue mechanics parameters
of control and calcified tissues. Samples that were calcified were
significantly less stiff (Figure 5A, p < 0.001) compared to control.
Furthermore, the ultimate tensile stress (UTS), i.e. themaximum
stress measured, was discovered to be significantly lower for
the calcified samples compared to the control group (Figure 5B,
p < 0.0001). No significant difference was observed between ex-
perimental groups in the strain corresponding to the UTS, the
ultimate strain (Figure 5C).

2.6. Increased Calcification Ratio Causes Weakened Mechanical
Properties

Calcification and matrix ratio within the tissue were quanti-
fied using the Orbit Analysis Software. Calcification was ana-
lyzed from von Kossa-stained sections in combination with Nu-
clear Fast Red for cell nuclei. Small microcalcifications, visible
as brown deposits, and bigger microcalcifications, seen as black
deposits were quantified as well as the ratio of nuclei within the
tissue (Figure 6A). Quantification was verified by comparing the
segmented image to the original image (Figure 6A). The total cal-
cification ratio was obtained by combining data from the small
and big microcalcifications. For Picrosirius Red stained sections,
the matrix was the only component to be quantified and seg-
mented within the images (Figure 6B).
The relationship between the quantified histological images

and mechanical properties, stiffness and UTS, was analyzed by
linear regression. The analysis of the decrease inUTS to calcifica-
tion ratio showed a correlation with an R2 of 0.5215 (Figure 6C, p
< 0.001), while for the matrix this was only 0.0952 (Figure 6D, p
= 0.08). Additionally, the correlation between the collagen and
calcification ratio within the same samples was analyzed by a
Spearman correlation and no significant correlation was found
between those (Spearman = 0.42, p = 0.20).

2.7. The Effect of Microcalcifications on TE-Caps’ Cyclic Loading
Behavior

Cyclic loading was performed for 10 cycles at consecutive 3%,
4.5%, and 6% strain (Figure 7A). Hysteresis loops were created,
where the loading and unloading phase could be visualized and
the maximum engineering stress during each cycle could be ob-
tained (Figure 7B). The TE-constructs displayed time and load de-
pendent properties. The hysteresis of the first loop was observed
to be different from the rest of the loops, which is why the energy
loss of the first three cycles was calculated. When looking at the
3% strain, it can be seen that the energy loss decreases signifi-
cantly between cycle 1 and 2 for both control samples (p = 0.02)
and calcified samples (p = 0.03)(Figure 7C). For the 4.5% strain
a similar pattern could be observed for the control samples (p =
0.02 for cycle 1 to 2 and p= 0.02 for cycle 1 to 3) while the calcified
samples showed no significant decrease (Figure 7C). Lastly, this
patternwas also observed during the third phase of cyclic loading,
with 6% strain, for the control samples (p = 0.04 for cycles 1 to
2), with no significant differences being observed for the calcified
group. No significant differences were observed between cycles
2 and 3 for both conditions, suggesting the biggest decrease in
energy dissipation is reached during the first 2 cycles of loading
(Figure 7C).
Similar to the decrease in energy dissipation, the maximum

stress per cycle that was reached per cycle decreases, with the
biggest decrease happening in the first three cycles, after which
the stress stabilizes (Figure 7D). Furthermore, it can be observed
that the maximum engineering strain of the calcified samples
is lower than control for all donors at all straining conditions
(Figure 7D).

3. Discussion

Within this study, we have created an in vitro TEmodel of the hu-
man atherosclerotic plaque cap, with biologically deposited col-
lagenous matrix and microcalcifications. This model can shed
light on the complex interplay between collagen, microcalcifica-
tion formation, cellular phenotype and mechanical behavior in
plaque vulnerability. MSCs were differentiated with TGF-𝛽1 into
a smooth muscle cell (SMC)-like phenotype. During this differ-
entiation stage, a collagenousmatrix was deposited and afterward
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Figure 6. Quantification of histological images and correlation to mechanical parameters. A) Representative von Kossa staining with segmented image,
B) Representative Picrosirius Red staining with segmented image, C) Linear regression of the calcification ratio the decrease in UTS, D) Linear regression
of the matrix ratio to the decrease in UTS. Scale (A) 200 μm, (B) 100 μm.

SMC-like cells underwent mineralization and formed microcal-
cifications within TE plaque caps. These microcalcifications fol-
lowed the collagen matrix, mainly on the edges of the samples,
and increased in amount and size over time. Mechanical char-
acterization using tensile testing until rupture showed the ef-
fect of microcalcifications on global tissue mechanics, as the ul-
timate stress at rupture and stiffness of the tissue was lowered
significantly.
During the first 2 weeks of culture, MSCs were differentiated

into SMC-like cells with TGF-𝛽1 supplementation. This differ-
entiation has previously been performed in monolayer experi-
ments with human umbilical cord-derived MSCs,[37] human adi-
pose tissue-derived MSCs[40] and human bone marrow-derived
MSCs.[38] Within our study, differentiation from paediatric bone
marrow-derived MSCs was attempted in a 3D-culture system.
Fold changes were observed to be in the same range as in pre-
viously stated literature, indicating successful differentiation to-
ward a SMC-like phenotype. Additionally, TGF-𝛽1 caused in-
creased proliferation andmatrix deposition in our samples. TGF-
𝛽1 has been shown to have both negative and positive effects
on cellular proliferation of MSCs, dependent on the dosage, dif-
ferentiation stage and timing.[44] TGF-𝛽1 can induce SMAD3-
dependent proliferation and matrix secretion in both MSCs and
SMCs.[44,45] Furthermore, differentiated SMCs are able to re-
versibly modulate their phenotype and change between differ-

entiation, proliferation and matrix synthesis.[46] After 2 weeks of
culture to stimulate SMC-differentiation and collagen deposition,
medium was changed toward a calcifying medium to induce mi-
crocalcification formation within the TE-constructs. With regard
to qPCR data, it was seen that cells lost most of their SMC lineage
markers, which has been observed in a previous study where aor-
tic SMCs underwent mineralization in vitro.[47] This could indi-
cate that cells differentiated again from an SMC-like phenotype
toward a more mineralizing phenotype, as intended. Gene ex-
pression of ALPL showed an upregulated trend, although not
significantly, while no differences were observed in Runx2 and
Msx2 expression. Both of these transcription factors are involved
in calcification processes in smooth muscle cells in atheroscle-
rotic fibrous caps.[48–50,20] However, it is known that these are
transcription factors that might peak in the early differentiation
toward an osteogenic phenotype.[51] The expression is lowered in
the later stages of differentiation, which might be the reason why
no differences were observed in this study. Future studies could
focus on analyzing multiple timepoints of osteogenic differen-
tiation and calcification. Since MSCs were used in this study, it
could be argued that cells which potentially did not fully differen-
tiate toward a SMC phenotype, differentiated directly from MSC
toward an osteoblast in the calcifying environment[52] and thus
did not transdifferentiate from SMCs. In current literature, it is
hypothesized that bone formation, via osteoblasts, and ectopic
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Figure 7. Cyclic loading at 3%, 4.5%, and 6% strain for calcified and control samples. A) Representative image of loading protocol with pre-stretch,
cyclic loading, and loading until rupture. B) Graphical image of obtained hysteresis C) Energy loss quantification of the first 3 cycles per cyclic loading
condition, n = 10 samples control and n = 10 samples calcified, Mixed effects model with Bonferroni’s multiple comparisons D) The normalised
maximum engineering stress that is reached at each cycle. *p < 0.05; **p < 0.01; ***p < 0.001; ****p < 0.0001.

vascular calcification resemble one another. However, it has been
shown that osteoblasts and SMCs can still show significant dif-
ferences in their calcification behavior.[53] Where osteoblasts of-
ten form large mineralized bone nodules, calcifying SMCs form
small discrete regions of calcification.[53] Future studies on this

model could focus on elucidating the exact cellular phenotypes
present at different stages of the culture at a single cell resolu-
tion to further explain the calcifying mechanism.
Second harmonic generation microscopy facilitated imag-

ing of the collagenous matrix as well as the microcalcification

Adv. Biology 2025, e00106 e00106 (9 of 15) © 2025 The Author(s). Advanced Biology published by Wiley-VCH GmbH

 27010198, 0, D
ow

nloaded from
 https://advanced.onlinelibrary.w

iley.com
/doi/10.1002/adbi.202500106 by T

echnical U
niversity D

elft, W
iley O

nline L
ibrary on [10/07/2025]. See the T

erm
s and C

onditions (https://onlinelibrary.w
iley.com

/term
s-and-conditions) on W

iley O
nline L

ibrary for rules of use; O
A

 articles are governed by the applicable C
reative C

om
m

ons L
icense

http://www.advancedsciencenews.com
http://www.advanced-bio.com


www.advancedsciencenews.com www.advanced-bio.com

formation during culture. Microcalcifications predominantly
formed along the edges of the sample. Multiple hypotheses to
why this is the case can be proposed. Firstly, from SHG imag-
ing it could be observed that collagen alignment was highest in
the edges of the samples. It has been shown that microcalcifi-
cation use the collagenous matrix as a scaffold,[54] which was
also observed in our study, highlighting the role between col-
lagen alignment and calcification formation. Various other ob-
servational studies have shown that fiber alignment may en-
hance tissue calcification with calcification progressing along the
aligned fibers, such as in immature chick tibia[55] and in cal-
cific aortic valve disease.[56] Since these differences in calcifica-
tion initiation location were seen within the samples, this high-
lights the importance of the hypothesis that calcification can be
driven by composition of the fibrous cap. The mechanisms by
which collagen alignment induces mineralization could possi-
bly be attributed to cellular migration toward anisotropic regions
and consequent formation ofmicrocalcifications.[57] A second hy-
pothesis, related to collagen fiber alignment, is the fact that there
can be differences in tension within the tissue during the culture
period, due to compaction of the tissue altering the loading at
the edges of the sample. Differences in mechanical loading and
the effect on calcification can possibly be linked to Wolff’s Law,
which states that bone growth is affected by mechanical stimu-
lation to optimize their structure.[58] In porcine aortic valves it
has been shown that elevated stretch elicited a stronger calcifi-
cation response.[59] Furthermore, in tissue-engineered tendon,
alkaline phosphatase activity was increased in highly strained
groups.[60] Higher amounts of stretch could induce SMCs to
transdifferentiate toward an osteoblast-like phenotype and en-
courage calcification.[61] In addition,mechanical stretch is known
to induce apoptosis in SMCs[62] and regions with increased apop-
tosis have been shown to correlate with elevated calcification
response,[59] as calcification might use apoptotic cells and cellu-
lar debris as an anchoring point. Thus, tension during culture
and collagen alignment could play a role in the onset of micro-
calcification formation and elucidating the specific role of these
in vascular calcification could provide additional biomarkers for
plaque vulnerability. Future studies could thus focus on assessing
the effect of cap composition on calcification in an osteogenic and
non-osteogenic environment. Highly anisotropic and isotropic
tissues could be created by adapting the location of the Velcro
strips within the model. These models could then be cultured
with varying concentrations of osteogenic supplements to assess
the dominant factor in calcification formation.
During mechanical testing, the TE-constructs were strained

until rupture to obtain global mechanical properties of the tis-
sue. We detected that samples with microcalcifications had de-
creased UTS, which could be explained by the fact that microcal-
cifications can be seen as local stress accumulators in atheroscle-
rotic plaque caps, as has been shown in various computational
models.[11,63,64] In previous work of our group, hydroxyapatitemi-
croparticles within a collagenous matrix also showed a decrease
in UTS,[65] possibly due to influencing the dispersion of collagen
fibers, as it was shown that local collagen isotropy was increased
in regions of hydroxyapatite particles.[65] In the current study,
formedmicrocalcifications did not alter collagen alignment. This
could be due to the particles being smaller than 15 μm,while only
bigger particles up to 50 μm,whichwere present in the study with

hydroxyapatite particles, cause these changes in isotropy. The de-
crease in UTS might however still be due to the interplay with
collagen fibers, as hydroxyapatite crystal growth might create fis-
sures in the matrix.[66] In a study on the calcification on tendon
fascicle bundles it was shown that calcific deposits change the
tendon structure, by formingwithin the tendon fibers, modifying
the collagenmatrix and leading to damage and impairment of the
mechanical function.[67] In our samples, calcification might also
cause local defects within the collagenous matrix, consequently
creating regions more prone to rupture and lowering the UTS
and stiffness of the tissue, thus increasing the rupture risk of
TE constructs and atherosclerotic plaques. In order to validate
these findings, clinical ex vivo samples with similar cap com-
ponents to the TE samples could be imaged and mechanically
tested. To be able to further translate the results of this study to
the clinic, imaging modalities capable of detecting these small
calcifications in vivo are needed. 18F-sodium fluoride positron
emission tomography is able to non-invasively detect high risk
regions of microcalcifications which can be linked to unstable
plaques.[68] Additionally, Optical Coherence Tomography (OCT)
provides a high-resolution, invasive imaging modality able to as-
sess both microcalcifications and macrophages.[69] The detection
and characterization of microcalcifications could improve early
detection and risk-assessment to prevent acute cardiovascular
events.
Additionally, differences regarding the mechanical properties

of the tissues were linked to the matrix production and calcifying
potential of the cells. This correlation was based on the fact that
donor differences caused differences in the amount of calcifica-
tion and matrix production. The different donors could be visu-
alized in subgroups within the correlation, with a donor which
formed more calcification also decreasing stronger in UTS. It
was shown that an increase in calcification ratio within the tissue
was correlated to a decrease in UTS, while this relationship was
not significant for the amount of matrix in the tissue, suggesting
that the amount of microcalcifications could be a key player in
plaque rupture, which was not the case for matrix content. With
regard to the amount of calcification, it has been shown before
in computational models that an increase in particle clustering
can enhance the local tissue stress and thus the rupture potential
of atherosclerotic plaques.[17,11] Furthermore, in an experimen-
tal study by Cardoso, higher concentrations of micro-beads in a
silicone-based model showed a decrease in UTS,[70] further sup-
porting our data that an increase in calcified particles can increas-
ingly weaken the mechanical properties of the constructs. How-
ever, the calcification content could only partially explain the me-
chanical properties of the tissue. Other characteristics of the calci-
fications within the TE constructs could additionally play a role in
mechanics, such as the spacing between particles,[71] location[72]

and shape.[11,64] While previously collagen content was thought to
be one of the main determinants of plaque rupture, recent stud-
ies have shown that there is a poor correlation between collagen
content and the ultimate stress.[73] Other collagen characteristics,
such as fiber orientation,[73] crosslinking[74] and collagen type[75]

could further determine the mechanical behavior of plaques.[76]

Future studies with this model could focus on assessing the cor-
relation between microcalcification amount and tissue mechan-
ics more in depth, by specifically altering the amount of micro-
calcifications formed.
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Hysteresis loops obtained during cyclic loading of our TE-
constructs with and without calcifications provided data on the
mechanical characteristics of our model in relation to atheroscle-
rotic plaque tissue. It is known that soft biological tissues, such
as vessels, can be characterized by stress hysteresis and soften-
ing effect under cyclic loading.[77] This softening effect, which
is expressed as a decrease in the stress under load and has pre-
viously been seen in carotid atherosclerotic plaque samples,[78]

can also be seen in our tissues, where the maximum engineering
stress decreased after the first cycle of cyclic loading. This mate-
rial softening could be due to microstructural changes within the
collagenous matrix of the tissue or damage accumulation, lead-
ing to a reduction in ability to withstand stress.[79] As the max-
imum stress that was reached was lower for the calcified sam-
ples, this could indicate that the microcalcifications caused more
local microstructural changes, such as microcracks or weakened
bonds, to the collagenous matrix, causing a lower ability to with-
stand the stress. Additionally, the softening effect could also be
explained by poroviscoelastic effect induced by a changing ratio
between the solid and the fluid phase. However, this ratio was not
quantified, so no conclusive statements can be made about this
phenomenon. Biological tissues undergoing tissue softening are
also characterized by a decrease in hysteresis area.[77,80,81] This
effect was also seen in our tissues, especially in the first two cy-
cles, possibly due to rearrangement of the collagen fibers, after
which no further changes to the matrix are being made during
loading, causing the hysteresis area to stabilize during the rest
of the cyclic loading protocol. Additionally, the decrease in en-
ergy loss was significant for all cyclic loading protocols in control
samples, while this was not the case for calcified samples. This
reduced softening effect in calcified samples could be due to the
microdamage within these samples due to the calcifications pos-
sibly interfering with the collagen network. Further analysis of
the mechanical behavior of calcified and non-calcified samples
under cyclic loading could contribute to the understanding of the
materials properties of the atherosclerotic plaque cap in the dy-
namic environment of the cardiovascular system and serve as a
biomarker for plaque rupture risk assessment.
A limitation of this study is the relative simplicity of the created

samples when compared to the complexity of an atherosclerotic
plaque lesion. These atherosclerotic plaques consist of a lipid-rich
necrotic core, inflammatory cells such as macrophages and mul-
tiple other cell-types and phenotypes within the cap.[3] The cur-
rent model only includes one cell-type, which deposits the col-
lagenous matrix and microcalcifications. This simplicity makes
it possible to assess the effect of microcalcifications within a col-
lagenousmatrix on themechanical properties, while limiting the
possibility of bias due to other components. Future studies could
focus on further elaborating thismodel by creating a co-culture of
multiple cell types, including multiple SMC phenotypes, adding
a lipid-rich necrotic core ormacrophages and other inflammatory
cells to mimic the atherosclerotic plaque even further.[76] How-
ever, it should be kept inmind that through drastically increasing
the complexity, the model will become more variable, making it
more difficult to interpret results without over- or underempha-
sis of the components involved.
The established model could be used to further elucidate the

interplay between important components of the atherosclerotic
plaque with regard to tissue mechanics. Furthermore, cellular

interactions with their microenvironment, such as the collage-
nous matrix and deposited microcalcifications can be studied on
deeper gene expression level, as well as proteomics, mechanobi-
ology and matrix remodeling. Additionally, cellular mechanisms
involved in the differentiation from MSC to SMC and calcify-
ing SMC can be assessed, such as the presence and involvement
of calcifying extracellular vesicles.[82] The model could possibly
serve as a platform for drug screening to identify potential ther-
apeutic targets, such as anti-calcification agents, for stabilizing
vulnerable plaques.

4. Conclusion

In conclusion, the current study offers valuable insights into
the role of microcalcifications in the atherosclerotic plaque cap
and their impact on biomechanical stability. A tissue-engineered
model was created by differentiating MSCs to a SMC-like pheno-
type and inducing calcification afterward. By live imaging during
culture, the progression of microcalcification formation could be
characterized, and mechanical testing showed that the presence
of microcalcifications led to alterations in the mechanical proper-
ties, as evidenced by reduced ultimate stress and stiffness. These
findings underscore the importance of considering microcalcifi-
cations as critical contributors to plaque vulnerability and suggest
a potential target for therapeutic interventions aimed at mitigat-
ing cardiovascular events associated with plaque rupture.

5. Experimental Section
Preculture ofMSCs: Human bonemarrowMSCs (n= 5 donors in total,

see Table S1 (Supporting Information) for information on which donors
were used for which analysis) were isolated from leftover/waste iliac crest
bone chips obtained from paediatric patients undergoing alveolar bone
graft surgery (n = 4 male patients, age between 10 and 12). All samples
were harvested with consent for the use of surgical waste material with a
possibility for parental opt-out and approved by the Medical Ethics Re-
view Committee at the Erasmus MC Medical Ethical Committee(MEC-
2014-106). Cells were expanded in 𝛼MEM (Gibco, Thermo Fisher Sci-
entific, Breda, the Netherlands) containing 10% heat inactivated foetal
bovine serum (FBS, Sigma-Aldrich, St. Louis, USA), supplemented with 50
μg mL−1 gentamycin, 1.5 μg mL−1 fungizone, 25 μg mL−1 L-ascorbic acid
2- phosphate (Sigma–Aldrich, St. Louis, USA) and 1 ng mL−1 fibroblast
growth factor-2 (Instruchemie B.V., Delfzijl, The Netherlands) in a humid-
ified environment at 37 °C and 5% CO2. They were expanded until 80%
confluency after which they were passaged to passages 3 to 5 for experi-
mental set-ups.

Monolayer Cell Culture—MSC to SMC Differentiation: MSCs were
seeded at 2300 cells cm−2 in 6-wells plates and cultured in a variety of
culture media, based on previous literature,[36,37,40,83] to assess the op-
timal culture medium for SMC differentiation. Cells were cultured either
in 𝛼MEM (Gibco, Thermo Fisher Scientific, Breda, the Netherlands), high
glucose (HG) DMEM (Gibco, Thermo Fisher Scientific, Breda, the Nether-
lands) or DMEM (Gibco, Thermo Fisher Scientific, Breda, the Nether-
lands) with either 1% or 10% FBS (Sigma-Aldrich, St. Louis, USA), all
supplemented with 50 μg mL−1 gentamycin, 1.5 μg mL−1 fungizone, 25
μg mL−1 L-ascorbic acid 2- phosphate (Sigma-Aldrich, St. Louis, USA) and
5 ng/ml TGF-𝛽1. Cells were cultured for 6 days after which they were har-
vested for PCR analysis in a humidified environment at 37 °C and 5%CO2.

Monolayer Cell Culture—SMC Calcification: After the 6 day stimulation
with TGF-𝛽1, medium was changed toward a mineralizing medium, con-
sisting of HG DMEM (Gibco, Thermo Fisher Scientific, Breda, the Nether-
lands) containing 10% heat inactivated FBS (Sigma-Aldrich, St. Louis,
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USA), supplemented with 50 μg mL−1 gentamycin, 1.5 μg mL−1 fungi-
zone, 25 μg mL−1 L-ascorbic acid 2- phosphate (Sigma–Aldrich, St. Louis,
USA), 100nm dexamethasone (Sigma–Aldrich, St. Louis, USA) and 10 mm
𝛽-Glycerophosphate (BGP, Sigma-Aldrich, St. Louis, USA). Samples were
harvested after 15 additional days of culture (total culture period 24 days)
and used for histological analysis.

Tissue-Engineered Plaque Caps—Creation of TE Plaque Caps with
MSCs: TE plaques were created following the methodology described
previously.[84] To summarize, MSCs (1.5×106 cells mL−1) were seeded
in 1.5×1.5 cm-sized fibrin gels, a suspension of bovine fibrinogen (10
mgmL−1, Sigma F8630) and bovine thrombin (10 UmL−1, Sigma T4648),
cast between two Velcro strips (1.5 cm long). Samples were left to solidify
at 37 °C for 30 min, after which medium was added. After 1 h of culture,
part of the samples (n = 12) were harvested for qPCR analysis at baseline.

Tissue-Engineered Plaque Caps—MSC to SMC Differentiation and Cal-
cification: After seeding, the samples were cultured in a SMC differen-
tiation medium (chosen after monolayer experiments) for 14 days con-
sisting of 𝛼MEM (Gibco, Thermo Fisher Scientific, Breda, the Nether-
lands) containing 10% heat inactivated FBS (Sigma-Aldrich, St. Louis,
USA), supplemented with 50 μg mL−1 gentamycin, 1.5 μg mL−1 fungi-
zone, 50 μg mL−1 L-ascorbic acid 2- phosphate (Sigma–Aldrich, St. Louis,
USA) and 5 ng mL−1 TGF-𝛽1. For the first 7 days of culture, 𝜖-Amino
Caproic Acid (𝜖-ACA, 1 mg mL−1, Sigma) was added to prevent fibrin
break-down.[85] After this 14-day differentiation, a part of the samples (n
= 12) were harvested for qPCR analysis, while the other samples (n = 28
calcified and n = 18 control) were kept in culture for an additional 28 days.
The medium was changed from SMC differentiation to the mineralising
medium (same as in monolayer experiments). Control samples were cul-
tured in the same medium, without the supplementation of dexametha-
sone and 𝛽-Glycerophosphate.

Analysis—DNA Content: Samples (n = 4 control and n = 5 with TGF-
𝛽1) used for DNA determination were lyophilized, weighed to determine
the dry weight of the samples, and digested in a papain digestion buffer
(100 mm phosphate buffer (pH 6.5), 5 mm L-cysteine (C-1276), 5 mm
ethylene-di-amine-tetra-acetic acid (EDTA, ED2SS), and 140 µg mL−1 pa-
pain (P4762), all from Sigma-Aldrich. Each sample was mixed with 300 µL
of digestion buffer in a new Eppendorf tube and placed at 60 °C for 16
h for digestion. Digested samples were vortexed and centrifuged (12 000
rpm, 10min), and subsequently the DNA content was quantified using the
CyQUANT kit (Invitrogen C7026, Thermo Fisher, Waltham, USA), follow-
ing the manufacturer’s instructions. DNA content is represented relative
to dry weight of the samples.

Analysis—Hydroxyproline Assay: To quantify collagen content, the hy-
droxyproline (HYP) assay was performed (n = 4 control and n = 5 with
TGF-𝛽1). The digested samples were hydrolyzed using 16m sodium hy-
droxide. Subsequently, HYP content was quantified using the Chloramin-T
assay, including trans-4-hydroxyproline as a reference (Sigma, H5534).[86]

The HYP content was then normalized for the dry weight of the
samples.

Analysis—Calcium Uptake Assay: Mineralization was monitored dur-
ing culture by determining the calciumuptake from the culturemedium. At
eachmedium change (3 times per week) 200 μL of culture supernatant was
collected from the TE samples and stored at −20°C. The calcium concen-
tration was calculated using a standard curve of 0–3.0mM CaCl2 (Sigma–
Aldrich, St. Louis, USA) in calcium-free DMEM (Thermo Fisher, Waltham,
USA). 10 μL of sample was mixed with 100 μL of a calcium reagent (1
+ 1 mix of 1 m ethanolamine pH 10.5 and 0.35 mm o-cresolphthalein
complexone, 19.8 mM 8-hydroxyquinoline and 0.6 M hydrochloric acid,
all from Sigma-Aldrich, St. Louis, Missouri, USA). The optical density was
measured with the VersaMax spectrophotometer (Molecular Devices, San
Jose, California, USA) at a wavelength of 570 nm. The cumulative calcium
uptake by the TE-constructs was calculated by subtracting baseline val-
ues, wells with empty medium, and correcting for the amount of medium
added per well.

Analysis—Gene Expression Analysis: The monoculture MSCs were
harvested on day 6 (after SMC differentiation), lysed by the addition
of 500 μl of RLT lysis buffer (Qiagen) with 1:10 𝛽-mercaptoethanol and
stored at −80°C. For TE plaque caps the sample was first disrupted

using a tissue dismembrator (mikro-dismembrator S, B. Braun BioTech
International, Melsungen, Germany). In short, tissues were frozen in
liquid nitrogen and added to a frozen chamber with a metal ball. The
chamber was secured in the tissue dismembrator and disrupted at 2800
rpm for 1 min. Afterward RNA STAT-60 (Gentaur) was added, the samples
defrosted and the lysate mixed with chloroform in a 1:5 ratio to the
lysate. After centrifuging at 8,000g a 3-phase solution was created and
the aqueous phase was transferred to a new tube. For RNA isolation
of both the monolayer as the TE samples, the lysed cell mixture was
mixed with an equal volume of 70% v/v ethanol and loaded into the
Epoch Life Science Mini Spin columns (#1940-250, Epoch Life Science).
Isolation was performed according to the manufacturers’ protocol, and
RNA was quantified using a fluorometer (DSS-100 Series, DeNovix,
Wilmington, USA). Afterward, cDNA isolation was performed according
to instructions of the manufacturer of the RevertAid First Strand cDNA
Kit (Thermo Fisher Scientific, Waltham, Massachusetts, USA). Gene
expression was performed by qPCR analysis using either the qPCR
Mastermix (TaqMan Universal PCR Mastermix (Thermo Fisher Scientific,
Waltham, Massachusetts, USA)), or the qPCR Mastermix Plus for SYBR
Green (EUrogentec, Seraing, Belgium). Signal was measured using the
Bio-Rad CFX96 Real-Time PCR Detection system (Bio-Rad, Hercules,
California, USA). The primers used for analysis were 𝛼SMA (forward:
5’-CGTGTTGCCCCTGAAGAGCAT-3’, reverse: 5’-ACCGCCTGGATAGCCA-
CATACA-3’), Calponin (forward: 5’-TTGAGGCCAACGACCTGTTT-3’,
reverse: 5’-TTTCCGCTCCTGCTTCTCTG-3’), Myosin Heavy Chain 11
(MYH11) (forward: 5’GTCCAGGAGATGAGGCAGAAAC-3’, reverse:
5’-GTCTGCGTTCTCTTTCTCCAGC-3’), COL 1 (forward: 5’-CAGCCG-
CTTCACCTACAGC-3’, reverse: 5’-TTTTGTATTCAATCACTGTCTTGCC-3’),
ALPL (forward: 5’-GACCCTTGACCCCCACAAT-3’, reverse: 5’-GCTCG-
TACTGCATGTCCCCT-3’), RUNX2 (forward: 5’-ACGTCCCCGTCCATCCA-
3’, reverse: 5’-TGGCAGTGTCATCATCTGAAATG-3’), and Msx2 (forward:
5’-CGGAAAATTCAGAAGATGGAGCG-3’, reverse: 5’- CGGCTTCCGATT-
GGTCTTGTGT-3’). The best housekeeper Index (BKI) was calculated
from expression of two genes, being Ubiquitin C (UBC) (forward: 5’-
ATTTGGGTCGCGGTTCTTG-3’, reverse: 5’- TGCCTTGACATTCTCGGAT-
GGT-3’) and Beta-2-Microglobulin (B2M) (forward: 5’- TGCTCGC-
GCTACTCTCTCTTT-3’, reverse: 5’- TCTGCTGGATGACGTGAGTAAAC-3’).
Subsequently, gene expression was calculated relative to the BKI, making
use of the ΔΔCt method where Gene Expression = 2−ΔCq and ΔCq =
CqSample—CqBKI.

Analysis—Imaging of TE Plaque Caps: After the culture period, the TE
samples (n = 5 at week 2, n = 9 calcified at week 5, n = 16 calcified at
week 6, n = 5 control at week 6) were rinsed with phosphate buffered
saline (PBS, Gibco, Thermo Fisher Scientific, Waltham, USA). The sam-
ples which were calcified were incubated with a hydroxyapatite-targeting
probe (IVISense Osteo 680 Fluorescent Probe, Osteosense, PerkinElmer),
diluted 1:200 in PBS at 4°C for 48 h. Additionally, 2 control samples were
incubated with this probe, to verify no calcifications formed in control
samples. Following incubation, samples were rinsed with PBS, and were
pinned to a silicone-filled (Sylgard 184, VWR, Germany) petri-dish with
sterile surgical needles (Sterican, B. Braun Medical BV, Oss, The Nether-
lands). PBS was added to fully submerge the sample. A multiphoton mi-
croscope (TCS SP5 Confocal, Leica, Germany) with a Chameleon Ultra
multiphoton laser (710–1040nm) (Coherent, USA) was used to visualize
collagen architecture and microcalcifications. First, a bright-field tile scan
of the sample was made. Next, second harmonic generation (SHG) us-
ing two-photon microscopy (excitation of 880nm) was employed to im-
age collagen fibers in combination with confocal microscopy of the calci-
fied particles (excitation of 680 nm). Z-stacks (tile size 739×739μm, step
size 3 μm, pixel size 1.4 μm x 1.4 μm) to a depth of ≈200 μm were col-
lected in various areas of the TE-constructs. For further data analysis, the
maximum intensity projection (MIP) was obtained and analyzed using the
Fiblab software[87] to extract the dispersion (𝜅) of the fibers, as a measure
of the (an)isotropy in various regions of the engineered tissues.

Mechanical Characterization: Uniaxial Tensile Testing: Uniaxial tensile
tests were performed after SHG imaging to assess the effect of calcifica-
tion on TE caps’ mechanical properties (n= 16 control samples and n= 17
calcified samples). Before testing, samples were rinsed in PBS and imaged
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with a high frequency, high spatial resolution ultrasound system (VEVO
3100, FUJIFILM VisualSonics, Canada) using a linear transducer (MX550)
to assess the dimensions of the sample. For uniaxial tensile testing, a
custom-designed set-up[88,89] equipped with a 20N load cell (LCMFD-
20N, Omega Engineering, USA) was used. The samples were placed in
the uniaxial tensile tester using the Velcro constraints, and the tests were
performed while the samples were submerged in PBS at 37 °C. A pre-load
of 0.05 N was applied to remove tissue slack after which the cyclic loading
protocol was started. Cyclic loading was performed at 3%, 4.5%, and 6%
strain with 10 loading cycles per strain condition. Strain values for cyclic
loading were selected after pilot experiments to assess average maximum
strain in the tissues. Afterward, the final uniaxial tensile stretching cycle
until complete rupture was performed at a strain rate of 200%/min.

From the cyclic loading data hysteresis loops were obtained. The maxi-
mum stress at each cycle was calculated as well as the energy dissipation
from the area between the loading and unloading curves as a percentage
of the loading energy. The engineering stress-strain behavior of the sam-
ples for the final uniaxial tensile stretch cycle was calculated, and ultimate
tensile stress and strain, and the tangential modulus at 5% strain, were
assessed.[90,91] Cross-sectional area measurements from the ultrasound
scans were used for stress calculations and gauge length for the strain
measurements. For the ultimate tensile stress, the calcified samples were
normalized to control samples within the same donor to obtain the per-
centual change.

Histological Analysis: 6 μm thick cryosections, cut in the z-direction
(i.e. the depth of the samples), were analyzed to evaluate global collagen
matrix and the formation of microcalcifications throughout the samples.
Global matrix features could be assessed using a hematoxylin & Eosin
(H&E) staining, while microcalcifications were stained with von Kossa and
the collagenous matrix was analyzed with Picrosirius Red. For the H&E
staining, samples were first stained in hematoxylin for 5 min. Afterward
they were washed in tap water and stained in eosin for 45 s and dehy-
drated. For the von Kossa staining, the sections were stained in a silver
nitrate solution for 30 min, rinsed in Milli-Q, counterstained with Nuclear
Fast Red and dehydrated. For the Picrosirius Red staining, the samples
were staining in Picrosirius Red solution for 60 min, after which they were
washed in acetic acid and dehydrated in a series of ethanol. Stained sec-
tions were embedded in enthalan and imaged with brightfield microscopy
(Olympus BX50).

Orbit Image Analysis software was used to classify the von Kossa stain-
ing for the ratio of calcification to the voids within the tissue and for the
ratio of matrix to voids in Picrosirius Red stained sections.[92] For each
classification model, two images per donor with six regions per image
(n = 36 regions in total) were used to define the training set with the goal
of covering the entire variability of the tissue structures and donors. Re-
gions were manually drawn to select regions of either calcification parti-
cles, matrix, cell nuclei or voids. The trained model was then used to clas-
sify these components in the total data set (n = 3 donors, n = 3 samples
per donor). Data was further analyzed and correlated to the stiffness and
ultimate stress values obtained from mechanical tensile testing.

Immunohistochemistry: 6 μm thick cryosections were fixed in acetone
and blocked and permeabilized using 3% Normal Goat Serum (NGS,
Southern Biotech, Birmingham, USA), 1% Bovine Serum Albumin (BSA,
Thermo Fisher, Waltham, USA), 0.5% Triton-X-100, 0.5% Tween in PBS
for 2h at room temperature. Pre-incubation was done with 10% NGS in
PBS/1% BSA for 30 min. Sections were incubated with anti-Smooth Mus-
cle Actin 𝛼 (𝛼SMA, Sigma, #A2547, 0.37μg mL−1 in PBS/1% BSA) for 1h
at room temperature. The sections were then incubated with 1:50 biotiny-
lated goat-anti-mouse antibody (Biogenex, Fremont, USA) for 30 min, fol-
lowed by incubation with 1:50 streptavidin-AP (Biogenex, Fremont, USA).
Staining was revealed by incubation with Neu Fuchsin substrate (Chroma,
1g/25mL 2m HCl) and sections were mounted with mounting solution
(VectaMount, Vector Laboratories, Newark, USA). Afterward the sections
were visualized with brightfield microscopy (Olympus BX50).

Statistical Analysis: Statistical analyses were performed using Prism
(GraphPad, La Jolla, CA, USA). A Shapiro-Wilk test was performed for nor-
mality. For the pre-processing of the data, samples were tested for normal-
ity. In case of proven normality and the comparison of two experimental

groups with only 1 donor, an unpaired T-test was performed, and a non-
parametric Mann-Whitney U test otherwise. For all multiple comparisons,
a mixed effects model with Bonferroni correction was used. The different
conditions (control vs. calcified samples) were considered as a fixed pa-
rameter and the donor as a random factor. By incorporating the donor
as a random effect, potential confounding influences of between-donor
variability was accounted for. Replicates in this study refer to individual
tissues and were treated as independent observations. Only one sample
per tissue-engineered construct was assessed. For the analysis of quanti-
fied histological data in relation to the mechanical parameters, a linear re-
gression model was performed and R2 values and p-values were obtained.
Differences were considered statistically significant for p values< 0.05 (vi-
sualized as *p < 0.05; **p < 0.01; ***p < 0.001; ****p < 0.0001). Data is
presented as mean ± SD. The amount of samples per statistical analysis
are mentioned in the figure legend of each test.
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gical waste material with a possibility for parental opt-out and approved by
the Medical Ethics Review Committee at the Erasmus MC Medical Ethical
Committee (MEC-2014-106).

Supporting Information
Supporting Information is available from the Wiley Online Library or from
the author.

Acknowledgements
E.F. and K.V.D.H. contributed equally to this work. This work was funded
by an NWO-Vidi Grant (No. 18360).

Conflict of Interest
The authors declare no conflict of interest.

Data Availability Statement
The data that support the findings of this study are available from the cor-
responding author upon reasonable request.

Keywords
atherosclerosis, cardiovascular system, cell cultures, mechanical testing,
multiphoton microscopy, tissue engineering

Received: February 5, 2025
Revised: June 13, 2025

Published online:

[1] H. E. Barrett, K. Van der Heiden, E. Farrell, F. J. H. Gijsen, A. C.
Akyildiz, J. Biomech. 2019, 87, 1.

[2] W. Herrington, B. Lacey, P. Sherliker, J. Armitage, S. Lewington, Circ.
Res. 2016, 118, 535.

[3] P. Libby, J. E. Buring, L. Badimon, G. K. Hansson, J. Deanfield, M. S.
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