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Research review paper 
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A B S T R A C T   

Flavoprotein monooxygenases (FPMOs) are single- or two-component enzymes that catalyze a diverse set of 
chemo-, regio- and enantioselective oxyfunctionalization reactions. In this review, we describe how FPMOs have 
evolved from model enzymes in mechanistic flavoprotein research to biotechnologically relevant catalysts that 
can be applied for the sustainable production of valuable chemicals. After a historical account of the develop-
ment of the FPMO field, we explain the FPMO classification system, which is primarily based on protein 
structural properties and electron donor specificities. We then summarize the most appealing reactions catalyzed 
by each group with a focus on the different types of oxygenation chemistries. Wherever relevant, we report 
engineering strategies that have been used to improve the robustness and applicability of FPMOs.   

1. Introduction 

Flavoprotein monooxygenases (FPMOs) are involved in a variety of 
biological processes ranging from lignin degradation to the biosynthesis 
of natural products and detoxification of xenobiotic compounds 
(Huijbers et al., 2014). FPMOs are redox enzymes that use a flavin 
mononucleotide (FMN) or flavin adenine dinucleotide (FAD) cofactor to 
activate dioxygen (O2) (Massey, 1994; Romero et al., 2018). They 
catalyze the incorporation of one atom of O2 into a substrate and the 
reduction of the other oxygen atom to water. O2 activation by FPMOs 
typically proceeds through covalent adduct formation between the two- 
electron reduced flavin cofactor and the O2 molecule. Most FPMOs thus 
(transiently) stabilize the canonical flavin C4a-(hydro)peroxide 
oxygenation species, which can in turn, depending on its protonation 
state, perform a nucleophilic or electrophilic attack on the substrate 
(Fig. 1a) (Massey, 1994). Recent studies have indicated that in certain 
FPMOs, O2 activation involves an adduct formation via the flavin N5 
(Fig. 1b), and that this mode of activation might be more general than 
previously anticipated (Beaupre and Moran, 2020; Matthews et al., 
2020). 

NMR studies have indicated that the N1 of the isoalloxazine ring of 

the reduced flavin in most flavoenzymes has a lower pKa than that of 
free reduced FMN (pKa = 6.7) (Müller, 2014). Therefore, it can be 
assumed that for FPMOs (usually having pH optima around 8), the N1 of 
the reduced flavin is anionic. Thus, for simplicity, we have drawn the 
anionic reduced flavin in all figures. 

Table 1 presents an overview of milestones in the FPMO field. The 
first purified FPMO, lactate 2-monooxygenase (LaMO; EC 1.13.12.4), 
was reported in 1954 (Sutton, 1954, 1955, 1957). In the following de-
cades, newly discovered FPMOs were mainly studied for their role in the 
biodegradation of natural and xenobiotic compounds (Harwood and 
Parales, 1996; Ziegler, 1988) and for their mode of oxygen activation 
(Massey, 1994; Müller, 1985, 1987). Thanks to the colorful absorbance 
and fluorescence properties of the flavin cofactor and the fact that the 
reductive and oxidative half-reactions of FPMOs can be separately 
monitored in the absence or presence of O2, the kinetic properties and 
catalytic mechanisms of these redox enzymes can be conveniently 
studied by stopped-flow spectroscopic techniques. This resulted in 1976 
in a detailed description of the catalytic cycle of 4-hydroxybenzoate 3- 
hydroxylase from Pseudomonas fluorescens (PHBH; EC 1.14.13.2; Fig. 4) 
(Entsch et al., 1976). 

PHBH also became the first FPMO for which a crystal structure was 
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elucidated (Fig. 2) (Wierenga et al., 1979). Intriguingly, completion of 
the primary structure determination of PHBH via Edman degradation 
took another three years (Weijer et al., 1983; Weijer et al., 1982). In 
1990, about 30 FPMOs had been isolated and (partially) characterized 
(van Berkel and Müller, 1991), whereas high-resolution crystal struc-
tures of wild-type enzyme (Schreuder et al., 1989) and an engineered 
variant (Eschrich et al., 1990) were only available for PHBH. Most of the 
FPMOs known at that time had a narrow substrate scope, and relatively 
little attention was paid to their synthetic potential. The first FPMO with 
exquisite versatility in terms of type of reaction, substrate scope and 
attractive regiochemistry was reported in 1985 (Branchaud and Walsh, 
1985; Taschner and Black, 1988; Walsh and Chen, 1988). This Baeyer- 
Villiger monooxygenase (BVMO), i.e. cyclohexanone monooxygenase 
from Acinetobacter sp. NCIMB 9871 (CHMO; EC 1.14.13.22), had already 
been purified in 1976 (Donoghue et al., 1976), but it took 33 years 
before the first crystal structure of a CHMO, i.e. CHMO from Rhodo-
coccus sp. strain HI-31, became available (Mirza et al., 2009). 

Around the turn of the century, the interest in the application of 
FPMOs for the production of valuable chemicals was boosted by the 
developments in recombinant DNA technology and the accompanying 
improvements in enzyme production, enzyme purification and enzyme 
engineering. As a result, several new FPMOs were discovered and 
analyzed for their biochemical, structural and biocatalytic properties 
(Fraaije and van Berkel, 2006). This allowed for a first classification of 
FPMOs based on the properties of 65 different enzymes (van Berkel 
et al., 2006). In 2014, the number of characterized FPMOs had doubled 
again, and more than 130 different enzymes could be distributed into 
eight groups (Huijbers et al., 2014). In the past few years, many new 
FPMOs have been discovered, especially in the context of the biosyn-
thesis of natural products (Tang et al., 2017; Walsh and Wencewicz, 
2013) and unearthing new oxidative biocatalysts for applications in the 
pharmaceutical industry (Fürst et al., 2019c). Currently, the FPMO 
family comprises approximately 300 enzymes for which the physiolog-
ical function is known. For several other members, discovered by 
genome mining, the biological function remains unclear. Nevertheless, 
many of them have been crystallized, which raises the number of solved 
FPMO structures far over one hundred. The search for new FPMOs has 
also contributed to new insights in the mode of action of FPMOs. 
Detailed information about mechanistic features of FPMOs can be found 
in recent reviews (Adak and Begley, 2017a; Beaupre and Moran, 2020; 
Chenprakhon et al., 2019; Fürst et al., 2019b; Gassner, 2019; Piano 

et al., 2017; Robbins and Ellis, 2019; Romero et al., 2018; Saleem- 
Batcha et al., 2018; Tolmie et al., 2019; Toplak et al., 2021). Here we 
focus on the classification of FPMOs and the biotechnological most 
appealing reactions within each group. 

2. FPMO classification 

The first classification of FPMOs was published in 2006 (van Berkel 
et al., 2006). Based on distinct structural and functional properties, 
FPMOs were divided into six groups including single-component en-
zymes that use nicotinamide adenine (phosphorylated) dinucleotide 
NAD(P)H as external electron donor (group A and B) and two- 
component enzymes that use a flavin reductase for electron supply 
(group C to F, Table 2). In 2014, group G and H were added, which 
comprise self-sufficient (‘internal’) FPMOs, that do not need an external 
electron donor (Table 2) (Huijbers et al., 2014). 

Group A FPMOs act mainly as aromatic hydroxylases. They contain a 
Rossmann-like three-layer ββα sandwich domain for binding the FAD 
cofactor (CATH code 3.50.50.60) and a β-strand rich substrate domain 
(CATH code 3.30.9.10, Fig. 2). Group A members display flavin mobility 
(Entsch and van Berkel, 1995), bind the NAD(P)H coenzyme in a groove 
at the protein surface (Westphal et al., 2018), and can be distinguished 
from other FAD-dependent FPMOs by their conserved FAD-NAD(P)H 
binding motif (DG fingerprint) (Eppink et al., 1997). Another distinct 
feature of group A FPMOs is the effector role of the substrate, which 
stimulates flavin reduction and NAD(P)+ release (Ballou and Entsch, 
2013). 

Group B FPMOs represent mainly Baeyer-Villiger monooxygenases 
(Type I BVMOs) and heteroatom oxygenases. These enzymes also 
contain a Rossmann-like three-layer ββα sandwich domain for FAD 
binding, but do not contain a specific substrate domain (Fig. 2). They 
bind the substrate after flavin reduction and NAD(P)+ remains bound 
during substrate oxidation (Ballou and Entsch, 2013; Romero et al., 
2018). In order to do so, group B enzymes contain a separate three-layer 
ββα sandwich domain for binding the pyridine nucleotide (Fig. 2) 
(Alfieri et al., 2008; Malito et al., 2004). 

Group C to F FPMOs act in concert with a flavin reductase. They 
usually bind the reduced flavin much stronger than oxidized flavin. 
Flavin transfer from the reductase to the monooxygenase may require a 
certain interaction between the protein partners, but generally occurs 
through free diffusion (Sucharitakul et al., 2014). 

Fig. 1. Covalent flavin-oxygen adducts of FPMOs. a) Reaction of reduced flavin (Flred) and O2 leads to flavin C4a-(hydro)peroxide (FlOO(H)), which reacts with a 
substrate (S) to form product (SOH) and flavin C4a-hydroxide (FlOH). FlOH decays, upon release of water, to oxidized flavin (Flox). b) Reaction of Flred and O2 leads to 
flavin N5-peroxide (FlN5OO), which reacts with the substrate to form product SOH and flavin N5-oxide (FlN5O). 
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Group C FPMOs catalyze different types of oxygenation reactions. 
They share a luciferase-like TIM-barrel fold for binding FMNH2 (Fig. 2) 
(Ellis, 2010). This group contains inter alia pyrimidine monooxygenase 
(RutA; EC 1.14.99.46 (Adak and Begley, 2017b)), dibenzothiophene 
sulfone monooxygenase (DszA (Adak and Begley, 2016; Mohamed et al., 

2015)) and hexachlorobenzene monooxygenase (HcbA1 (Adak and 
Begley, 2019b)), which have been proposed to form a flavin N5-(per) 
oxide intermediate (Adak and Begley, 2019a; Matthews et al., 2020). 

Group D FPMOs also catalyze a motley collection of oxygenation 
reactions. They either accept FMNH2 or FADH2 or both, and have an 

Table 1 
Milestones in FPMO research. 

Milestones in FPMO research.
Year Milestone Reference
1954 First purified internal FPMO (LaMO) (Su�on, 1954, 1955)
1961 First two-component FPMO (2,5-DKCMO) (Conrad et al., 1961)
1965 First purified external FPMO (SalH) (Yamamoto et al., 1965)
1972 Purifica�on of pig liver FMO (Ziegler and Mitchell, 1972)
1972 First purified FAD-requiring epoxidase (SQLE) (Tai and Bloch, 1972)
1976 First purified type I BVMO (CHMO) (Donoghue et al., 1976)
1976 Cataly�c mechanism PHBH (Entsch et al., 1976)
1979 First (par�al) purifica�on of NMO (Parniak et al., 1979)
1979 First FPMO 3D-structure (PHBH) (Wierenga et al., 1979)
1981 Cataly�c mechanism pig liver FMO (Beaty and Ballou, 1981a, b)
1982 Cataly�c mechanism CHMO (Ryerson et al., 1982)
1982 First FPMO amino acid sequence (PHBH) (Weijer et al., 1982)
1984 Oxygen-flavin chemistry (Bruice, 1984)
1985 First versa�le FPMO biocatalyst (CHMO) (Branchaud and Walsh, 1985)
1986 NMR evidence flavin-C4a-peroxide (LUX) (Vervoort et al., 1986)
1988 First FPMO DNA sequence (CHMO) (Chen et al., 1988)
1990 First 3D-structure of a recombinant FPMO (PHBH) (Eschrich et al., 1990)
1994 Flavin mobility (PHBH) (Schreuder et al., 1994)
1995 First 3D-structure of a two-component FPMO (LUX) (Fisher et al., 1995)
1996 First purified enan�ocomplementary FPMOs (2,5-DKCMO and 3,6-DKCMO) (McGhie and Li�lechild, 1996)
1997 Flavoprotein hydroxylase sequence mo�f (Eppink et al., 1997)
1998 First crystalliza�on type II BVMO (3,6-DKCMO) (McGhie et al., 1998)
2000 First flavin-dependent halogenase (PrnA) (Keller et al., 2000)
2001 First gram scale biocataly�c produc�on of chiral styrene oxides (SMO) (Schmid et al., 2001)
2002 Pilot scale biocataly�c produc�on of chiral styrene oxide (SMO) (Panke et al., 2002)
2002 BVMO sequence mo�f (Fraaije et al., 2002)
2004 First 3D-structure of a type I BVMO (PAMO) (Malito et al., 2004)
2005 First 3D-structure of a flavin-dependent halogenase (PrnA) (Dong et al., 2005)
2005 First kilogram scale asymmetric Baeyer-Villiger oxida�on (CHMO) (Hilker et al., 2005)
2006 First classifica�on FPMOs (groups A-F) (van Berkel et al., 2006)
2007 Genome mining FPMOs (SMO-A) (van Hellemond et al., 2007)
2007 First 3D-structure of a group D FPMO (C2-HpaH) (Alfieri et al., 2007)
2008 First 3D-structure of an internal FPMO (PAO) (Ida et al., 2008)
2008 Cataly�c mechanism of group D FPMO (C2-HpaH) (Sucharitakul et al., 2008)
2009 Oxygen diffusion (C2-HpaH) (Baron et al., 2009)
2009 First self-sufficient SMO (StyA2B) (Tischler et al., 2009)
2010 First 3D-structure of a group E FPMO (SMO-A) (Ukaegbu et al., 2010)
2010 Flavin radical mechanism of NiMO (Gadda and Francis, 2010)
2011 Enzyma�c synthesis of esomeprazole (CHMO) (Bong et al., 2011)
2012 FPMO-mediated oxida�ve dearoma�za�on (TropB) (Davison et al., 2012)
2013 Flavin N5-oxide (EncM) (Teufel et al., 2013)
2014 Classifica�on of FPMOs group A-H (Huijbers et al., 2014)
2014 First 3D-structure of a group H FPMO (NiMO) (Salvi et al., 2014)
2015 First 3D-structure of a type II BVMO (3,6-DKCMO) (Isupov et al., 2015)
2015 First gram scale halogena�on (RebH) (Frese and Sewald, 2015)
2016 FPMO evolu�on (Masco� et al., 2016)
2017 First kilogram scale chiral sulfoxide drug intermediate (BVMO) (Goundry et al., 2017)
2017 Total synthesis bisorbicillinoid natural products (SorbC) (Sib and Gulder, 2017)
2018 First 3D-structure insect FMO (ZvPNO) (Kubitza et al., 2018)
2019 First whole-cell gram scale oxida�ve dearoma�za�on of phenols (TropB) (Baker Dockrey et al., 2019)
2020 Flavin N5-peroxide (RutA) (Ma�hews et al., 2020)
2020 First 3D-structures of human FMOs (Nicoll et al., 2020)
2020 First 3D-structure of a plant FPMO (AsFMO) (Valen�no et al., 2020)
Milestones are colored according to enzyme discoveries (orange), mechanis�c progress (white), protein structure 
determina�ons (blue), and biocataly�c developments (yellow).

Milestone references not cited in text: Alfieri et al., 2007; Baron et al., 2009; Beaty and Ballou, 1981a; Beaty and Ballou, 1981b; 
Bruice, 1984; Chen et al., 1988; Fraaije et al., 2002; Goundry et al., 2017; Hilker et al., 2005; Parniak et al., 1979; Schreuder 
et al., 1994; Sucharitakul et al., 2008; van Hellemond et al., 2007; Vervoort et al., 1986 
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Fig. 2. Crystal structures of FPMOs group A to H. 
External FPMOs (A and B), two-component FPMOs (C 
to F), internal FPMOs (G and H). Protein Data Bank 
(PDB) number used in brackets. (A) 4-hydroxyben-
zoate 3-hydroxylase (PHBH; 1pbe); (B) phenyl-
acetone monooxygenase (PAMO; 2ym2); (C) bacterial 
luciferase (1luc); (D) 4-hydroxyphenylacetate 3-hy-
droxylase (HpaB; 2jbt); (E) styrene monooxygenase 
(StyA; 3ihm); (F) tryptophan 7-halogenase (PrnA; 
2aqj); (G) tryptophan 2-monooxygenase (4iv9); (H) 
nitronate monooxygenase (NiMO; 6bka). FAD binding 
domains are colored yellow-orange, TIM-barrel-con-
taining proteins in blue with β-strands of the TIM- 
barrel in purple, acyl-CoA dehydrogenase domain in 
green, substrate binding domains in dark pink, FAD/ 
FMN in yellow and (co-)substrates in grey-blue.(For 
interpretation of the references to color in this 
figure legend, the reader is referred to the web 
version of this article.)   

Table 2 
Classification of FPMOs. 

Groups are colored based on the CATH (Class, Architecture, Topology and Homologous superfamily) classification of their 
flavin binding domain (Mascotti et al., 2016) (cf. Fig 2). 

C.E. Paul et al.                                                                                                                                                                                                                                  



Biotechnology Advances xxx (xxxx) xxx

5

acyl-CoA dehydrogenase fold (Fig. 2) (Chenprakhon et al., 2019). 
Group E and F FPMOs comprise epoxidases and halogenases, 

respectively (Heine et al., 2018). They resemble group A members in 
having a three-layer ββα sandwich domain (Fig. 2), but differ in their C- 
terminal sequences (Mascotti et al., 2016; Montersino et al., 2011). 

Group G and H FPMOs are single-component enzymes that reduce 
the flavin cofactor through substrate oxidation. They mainly catalyze 
oxidative deamination and oxidative decarboxylation reactions. Group 
G enzymes contain in addition to a three-layer ββα sandwich domain a 
monoamine oxidase like domain (CATH 3.90.660.10) and a C-terminal 
α-helix domain (Fig. 2). Group H enzymes on the other hand contain a 
type I aldolase-like TIM-barrel domain for binding FMN (Fig. 2) 
(Huijbers et al., 2014). 

The flavin N5-oxide stabilizing enterocin biosynthesis mono-
oxygenase (EncM) is a new type of FPMO. EncM contains a VAO/PCMH 
fold (Ewing et al., 2017) and binds its FAD cofactor in a covalent mode 
(Teufel et al., 2013). EncM, not further discussed here, represents an 
“inverted internal FPMO” since it catalyzes oxygenation first (enabled 
by the stable N5-oxide) before substrate dehydrogenation takes place 
(Teufel et al., 2015; Toplak et al., 2021). 

3. FPMO-catalyzed reactions 

FPMOs catalyze a remarkable diverse set of chemo-selective 
oxygenation reactions. Groups A to D show a high diversity in oxygen-
ation chemistries, whereas groups E to H are far more specific in the type 
of reactions they catalyze (Fig. 3). Interestingly, it is only in a few cases 
that a certain type of oxygenation reaction is linked to a specific fold. 

3.1. Group A reactions 

Group A constitutes the largest group of the FPMO family. Up to now, 

approximately 90 members have been (partially) characterized. Most of 
them catalyze the monooxygenation of an electron-rich aromatic sub-
strate using the flavin C4a-hydroperoxide as electrophile (Fig. 1, Fig. 4). 
Depending on the enzyme, a proton or another leaving group is then 
abstracted from the aromatic ring resulting in a hydroxylated aromatic 
compound in which the hydroxy group either replaces another func-
tional moiety (ipso-substitution) or is newly introduced (hydroxylation, 
Fig. 4a). Alternatively, a quinol can be formed if the hydroxylation takes 
place at an alkylated carbon atom in ortho-position to another hydroxy 
group (dearomatization, Fig. 4b). Furthermore, a subgroup of group A 
enzymes catalyzes epoxidation reactions (vide infra, Fig. 4e). 

Many group A enzymes catalyze the regioselective hydroxylation of 
activated aromatic compounds, including among others anilines, ben-
zoquinones, indoles, phenazines, phenols, phytoalexins and polyketides 
(Fig. 4). Each enzyme accepts a limited number of substrates and cata-
lyzes either a para- or ortho-hydroxylation reaction. This leads to the 
interesting observation that certain group A enzymes react with the 
same substrate but form a different product, such as 3-hydroxybenzoate 
4-hydroxylase (3HB4H; EC 1.14.13.23 (Hiromoto et al., 2006)) and 3- 
hydroxybenzoate 6-hydroxylase (3HB6H; EC 1.14.13.24 (Montersino 
et al., 2013)). A unique situation is observed in ubiquinone biosynthesis. 
Here, multiple proteobacterial group A enzymes with various regiose-
lectivities (UbiF, UbiH, UbiI; EC 1.14.13.240, UbiL and UbiM) have 
evolved to catalyze three contiguous hydroxylation reactions (Pelosi 
et al., 2016). Being omnipresent in microbial degradation pathways 
(Nakamoto et al., 2019; Yu et al., 2018), group A hydroxylases convert a 
wide variety of monocyclic aromatic compounds. In contrast, during the 
biosynthesis of complex natural products like fungal alkaloids, group A 
enzymes tend to convert large substrates like polyketides with a 
remarkable regioselectivity (Fig. 4e-f). 

Fig. 4 shows the catalytic cycle of PHBH, the prototype of group A, 
and a simplified scheme of its oxygenation mechanism (Entsch and van 

Fig. 3. Schematic representation of reactions catalyzed by FPMOs, ordered by the underlying reaction type mechanism. Enzyme groups A to H are framed according 
to the color of their flavin-binding domain (cf. Table 2 and Fig. 2). 
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Berkel, 1995). PHBH from Pseudomonas fluorescens is one of the few 
group A enzymes that does not produce hydrogen peroxide as by- 
product. This shunt pathway (Fig. 4) occurs when the flavin C4a- 
hydroperoxide intermediate is not sufficiently stabilized. Deprotona-
tion of 4-hydroxybenzoate to its dianionic form is necessary for flavin 
reduction and efficient substrate hydroxylation, and is facilitated by an 
extended hydrogen bond network that runs from the substrate binding 
pocket to the protein surface (Palfey et al., 1999). 

As noted above, certain group A enzymes can catalyze sequential 
hydroxylation reactions. Early mutagenesis studies of PHBH established 
that in contrast to wild-type enzyme, the active site variant Y385F 
stimulates the further hydroxylation of the aromatic product 3,4-dihy-
droxybenzoate (protocatechuate) to 3,4,5-trihydroxybenzoate (gallic 
acid) (Entsch and van Berkel, 1995). For the alternative substrate 
tetrafluoro-4-hydroxybenzoate, it could be demonstrated that Y385F 
generates, besides 2,6-difluoro-3,4,5-trihydroxybenzoate, significant 

Fig. 4. Catalytic cycle of group A FPMOs. Top: The oxygenation reaction proposed for PHBH from Pseudomonas fluorescens is depicted. The side reaction of hydrogen 
peroxide formation was not observed for PHBH but is common for other group A members. Bottom: Overview of the substrate scope of group A enzymes. a) Hy-
droxylation of substituted phenolic compounds to substituted catechols by HbpA from Pseudomonas azelaica HBP1; b) Oxidative dearomatization of substituted 
phenols to cyclic chiral dienones by TropB from Talaromyces stipitatus; c) Hydroxylation of 3-aminobenzoate to 5-amino-2-hydroxybenzoate by Mab3 from Como-
monas testosterone; d) Oxidative decarboxylation of 6-hydroxynicotinate to 2,5-dihydroxypyridine by 6HNMO from Pseudomonas fluorescens TN5; e) Epoxidation of 
the indole alkaloid paraherquamide K to the indole oxide followed by a semi-pinacol rearrangement by spirocycle-forming flavin monooxygenase PhqK from 
Penicillium simplicissimum; f) Baeyer-Villiger oxidation of premithramycin B to premithramycin B lactone by MtmOIV from Streptomyces argillaceus; g) Hydroxylation 
of hispidin to 3-hydroxyhispidin (fungal luciferin) by hispidin 3-hydroxylase H3H from Mycena chlorophos. 
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amounts of 5,6-difluoro-2,3,4-trihydroxybenzoate and 5-fluoro-tetrahy-
droxybenzoate (van der Bolt et al., 1997). More recently, this concept 
was used to increase the amount of gallic acid from protocatechuate by 
creating the double mutants Y385F/T294A (Chen et al., 2017) and 
Y385F/L199V (Moriwaki et al., 2019). 

The exquisite regioselectively of group A enzymes has attracted in-
terest for biocatalytic applications. 2-Hydroxybiphenyl 3-mono-
oxygenase (HbpA; EC 1.14.13.44) has been used to generate a wide 
range of substituted catechols with aliphatic or aromatic side chains 
(Fig. 4a) (Bregman-Cohen et al., 2018; Lutz et al., 2002; Meyer et al., 
2002). Another promising enzyme is 3-aminobenzoate 6-hydroxylase 
(Mab3), which catalyzes the para-hydroxylation of 3-aminobenzoate to 
2-hydroxy-5-aminobenzoate (5-aminosalicylate, mesalazine; Fig. 4c), a 
medication for the treatment of inflammatory bowel disease (Yu et al., 
2018). Hispidin 3-hydroxylase (H3H) catalyzes the hydroxylation of the 
6-hydroxypyran-4-one moiety of hispidin yielding 3-hydroxyhispidin 
(Fig. 4g), which acts as luciferin substrate in luminescent fungi (Kas-
kova et al., 2017; Kotlobay et al., 2018). H3H was recently biochemi-
cally characterized and its coenzyme preference was changed from 
NADPH to NADH by site-directed mutagenesis (Tong et al., 2020). 

An important hydroxylation reaction catalyzed by several group A 
enzymes concerns the ipso-attack described above (Ricken et al., 2015). 
In such reaction, the entering hydroxyl attaches to a position in the ar-
omatic ring already carrying a substituent, and this substituent can 
either expel or migrate in a subsequent step. Classic examples concern 
salicylate 1-hydroxylase (SalH; EC 1.14.13.1; (Costa et al., 2019; 
Yamamoto et al., 1965)) and 6-hydroxynicotinate 3-monooxygenase 
(6HNMO; EC 1.14.13.114; Fig. 4d (Nakano et al., 1999)), catalyzing 
oxidative decarboxylation reactions. 

Using the ipso mechanistic pathway, an exciting property of certain 
group A enzymes is the stereoselective oxidative dearomatization giving 
access to substituted ortho-quinols, including oxidative cyclization 
products (Abood et al., 2015; Baker Dockrey et al., 2018; Baker Dockrey 
and Narayan, 2020; Milzarek et al., 2019; Rodríguez Benítez et al., 2019; 
Sib and Gulder, 2017; Tang et al., 2017). This type of reaction is cata-
lyzed by TropB (3-methylorcinaldehyde monooxygenase; Fig. 4b), 
SorbC ((dihydro)sorbicillin monooxygenase) and AzaH (azaphilone 
biosynthesis monooxygenase) (Al Fahad et al., 2014; Davison et al., 
2012; Zabala et al., 2012). These oxidative dearomatizations have 
enabled access to the synthesis of a variety of sorbicillinoid derivatives 
by SorbC (Sib and Gulder, 2017, 2018; Sib et al., 2019) and substituted 
chiral building blocks for natural products on a gram scale by TropB 
(Baker Dockrey et al., 2019). 

Some group A enzymes catalyze Baeyer-Villiger oxidations and are 
referred to as atypical type O BVMOs. They are especially found in 
complex biosynthetic pathways of secondary metabolites such as poly-
ether antibiotics in Streptomycetes species (Tolmie et al., 2019). The first 
representative is premithramycin B monooxygenase (MtmOIV) from 
Streptomyces argillaceous ATCC 12956 (Beam et al., 2009; Gibson et al., 
2005). MtmOIV catalyzes a Baeyer-Villiger oxidation on premi-
thramycin B (heavily glycosylated multi-cyclic core) towards the cor-
responding lactone (Fig. 4f) (Bosserman et al., 2013). The related 
rifampicin monooxygenase (RIFMO or Rox; EC 1.14.13.211) from 
Streptomyces venezuela was shown to catalyze the hydroxylation of po-
sition 2 of the naphthyl group of rifampicin, which leads to a ring 
opening and thus inactivates the antibiotic (Koteva et al., 2018). The 
crystal structure of the enzyme-product complex of RIFMO from 
Nocardia farcinica has provided strong support for this mechanism (Liu 
et al., 2016; Liu et al., 2018). RIFMO displays a similar fold and qua-
ternary structure to MtmOIV and 5a,11a-dehydrotetracycline-5-mono-
oxygenase from Streptomyces rimosus (OxyS; EC 1.14.13.234), enzymes 
involved in the mithramycin and oxytetracycline biosynthetic pathways, 
respectively (Bosserman et al., 2013; Liu et al., 2016; Wang et al., 2013). 

Several group A FPMOs catalyze epoxidation reactions. Squalene 
epoxidase (SQLE; EC 1.14.13.132) represents the first described FPMO 
with epoxidase activity (Table 1) (Tai and Bloch, 1972). Eukaryotic 

SQLE catalyzes the conversion of squalene to (3S)-2,3-oxidosqualene, 
which is a rate-limiting step of cholesterol biogenesis (Sakakibara et al., 
1995). Zeaxanthin epoxidase (ZEP; EC 1.14.13.90) is present in plants 
and converts zeaxanthin via antheraxanthin to violaxanthin (Buch et al., 
1995). Being membrane associated, SQLE and ZEP receive their 
reducing equivalents from electron-transfer protein complexes and not 
from free NAD(P)H. A crystal structure of the catalytic domain of SQLE 
was recently obtained (Brown et al., 2019; Padyana et al., 2019), which 
might stimulate future biocatalytic applications. Further examples of 
group A epoxidases include FPMOs from Streptomyces species, which 
catalyze sequential enantioselective epoxidations during the biosyn-
thesis of polyether antibiotics (Minami et al., 2013), and several recently 
characterized diastereoselective FPMOs involved in fungal indole alka-
loid biosynthesis (Fraley et al., 2020; Fraley and Sherman, 2020; Mat-
sushita et al., 2020). As an example, the conversion of paraherquamide K 
catalyzed by the spirocycle-forming monooxygenase PhqK from 
P. simplicissimum is depicted in Fig 4e. 

3.2. Group B 

Group B FPMOs comprise several distinct subgroups, including 
Baeyer-Villiger monooxygenases (BVMOs; subgroup B1), flavin- 
containing monooxygenases (FMOs; subgroup B2) and N-hydroxylat-
ing monooxygenases (NMOs; subgroup B3) (van Berkel et al., 2006). 
This original subgroup classification was later supported by phyloge-
netic studies (Mascotti et al., 2015; Riebel et al., 2013). 

Subgroup B1 consists of microbial NADPH-dependent BVMOs. These 
FAD-containing enzymes, usually referred to as type I BVMOs, catalyze 
the enantioselective conversion of a wide range of ketones to esters or 
lactones (Fig. 5) (Alphand et al., 2003; Kamerbeek et al., 2003; Schwab, 
1981; Stewart, 1998). Type I BVMOs can also react with aldehydes, 
thereby forming either acids or formate derivatives (Ferroni et al., 2017; 
Leisch et al., 2011; Moonen et al., 2005). 

The catalytic cycle of type I BVMOs, as first established for CHMO, is 
depicted in Fig. 5 (Ryerson et al., 1982; Sheng et al., 2001). Catalysis is 
initiated by flavin reduction through the NADPH co-substrate. After 
oxygen activation of the reduced enzyme-NADP+ complex, the substrate 
binds and is converted to a tetrahedral Criegee intermediate by means of 
a nucleophilic attack of the anionic flavin C4a-peroxide on the carbonyl 
group. This intermediate undergoes a rearrangement involving migra-
tion of one of the substituents of the carbonyl carbon and subsequent 
heterolytic cleavage of the peroxidic bond yielding the ester or lactone 
and flavin C4a-hydroxide. After product release, the flavin C4a- 
hydroxide decomposes to oxidized flavin and finally, NADP+ and 
water are released. 

Phenylacetone monooxygenase (PAMO; EC 1.14.13.92) was the first 
type I BVMO with a known 3D-structure (Malito et al., 2004). This 
milestone (Table 1) gave a huge boost to the BVMO research, and led to a 
strong increase in the number of studies about their biocatalytic prop-
erties (Baldwin et al., 2008; Balke et al., 2012; Bucko et al., 2016; 
Catucci et al., 2017; de Gonzalo et al., 2010; Leisch et al., 2011; Messiha 
et al., 2018; Schmidt and Bornscheuer, 2020; Sole et al., 2019; Torres 
Pazmiño et al., 2010). Since 2004, many new members were discovered 
and characterized (Fraaije et al., 2005; Mascotti et al., 2013; Riebel 
et al., 2012; Romero et al., 2016), and different protein engineering 
approaches were implemented for improving the cofactor regeneration, 
substrate scope and thermal stability of BVMOs (Dudek et al., 2014; 
Fürst et al., 2019a; Fürst et al., 2019b; Fürst et al., 2019c; Fürst et al., 
2018; Fürst et al., 2017; Li et al., 2017; Li et al., 2018; Opperman and 
Reetz, 2010; Reetz, 2009; Reetz and Wu, 2008, 2009; van Beek et al., 
2012; Wu et al., 2010). 

The outstanding BVMO activity of subgroup B1 distracts often from 
the other reaction types performed by members of this group. A 
remarkable improvement in catalytic performance and operational 
stability was achieved with the CHMO-mediated sulfoxidation of pyr-
metazole, yielding the gastric acid inhibitor esomeprazole (Fig. 5i) 
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(Bong et al., 2011; Bong et al., 2018; Xu et al., 2020; Zhang et al., 2019). 
CHMO is an often-employed model BVMO in biocatalytic studies. Hence, 
after introducing 41 amino acid replacements in different regions of the 
protein structure, the enzyme (CHMOm) became far more robust and 
selective, resulting in an extremely high yield and enantioselectivity. 

Besides S-oxygenations (Maczka et al., 2018), BVMOs can catalyze 
epoxidations (Colonna et al., 2002), N-oxygenations (Maczka et al., 
2018), and ‘rare’ heteroatom oxygenations of phosphites, iodides, 
boronic acids and selenium compounds (Leisch et al., 2011; Walsh and 
Chen, 1988). Accordingly, there are, despite their name-giving-reaction, 
BVMOs which prefer heteroatom oxidations (Zhang et al., 2018). For the 

Baeyer-Villiger monooxygenases YMOA from Yarrowia lipolytica, 
absence of BVMO activity was found, while the enzyme showed high 
activity for sulfoxidations of sulfides and sulfoxides (Fig. 5g). Even an 
activity on the common solvent dimethyl sulfoxide (DMSO) was 
observed and a high yield of the corresponding sulfone was obtained 
(Bordewick et al., 2018). 

Currently, approximately 30 type I BVMOs have been investigated 
for their biocatalytic properties (Fürst et al., 2019c). Although the use of 
synthetic genes has greatly simplified the acquisition and characteriza-
tion of such BVMOs, their physiological function remains in many cases 
unclear. Nevertheless, much effort is spent in finding new BVMOs from 

Fig. 5. Catalytic cycle of group B FPMOs. Top: The oxygenation reaction proposed for PAMO from Thermobifida fusca is depicted. Bottom: Overview of the substrate 
scope of group B enzymes. a) Baeyer-Villiger oxidation of phenylacetone to benzyl acetate by PAMO; b) Baeyer-Villiger oxidation of cyclohexanone to Ɛ-caprolactone 
by CHMO from Acinetobacter sp. NCIB 9871; c) Baeyer-Villiger oxidation of β-ionone to its acetate by flavin-containing monooxygenase FMO5 from human; d) N- 
hydroxylation of trimethylamine to trimethylamine N-oxide by flavin-containing monooxygenase Tmm found in marine bacterial metagenome; e) Halogenation of 4- 
hydroxybenzoate to 3-bromo-4-hydroxybenzoate by Bmp5 from Pseudoalteromonas luteoviolacea; f) Oxidative decarboxylation of indole-3-pyruvate to indole-3-acetic 
acid by YUCCA enzyme YUC6 from Arabidopsis thaliana; g) Sulfoxidation of dimethylsulfoxide to dimethylsulfone by YMOA from Yarrowia lipolytica; h) N-hy-
droxylation of tris(hydroxymethyl)aminomethane (Tris) to 2-(hydroxyamino)-2-(hydroxymethyl)propane-1,3-diol by NiFMO from Nitrincola lacisaponesis; i) Sul-
foxidation of pyrmetazole to esomeprazole by CHMOm from Acinetobacter sp. NCIB 9871. 
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extreme environments and tuning these enzymes to become suitable for 
industrial applications. The role of BVMOs in the microbial metabolism 
of natural compounds has been reviewed by Opperman and co-workers 
(Tolmie et al., 2019). 

Subgroup B2 consists of enzymes termed flavin-containing mono-
oxygenases (FMOs; EC 1.14.13.8). These enzymes were first discovered 
in mammals and humans (Ziegler and Mitchell, 1972), but are present in 
all kingdoms of life. With new techniques like systematic sequencing of 
environmental samples it was found that FMOs are abundant in het-
erotrophic marine bacteria where they produce the osmolyte trime-
thylamine-N-oxide by heteroatom oxygenation (Chen et al., 2011). In 
mammals, FMOs are responsible for the detoxification of nitrogen and 
sulfur-containing compounds (Cashman and Zhang, 2006; Krueger and 
Williams, 2005; Phillips and Shephard, 2019; Ziegler, 2002). In bacteria, 
also FMOs with BVMO activity were discovered (Jensen et al., 2012). 

The first FMO structure, from the yeast Schizosaccharomyces pombe, 
was solved in 2006 (Eswaramoorthy et al., 2006). This structure 
revealed binding modes of the substrate methimazole and the NADP(H) 
coenzyme. The structure of FMO from Methylophaga sp. strain SK1 
showed that FMOs resemble BVMOs in their mode of coenzyme binding 
and confirmed that the nicotinamide ribose of NADP+ is crucially 
involved in stabilization of the flavin oxygenation species (Alfieri et al., 
2008). 

FMO from Methylophaga sp. strain SK1 was explored for its synthetic 
capacity and found to produce high amounts of indigo from indole (Han 
et al., 2008). Besides converting a series of indole derivatives into the 
corresponding indigoid dyes, this bacterial FMO showed moderate to 
good enantioselectivity in sulfoxidation reactions (Rioz-Martínez et al., 
2011). The FMO from Nitrincola lacisaponesis (NiFMO) was the first to be 
characterized from an alkaliphile organism. This enzyme displayed 
thermal stability, tolerance to organic solvents, and good activity with a 
range of substrates (Fig. 5h; (Loncar et al., 2019)). 

The crystal structure of pyrrolizidine alkaloid N-oxygenase from the 
grasshopper Zonocerus variegatus (ZvPNO) was the first FMO structure 
from a highly developed organism (Kubitza et al., 2018). The ZvPNO 
structure indicated that the overall structure of the FMO subunits has 
remained largely unchanged throughout evolution. It was also suggested 
that the substrate specificities of the three FMO isoforms present in 
Z. variegatus are dictated by the accessibility of their active sites. 

Mammalian FMOs have a strong membrane association, which 
hampered the three-dimensional structure determination of the human 
isoforms for a long time, and therefore limited the understanding of the 
different substrate specificities of these enzymes. For instance, it 
remained unclear why FMO5 is the only human isoform that shows 
BVMO activity (Fiorentini et al., 2017). Recently, a breakthrough was 
achieved with the structure elucidation of three mammalian FMOs, 
created through ancestral-sequence reconstruction (Nicoll et al., 2020). 
This study highlighted the membrane binding features of the mamma-
lian FMOs and illustrated that their substrate specificity is controlled by 
tunnel design rather than active-site architecture. Furthermore, it was 
hypothesized that the BVMO activity of FMO5 might be explained by a 
Glu-His switch. Another successfully crystallized ancestral FMO, derived 
from human FMO1, appeared to have a porous and exposed active site, 
allowing Baeyer-Villiger and heteroatom oxygenations with a wide 
range of compounds, including several drug molecules (Bailleul et al., 
2021). The isoform FMO3 was produced via recombinant expression in 
E. coli cells to synthesize human drug metabolites, demonstrating the 
future industrial applicability of these enzymes (Catucci et al., 2020). 

Plant FMOs can be divided in three clades (Schlaich, 2007). In the 
first clade, FMOs with NMO activity are found which are part of the 
biosynthetic pathway of the secondary plant metabolite pipecolate 
(Chen et al., 2018; Hartmann et al., 2018). This clade also harbors a fern 
oxime synthase (FOS1) that catalyzes the production of phenyl-
acetaldoxime via the initial N-hydroxylation of phenylalanine (Thod-
berg et al., 2020). The second clade contains the YUCCA enzymes (EC 
1.14.13.168; (Cao et al., 2019; Turnaev et al., 2020; Zhao et al., 2001), 

which are involved in the biosynthesis of the multifunctional plant 
hormone indole-3-acetic acid (Cao et al., 2019; Mashiguchi et al., 2011). 
Several potent YUCCA inhibitors have been developed for the chemical 
genetic analysis of the different functions of the auxin phytohormone 
(Kakei et al., 2015; Tsugafune et al., 2017; Zhu et al., 2019). The third 
clade contains FMOs with sulfoxidation activity. Examples include the 
oxygenations of methylthioalkyl glucosinolates (Li et al., 2008) and allyl 
mercaptans such as alliin, produced by an FMO from Allium sativum 
(AsFMO), a precursor of allicin responsible for the characteristic smell 
and flavor of garlic (Valentino et al., 2020). The crystal structure of 
AsFMO represents the first 3D-structure of a plant FPMO (Table 1). 
Despite their interesting properties, plant FMOs have not yet been 
extensively studied for their biocatalytic potential (Thodberg and Neil-
son, 2020). 

FMOs can also catalyze oxidative halogenation reactions. The bro-
minase Bmp5 catalyzes two consecutive steps in the biosynthesis of 
polybrominated diphenyl ethers in the marine organism Pseudoalter-
omonas luteoviolacea (Agarwal et al., 2014). In the first step, 4-hydroxy-
benzoate is converted to 3-bromo-4-hydroxybenzoate, and this 
compound is subsequently transformed to 2,4-dibromophenol. Bmp5 
appears to be structurally related to yeast FMO and mammalian FMO 
and is postulated to form flavin C4a-hydroperoxide and flavin C4a-O-Br 
intermediates (Teufel et al., 2016). 

Subgroup B3 consists of microbial NMOs catalyzing N-hydroxyl-
ations of amino acids found in biosynthetic pathways of secondary 
metabolites like siderophores and antimicrobial agents (Ballou and 
Entsch, 2013; Robinson and Sobrado, 2013). Despite their close relation 
to the other subgroups, no sulfoxidation activity nor BVMO activity was 
described for NMOs so far. 

The crystal structure of L-ornithine N5-monooxygenase from Pseu-
domonas aeruginosa (PvdA; EC 1.14.13.195) was the first NMO structure 
solved (Olucha et al., 2011). This structure revealed, next to the FAD and 
NADPH-binding domains, the presence of a small helical domain for 
binding L-ornithine. The structural properties and catalytic mechanism 
of NMOs, as well as their phylogeny and involvement in siderophore 
biosynthesis, have recently been summarized (Mügge et al., 2020). In 
addition, several new conformational states pointing to protein and 
flavin dynamics were reported for L-ornithine N5-hydroxylase from 
Aspergillus fumigatus (SidA; EC 1.14.13.196) (Campbell et al., 2020b). 
Based on the structural and kinetic properties of the M101A variant of 
SidA, it was suggested that the FAD movement from in to out in group B 
FPMOs is to release NADP+ in preparation for a new catalytic cycle 
(Campbell et al., 2020a). 

The physiological role in the production of diazo group-containing 
antibiotics (Waldman et al., 2017) and other important metabolites 
makes NMOs interesting candidates as biocatalysts for the production of 
N-hydroxylated building blocks. One route starts with the NMO- 
mediated double hydroxylation of aspartate affording nitrosuccinate 
(Wang et al., 2018). In another route, NMO converts lysine to N6- 
hydroxylysine (EC 1.14.13.59), allowing the subsequent formation of 
hydrazinoacetate (Matsuda et al., 2018). The NMO-catalyzed N5-hy-
droxylation of ornithine is the first step in the production of piperazate 
(Du et al., 2017; Neumann et al., 2012), an important non-proteinogenic 
building block for many natural products (Morgan et al., 2019). 

The pharmacologically-relevant ethionamide monooxygenase from 
Mycobacterium tuberculosis (EtaA) represents a BVMO-like FPMO 
(Fraaije et al., 2004). According to phylogenetic analyses, it situates 
between subgroups B1 and B2 (Riebel et al., 2013). EtaA activates the 
prodrug ethionamide by selective oxygenation and thus allows to treat 
Mycobacterium infections. Acinetobacter radioresistens contains a BVMO 
(Ar-BVMO) with identical amino acid sequence as EtaA (Minerdi et al., 
2016). Ar-BVMO is capable of oxidizing the anticancer drugs metabo-
lized by human FMO3, danusertib and tozasertib, but also can oxidize 
other synthetic drugs, such as imipenem. 

C.E. Paul et al.                                                                                                                                                                                                                                  



Biotechnology Advances xxx (xxxx) xxx

10

3.3. Group C 

In contrast to group A and B enzymes, group C FPMOs lack the ability 
to reduce their FMN cofactor independently. They rely on a separate 
reductase to deliver reduced FMN forming a so-called two-component 
system. The monooxygenase component has a characteristic (β/α)8 TIM- 
barrel fold (Fig. 2). Among the nineteen characterized members of group 
C, a wide variety of oxygenation reactions are found (Fig. 3, Fig. 6). 

Bacterial luciferase (LUX; EC 1.14.14.3) represents the prototype of 
the group C subfamily. It is the only FPMO that produces light (Fig. 6a) 

(Hastings and Nealson, 1978). This feature can be applied in prokaryotic 
and eukaryotic reporter gene systems for the detection of a wide range of 
specific analytes (Phonbuppha et al., 2020; Tinikul and Chaiyen, 2016). 

The crystal structure of LUX from Vibrio harveyi was solved in 1995 
(Fisher et al., 1995; Fisher et al., 1996), but its mechanism of action is 
not yet fully clear (Tinikul and Chaiyen, 2016). After FMNH- binding, 
the flavin C4a-peroxide anion is formed by the reaction with O2 followed 
by the binding of the long-chain aldehyde substrate (Fig. 6, top). Recent 
studies with recombinant LUX from Vibrio campbellii showed that His45 
is important for the tight binding of FMNH- and that the reaction of 

Fig. 6. Catalytic cycle of group C FPMOs. Top: The oxygenation reaction proposed for bacterial luciferase LUX from Vibrio harveyi is depicted, coupled to a flavin 
reductase component such as LuxG (Nijvipakul et al., 2008; Tinikul et al., 2013). Bottom: Overview of the substrate scope of group C enzymes. a) Baeyer-Villiger 
oxidation of aliphatic alkyl aldehydes to carboxylic acids with light emission by LUX; b) Baeyer-Villiger oxidation of (1R)-bornane-2,5-dione to (–)-5-oxo-1,2- 
campholide by 2,5-DKCMO from Pseudomonas putida ATCC 17453; c) Baeyer-Villiger oxidation of (1S)-bornane-2,5-dione to (+)-5-oxo-1,2-campholide by 3,6- 
DKCMO from Pseudomonas putida ATCC 17453; d) Oxidative decarboxymethylation of nitrilotriacetate to iminodiacetate and glyoxalate by NmoA from Amino-
bacter aminovorans; e) Terminal alkane oxidation of aliphatic alkanes to alcohols by LadA from Geobacillus thermodenitrificans NG80-2; f) Oxidative desulfonation of 
alkane sulfonate to aldehyde by SsuD from Escherichia coli; g) Oxidative ring cleavage of dibenzothiophene to 2’-hydroxybiphenyl-2-sulfinate by DszA from Rho-
dococcus erythropolis D-1; h) Oxidative dealkylation of dimethylsulfide to methanethiol and formaldehyde by DmoA from Hyphomicrobium sulfonivorans; i) Sequential 
oxidative decarboxymethylation of EDTA to ethylenediaminediacetate and glyoxalate by EmoA from Chelativorans multitrophicus. 
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protein-bound FMNH- with O2 involves the initial formation of the flavin 
C4a-hydroperoxide (Tinikul et al., 2021). Furthermore, His44 appeared 
to be responsible for proton abstraction of this intermediate yielding the 
anionic flavin C4a-peroxide. In a Baeyer-Villiger-like reaction, the flavin 
C4a-peroxide nucleophile then attacks the carboxy group of the alde-
hyde substrate forming a Criegee intermediate-like peroxyhemiacetal 
state of cofactor bound substrate. Decay of this intermediate state results 
in the carboxylic acid product and an excited state of the C4a- 
hydroxyflavin, which emits light (λmax ≈ 490 nm) to reach the ground 
state. Finally, the carboxylic acid product is released, and the oxidized 
cofactor is recycled by the liberation of water. Kinetic studies suggested 
that transfer of FMNH- between luciferase and its natural reductase 
partner occurs through free diffusion (Tinikul et al., 2013). In contrast, it 
has been proposed that protein–protein interaction takes place between 
alkanesulfonate monooxygenase from E. coli (SsuD; EC 1.14.14.5) and 
flavin reductase SsuE, leading to a more efficient channeling of FMNH- 

between the two enzymes (Ellis, 2010). 
In terms of applications, group C enzymes perform important re-

actions like alkane oxygenations and regioselective Baeyer-Villiger ox-
idations. Long-chain alkane monooxygenase from thermophilic 
Geobacillus species (LadA; EC 1.14.14.28) is of special interest, cata-
lyzing the hydroxylation of extremely long-chain alkanes (C12 to C32) 
to the corresponding primary alcohols (Fig. 6e) (Boonmak et al., 2014). 
These building blocks are essential industrial precursors for many 
products, whereas in nature, Geobacilli and related species play an 
important role in crude oil degradation. Random mutagenesis of LadA 
from Geobacillus thermodenitrificans was applied to improve catalysis 
(Dong et al., 2012). Structural analysis revealed that most beneficial 
mutations appeared to be connected to residues located outside the 
active site, which complicates targeted mutagenesis. 

Other biotechnologically relevant group C enzymes are the 2,5-dike-
tocamphane 1,2-monooxygenase (2,5-DKCMO; EC 1.14.14.108) and the 
enantiocomplementary 3,6-diketocamphane 1,6-monooxygenase (3,6- 
DKCMO; EC 1.14.14.155 (Jones et al., 1993)) (Fig. 6b and 6c) (Isupov 
et al., 2015; McGhie et al., 1998), which are involved in the degradation 
of camphor in Pseudomonas putida ATCC 17453 (Bradshaw et al., 1959; 
Willetts, 2019). DKCMOs are generally referred to as type II BVMOs 
(Riebel et al., 2014; Willetts, 1997), which catalyze different regio- and 
enantiospecific oxidations of cyclic and aliphatic ketones, thereby 
generating chiral lactone products of value as synthons in chemo-
enzymatic synthesis (Bradshaw et al., 1959; Willetts, 2019). For 
example, 2,5-DKCMO catalyzes the Baeyer-Villiger oxidation of (1R)- 
bornane-2,5-dione (2,5-diketocamphane) to (–)-5-oxo-1,2-campholide 
(Fig. 6b). This chiral ketolactone spontaneously hydrolyzes to (1R)- 
2,2,3-trimethyl-5-oxocyclopent-3-enyl acetate. These enzymes also 
catalyze the oxidation of sulfide compounds to their corresponding 
chiral sulfoxides, albeit with on average moderate enantiomeric excess 
(Beecher and Willetts, 1998). 

Although the 2,5-DKCMO was discovered 60 years ago (Table 1) 
(Bradshaw et al., 1959; Conrad et al., 1961), it took over 30 years to 
obtain a highly pure enzyme preparation (Table 1) (Jones et al., 1993; 
McGhie and Littlechild, 1996; Taylor and Trudgill, 1986). More recent 
transcription studies indicate that the challenge in attaining pure 
enzyme was related to the induction characteristics of DKCMO isoforms 
(Willetts et al., 2018). Two 2,5-DKCMO isoforms and a single 3,6- 
DKCMO from P. putida have now been produced via recombinant 
expression in E. coli (Iwaki et al., 2013; Kadow et al., 2012) and a crystal 
structure of recombinant 3,6-DKCMO is available (Table 1) (Isupov 
et al., 2015; McGhie et al., 1998). 

Several group C enzymes catalyze the oxidative cleavage of carbon- 
sulfur bonds. These FPMOs can be found especially in soil bacteria 
which degrade organic sulfur compounds for acquisition of sulfur or for 
bioremediation purposes. Dimethylsulfide monooxygenase (DmoA; EC 
1.14.13.131; Fig. 6h) (Cao et al., 2018)) dimethylsulfone mono-
oxygenase (SfnG; EC 1.14.14.35 (Wicht, 2016)), and methanesulfonate 
monooxygenase (MsuD; EC 1.14.14.34 (Kertesz et al., 1999)) catalyze 

specific oxidative demethylation steps during sulfur assimilation in 
bacteria. From an industrial perspective, these enzymes could be useful 
in waste treatment. The already mentioned SsuD catalyzes an oxidative 
desulfonation/dealkylation reaction giving access to C1 to C14 alde-
hydes (Fig. 6f) (Robbins and Ellis, 2019). Dibenzothiophene sulfone 
monooxygenase (DszA; 1.14.14.22 (Adak and Begley, 2016; Gray et al., 
1996)) catalyzes an oxidative ring-opening reaction caused by the 
carbon-sulfur bond cleavage (Fig. 6g) (Adak and Begley, 2016, 2017a). 
Recently, this reaction was proposed to initially involve the formation of 
a covalent adduct between the anionic flavin N5-peroxide and the 
substrate and that, after subsequent splitting of the carbon-sulfur bond, 
the oxygen-oxygen bond of the flavin-substrate adduct is cleaved, 
affording the monooxygenated product 2-(2-hydroxyphenyl)-benzene 
sulfonate and flavin N5-oxide (Matthews et al., 2020). 

Equally relevant for waste and water treatment are nitrilotriacetate 
monooxygenase (NmoA; EC 1.14.14.10; Fig. 6d) (Xu et al., 1997; Xun 
et al., 1996)) and ethylenediaminetetraacetate (EDTA) monooxygenase 
(EmoA; EC 1.14.14.33; Fig. 6i) (Jun et al., 2016; Payne et al., 1998; 
Witschel et al., 1997). These enzymes catalyze oxidative decarbox-
ymethylation reactions, thereby assisting in the microbial degradation 
of the extensively used chelating agents. EmoA sequentially removes 
two carboxymethyl groups from EDTA and has a broader substrate range 
than NmoA. EmoA and NmoA use an extended lid for sealing off the 
substrate binding site (Jun et al., 2016). This lid is more prominent than 
in LadA, SsuD and bacterial luciferase. The EmoA dimer was shown to 
physically interact with its tetrameric partner reductase EmoB, pointing 
again to coupled channeling of FMNH- (Jun et al., 2016). 

3.4. Group D 

For group D, more than 40 different FPMOs are described which have 
an acyl-CoA dehydrogenase fold in common and act together with a 
respective flavin reductase as a two-component system (Fig. 7). Group D 
enzymes are further divided phylogenetically in one FAD- and one FMN- 
depending clade making it the only group with dual cofactor preference. 
Despite this, catalyzed reactions do not depend on the clade and span 
from hydroxylation reactions and oxidative ipso-substitutions of aro-
matic rings to heteroatom oxidation. In the natural environment, many 
group D members are involved in the microbial degradation of (halo) 
phenols (Chenprakhon et al., 2019; Pimviriyakul et al., 2017). 

The general mechanism of Group D enzymes is the electrophilic 
attack of the reactive flavin C4a-hydroxyperoxide on the substrate 
resulting in hydroxylation of aromatic rings or heteroatoms. The pro-
totype aromatic hydroxylase of group D, 4-hydroxyphenylacetate 3- 
hydroxylase from Acinetobacter baumanii (C2-HpaH; EC 1.14.14.9; 
Fig. 7a), has been studied in great detail (Chenprakhon et al., 2020; 
Pitsawong et al., 2020). Although the oxygenation reaction is similar to 
those catalyzed by group A enzymes, the mechanism differs since group 
D enzymes are two-component systems (Fig. 7, top). C2-HpaH accepts 
reduced FMN from the C1-HpaH reductase before molecular oxygen 
reacts with the cofactor to form the flavin C4a-hydroxyperoxide inter-
mediate. Substrate binding triggers a conformational change acceler-
ating the electrophilic reaction of the peroxide species with 4- 
hydroxyphenylacetate. The catalytic cycle is completed by the release 
of the product and water elimination from the FMN cofactor. A specific 
feature of the Acinetobacter baumanii FPMO system is that the large C1- 
HpaH reductase contains a regulatory site for 4-hydroxyphenylacetate 
binding, which is required for flavin reduction. This differs from FAD- 
dependent two-component HPAH systems which employ much smaller 
flavin reductases (Chenprakhon et al., 2020). C2-HpaH has been engi-
neered for biocatalytic applications. Using site-directed mutagenesis, it 
was possible to create enzyme variants that hydroxylate alternative 
substrates like 4-hydroxycinnamate, 4-aminophenylacetate, tyramine 
and octapamine yielding valuable antioxidants and catecholamine 
synthons (Chenprakhon et al., 2020). 

Another interesting mechanistic aspect for group D enzymes is their 
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role as bifunctional enzymes in several metabolic pathways. It is known 
that ipso-substitutions and hydroxylation reactions can be performed 
sequentially because the underlying mechanism is quite similar. The 
same holds true for sulfoxidations for which in two oxidative steps a 
sulfide is transformed to a sulfone. 4-Nitrophenol 4-monooxygenase 
(PnpA; EC 1.14.13.167) from Rhodococcus opacus catalyzes the oxidative 
denitration of 4-nitrophenol to benzoquinone (Fig. 7e), which is then 
further converted to 1,2,4-trihydroxybenzene (Kitagawa et al., 2004). 4- 
Chlorophenol monooxygenase (HadA) from Ralstonia pickettii (Fig. 7d) 

has been engineered to catalyze sequential oxidative dehalogenation 
and denitration reactions (Pimviriyakul and Chaiyen, 2018). Dibenzo-
thiophene monooxygenase (DszC; EC 1.14.14.21 (Kamali et al., 2010)) 
from Rhodococcus erythropolis catalyzes the sequential sulfoxidation of 
dibenzothiophene (DBT) to DBT-sulfoxide and DBT-sulfone, respectively 
(Fig. 7f). In this way, the enzyme initiates the microbial desulfurization 
of crude oil (Guan et al., 2015). 

Genome mining was used to search for monooxygenases that can 
convert the nutritional supplement (S)-equol to commercially 

Fig. 7. Catalytic cycle of group D FPMOs. Top: The oxygenation reaction proposed for C2-HpaH from Acinetobacter baumannii is depicted. Bottom: Overview of the 
substrate scope of group D enzymes. a) Hydroxylation of 4-hydroxyphenylacetate to 3,4-dihydroxyphenylacetate by C2-HpaH; b) Hydroxylation of 2-methyl-3-pro-
pylindole to (S)-2-methyl-3-propyl-3H-indol-3-ol by TsrE from Streptomyces laurentii; c) N-hydroxylation of isobutylamine to N-isobutylhydroxylamine by IBAH from 
Streptomyces viridifaciens; d) Oxidative dehalogenation of 4-chlorophenol to hydroquinone by HadA from Ralstonia pickettii; e) Oxidative denitration of 4-nitrophenol 
to benzoquinone by PnpA from Rhodococcus opacus; f) Sulfoxidation of dibenzothiophene to dibenzothiophene sulfone by DszC from Rhodococcus erythropolis; g) 
Oxidative desulfonation of sulfamethoxazole to 3-amino-5-methylisoxazole and 4-aminophenol by SadA from Microbacterium sp. BR1; h) Hydroxylation of equol to 6- 
hydroxyequol by 4-hydroxyphenylacetate 3-hydroxylase HpaBpl-1 from Photorhabdus luminescens. 
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unavailable hydroxyequols (Hashimoto et al., 2019). It was found that 
one of the HpaH homologues from Rhodococcus opacus efficiently con-
verts both (R)- and (S)-equols to the corresponding 3’-hydroxyequols 
with a slight preference for the (S)-enantiomer, and that one of the HpaH 
homologues from Photorhabdus luminescens (HpaBpl-1) regioselectively 
hydroxylates the (R)- and (S)-equols to the corresponding 6-hydroxye-
quols (Fig. 7h) with clear preference for the (S)-enantiomer. 3-Hy-
droxy-9,10-secoandrosta-1,3,5(10)-triene-9,17-dione monooxygenase 
(HsaA; EC 1.14.14.12 (Dresen et al., 2010)), involved in the catabolism 
of cholesterol in Mycobacterium tuberculosis, is a group D member that is 
active with a steroid substrate. 

Another interesting reaction catalyzed by a group D member con-
cerns the oxidative desulfonation of the widely used antibiotic sulfa-
methoxazole. This reaction is catalyzed by sulfonamide monooxygenase 
(SadA), which initiates the catabolism of various sulfonamides in 
Microbacterium species through an ipso-hydroxylation mechanism 
(Fig. 7g) (Ricken et al., 2017). In the next step, another FMN-dependent 
group D member, 4-aminophenol monooxygenase (SadB), converts the 
released 4-aminophenol by sequential oxidative deamination and hy-
droxylation to the ring-cleavage substrate 1,2,4-trihydroxybenzene 
(Ricken et al., 2017). 

Several group D enzymes catalyze indole oxidations, such as 2- 
methyl-indolylpyruvate 3-hydroxylase (TsrE) from Streptomyces lau-
rentii. This enzyme, which initiates an unusual indole-ring expansion 
mechanism in the biosynthesis of thiostrepton, was found to hydroxylate 
the synthetic substrate mimic 2-methyl-3-propylindole (Fig. 7b), trig-
gering a double bond shift within the pyrrole ring, yielding the (3S)- 
isomer of the imine product with an enantiomeric excess (ee) value up to 
96% (Lin et al., 2017). 

Indole 3-acetate monooxygenase (IacA; EC 1.14.13.235) catalyzes 
the initial step in the degradation of the plant hormone auxin in Pseu-
domonas putida yielding 2-hydroxy-indole-3-acetate as most likely 
product (Scott et al., 2013). IacA is also capable of oxidizing indole to 
indoxyl, which spontaneously dimerizes to the blue pigment indigo. 
Recently, a IacA homologue from Caballeronia glathei DSM50014 was 
described to accept a variety of indole derivatives (Sadauskas et al., 
2020). In this study, the initial activation of indole 3-acetate was pro-
posed to occur via epoxidation as recently demonstrated for group E 
monooxygenases (Heine et al., 2019). Indosespene 3-hydroxylase (XiaF) 
catalyzes the conversion of indosespene to the carbazole moiety of the 
indolosesquiterpenoid xiamycin in Streptomyces endophytes (Kugel 
et al., 2017). This cryptic cyclization reaction is believed to involve the 
initial 3-hydroxylation of the indole moiety of indosespene. XiaF also 
oxygenates indole to indoxyl, which spontaneously oxidizes to indigo 
and indirubin. 

Group D enzymes also catalyze N-hydroxylations. One example is 
isobutylamine N1-monooxygenase (IBAH; EC 1.14.14.30) from Strepto-
myces viridifaciens, which catalyzes the oxidation of isobutylamine to N- 
isobutylhydroxylamine (Fig. 7c), a key step in the biosynthesis of the 
azoxy antibiotic valanimycin (Parry and Li, 1997). Other N-hydroxyl-
ations are catalyzed by dTDP-L-evernosamine N-hydroxylase (RubN8; 
EC 1.14.13.187) from Micromonospora carbonacea (Vey et al., 2010), 
dTDP-L-epivancosamine N-hydroxylase (DnmZ) from Streptomyces peu-
cetius (Sartor et al., 2015), and dTDP-3-amino-2,3,6-trideoxy-4-keto-3- 
methyl-D-glucose N-hydroxylase (KijD3) from Actinomadura kijaniata 
(Bruender et al., 2010). The first two enzymes mediate the double 
oxidation of their dinucleotide aminosugar substrates to the corre-
sponding nitrososugars, whereas KijD3 produces a nitrosugar (Thoden 
et al., 2013). 

3.5. Group E 

Group E FPMOs are flavin reductase-dependent monooxygenases 
containing a similar FAD-binding domain as group A enzymes. The 
flavin reductase fuels the independent monooxygenase with reduced 
FAD. Some group E FPMOs are natural fusion proteins of oxygenase and 

reductase, resulting in a self-sufficient enzyme (Tischler et al., 2009; 
Tischler et al., 2020; Tischler et al., 2018). Based on altered substrate 
specificity caused by distinct active site sequence motifs, group E is 
divided in two subgroups (Heine et al., 2020). Subgroup E1 accommo-
dates styrene monooxygenase (SMO; EC 1.14.14.11) with a substrate 
preference for styrene derivatives, whereas subgroup E2 contains indole 
monooxygenases (IMO) showing the highest activity with indole 
derivatives. 

Group E enzymes catalyze enantioselective epoxidations and sul-
foxidations with a general preference for (S)-epoxides while SMOs and 
IMOs have different preferences for sulfoxidations (Fig. 8; (Heine et al., 
2020)). In natural environment, group E enzymes act as initial enzymes 
of aromatic compound detoxification, funneling the xenobiotics in ar-
omatic degradation pathways (Tischler et al., 2020). 

Mechanistically, group E enzymes perform an electrophilic attack of 
the flavin C4a-hydroxyperoxide intermediate (Fig. 8, top). Either the 
carbon double bond in epoxidation reactions or the free electron pair of 
the sulfur atom in heteroatom oxidations acts as the respective nucleo-
phile. Reduced FAD is delivered by the respective reductase and taken 
up by the oxygenase in a similar manner as described for group D en-
zymes. The substrate binds after formation of the flavin oxygenation 
species. After decomposition of the highly fluorescent flavin C4a- 
hydroxide (Tischler et al., 2013), the product and oxidized cofactor 
are released. Although the oxygenase-reductase interaction of SMO is 
described as weak, it was shown for the enzymes from Pseudomonas and 
Rhodococcus that the catalytic activity of the oxygenase is higher in 
presence of the reductase indicating that the interaction with the 
reductase promotes overall epoxidase activity (Morrison et al., 2013; 
Tischler et al., 2010). The fusion proteins mentioned before represent a 
special case where reductase and oxygenase interact compulsorily. 

From an industrial point of view, there is a high interest in group E 
enzymes because epoxides and sulfoxides in enantiopure form are 
important precursors for chiral products (Di Gennaro et al., 1999; Panke 
et al., 2000). Recently, a highly active group E enzyme (AbIMO) was 
employed to produce (S)-2-chloro-4-(methylsulfinylmethyl)pyridine 
(Fig. 8d), which represents a precursor for bioactive synthetic ap-
proaches (Willrodt et al., 2020). To the best of our knowledge this sys-
tem represents the highest oxygenation rate of two-component FPMOs 
in applied biocatalysis. In addition, group E enzymes convert many 
substituted aromatic and aliphatic alkenes, but also oxidize aromatic 
sulfides, sulfanes and benzothiophenes (Toda et al., 2012; Toda et al., 
2015; Wu et al., 2017b). Next to their broad substrate scope, group E 
enzymes can be fueled by nicotinamide biomimetics (NBCs) making 
them independent of NADH supply and the corresponding reductase 
(Paul et al., 2015). Furthermore, group E enzymes can be optimized to 
withstand organic co-solvents, which can increase the substrate avail-
ability of apolar substances (Eggerichs et al., 2020). Corroborating their 
potential as biocatalyst, Witholt and co-workers achieved to produce 
gram-scale amounts of (S)-styrene oxide and related chiral oxiranes in a 
two-liquid phase fed-batch bioreactor (Panke et al., 2002; Schmid et al., 
2001) (Table 1). 

SMOs usually produce (S)-epoxides and (R)-sulfoxides (Fig. 8). IMOs, 
on the other hand, prefer (S)-sulfoxidations but share the preference for 
epoxides. Several mutagenesis studies were applied to change the 
enantioselectivity towards (R)-epoxides, but the lack of structural in-
formation has limited these approaches so far. The only known 3D-struc-
tures of group E enzymes belong to the monooxygenase and reductase 
component of the SMO from Pseudomonas putida S12 (Fig. 2) (Morrison 
et al., 2013; Ukaegbu et al., 2010). Although the oxygenase structure 
lacks substrate and cofactor positions, variants with altered substrate 
preferences were successfully generated in a semi-rational process. The 
SMO Y73V variant of Pseudomonas putida S12 converts 1-phenylcyclo-
hexene into the (R,R)-epoxide instead of the normally produced (S,S)- 
enantiomer. Amino acid residues relevant for substrate recognition and 
selective oxygenation were recently described for 31 group E mono-
oxygenases (Heine et al., 2020). Therein, two fingerprint motives (SMO 
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N46-V48-H50-Y73-H76-S96 and IMO S46-Q48-M50-V/I73-I76-A96) 
were identified which allow distinguishing SMO and IMO enzymes as 
well as provide hints towards enantio-preference in epoxidation (degree 
of purity among S-epoxides) as well as sulfoxidation (selectivity for S- or 
R-sulfoxide) reactions. In addition to the ongoing mutagenesis optimi-
zation, Wu and co-workers identified recently a SMO from the genome 
of Streptomyces sp. NRRL S-31 that showed complementary stereo-
selectivity toward alkenes and only formed the (R)-epoxides (Cui et al., 
2020). 

Heine and co-workers designed artificial fusions of StyA and StyB 
from Pseudomonas fluorescens ST to produce Tyrian purple and other 
indigoid dyes (Heine et al., 2019; Heine et al., 2017). Similarly, the 
group of Mutti used a flexible linker between StyA and StyB from 

Pseudomonas taiwanensis VLB120, and co-expressed this self-sufficient 
SMO with a formate dehydrogenase to improve the efficiency of (S)- 
styrene oxides production (Corrado et al., 2018). This chimeric SMO was 
integrated in a multienzyme cascade (Wu et al., 2017a) for the regio- 
and stereoselective aminohydroxylation of trans-β-methylstyrene 
affording enantiopure (1R,2R)- and (1S,1R)-phenylpropanolamine di-
astereomers (Corrado et al., 2019). 

3.6. Group F 

Group F enzymes are structurally related to group A enzymes and 
share the characteristic FAD-binding scaffold of the glutathione reduc-
tase superfamily (GR-2). The 40 described group F enzymes can be 

Fig. 8. Catalytic cycle of group E FPMOs. Top: The oxygenation reaction proposed for StyA is depicted. Bottom: Overview of the substrate scope of group E enzymes. 
a) Epoxidation of chlorostyrenes to chlorostyrene oxides by styrene monooxygenase SmoA found in environmental metagenome; b) Epoxidation of 1,2-dihydronaph-
thalene to 1,2-dihydronaphthalene oxide by styrene monooxygenase EcStyA from Escherichia coli; c) Epoxidation of 1-phenyl-1-cyclohexene to its corresponding 
oxide by fusion styrene monooxygenase StyAB2 from Pseudomonas sp. LQ26; d) Sulfoxidation of 2-chloro-4-(methylsulfanylmethyl)pyridine to (S)-2-chloro-4- 
(methylsulfinylmethyl)pyridine by indole monooxygenase AbIMO from Acinetobacter baylyi ADP1; e) Epoxidation of 1-hexene to 1,2-epoxyhexane by styrene 
monooxygenase RhStyA from Rhodococcus sp. ST-10; f) Epoxidation of indole to its epoxy indole by indole monooxygenase PpIndA from Pseudomonas putida; g) 
Sulfoxidation of 1-benzothiophene to 1-benzothiphene-1-oxide by engineered styrene monooxygenase SMOengR3 from Pseudomonas putida CA-3; h) Epoxidation of 4- 
vinyl-2,3-dihydrobenzofuran to 4-(oxiran-2-yl)-2,3-dihydrobenzofuran by StyAB2 from Pseudomonas sp. LQ26. 
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differentiated from group A by a specific WxWxIP active-site sequence 
motif called W-box fingerprint (Zhu et al., 2009). FPMOs of group F 
comprise two-component FAD-dependent halogenases (FDHs) that 
typically catalyze bromination or chlorination steps during the biosyn-
thesis of natural products (Fig. 9) (Agarwal et al., 2017; Gkotsi et al., 
2018; Latham et al., 2018; van Pée et al., 2006). Most FDHs catalyze 
halogenations of free indoles (Fig. 9d), pyrroles and phenols, while 
others are active with carrier protein bound substrates in non-ribosomal 
peptide synthetase or polyketide synthase assembly lines (Agarwal et al., 

2017; Latham et al., 2018). 
The first FDH obtained in pure form was tryptophan 7-halogenase 

from Pseudomonas fluorescens (PrnA; EC 1.14.19.9 (Keller et al., 
2000)). The elucidation of its crystal structure was a real breakthrough 
(Table 1) (Dong et al., 2005). The PrnA structure supported the view that 
flavin C4a-hydroxyperoxide performs an electrophilic attack on a 
chloride anion forming the respective hypochlorous acid (HOCl) (Fig. 9, 
top), which is channeled to the substrate binding site (Dong et al., 2005). 
Here, HOCl is activated by a lysine residue stimulating the regioselective 

Fig. 9. Catalytic cycle of group F FPMOs. Top: The oxygenation reaction proposed for tryptophan 7-halogenase KtzQ from Kutzneria sp. 744 is depicted. Bottom: 
Overview of the substrate scope of group F enzymes. a) Chlorination of L-tryptophan to 7-chloro-L-tryptophan by KtzQ; b) Bromination of indole to 3-bromoindole by 
the FDH BrvH found in maritime bacterial metagenome; c) Chlorination of phenol to 4-chlorophenol by FDH mutant RebH-4V from Lechevalieria aerocolonigenes; d) 
Iodination of 3-methylisoxazol-5-amine to 4-iodo-3-methylisoxazol-5-amine by the FDH VirX1 from cyanophage metagenome; e) Alkane halogenation of N-acetyl-p- 
nitrophenylserinol to chloramphenicol by FDH ClmS from Streptomyces venezuelae; f) C,N-biaryl coupling of deoxypyoluteorin to a marinopyrrole dimer by FDH 
Mpy10 from Streptomyces sp. CNQ-418. 
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attack on tryptophan. Following the mechanism of an electrophilic ar-
omatic substitution, the positive charge of the intermediate state is 
stabilized by delocalization before a proton is abstracted and aroma-
ticity is restored (Fig. 9, top). Subsequent mutagenesis and crystallog-
raphy studies on tryptophan 7-halogenases PrnA and RebH (Bitto et al., 
2008; Yeh et al., 2005), tryptophan 5-halogenase PyrH (EC 1.14.19.58 
(Zhu et al., 2009)), and Trp 6-halogenases ThaI and BorH (EC 
1.14.19.59), confirmed the catalytic role of the conserved lysine and 
showed slightly different binding modes of tryptophan explaining the 
regioselectivity of halogenation (Schnepel and Sewald, 2017). 

For halogenations of activated aliphatic substrates like the antibiotic 
chloramphenicol, an acid-catalysis at the carbonyl oxygen can be 
assumed to lower the pKa value of the Cα protons. This allows the tau-
tomerization to the enol form which similarly performs an electrophilic 
attack on the hypohalogenous acid. The most favored halogen utilized is 
chlorine, although many FDHs also accept bromine, albeit with 
decreased activity. Nevertheless, a few enzymes have been discovered, 
which prefer bromine over chloride or are even active with iodine 
(Gkotsi et al., 2019; Neubauer et al., 2018). 

FDHs are of interest for the production of antibiotics, antitumor 
agents and other natural products which require regioselective haloge-
nation under mild and green conditions (Frese and Sewald, 2015). 
Furthermore, the natural flavin reductase redox partner can be replaced 
for biocatalytic reactions in vitro by (photo)chemically reduced FAD, 
allowing a more cost-efficient process (Ismail et al., 2019; Schroeder 
et al., 2018; Unversucht et al., 2005). 

KtzR (EC 1.14.19.60) is a tryptophan halogenase involved in the 
assembly of the antifungal secondary metabolite kutzneride, and selec-
tively converts 7-chlorotryptophan, originally produced by KtzQ 
(Fig. 9a), to 6,7-dichlorotryptophan (Heemstra and Walsh, 2008). 
Another unusual tryptophan halogenase, obtained from the marine 
sponge Theonella swinhoei WA, catalyzes the 6-chlorination of 5-hydrox-
ytryptophan, also being quite active with serotonin and 5-methoxyin-
dole (Smith et al., 2017). 

Next to engineering the regioselectivity of halogenation and the 
discovery of novel family members, efforts have been spent towards 
increasing the catalytic efficiency, broadening the substrate scope, and 
improving the thermal- and operational stability of FDHs (Andorfer and 
Lewis, 2018; Latham et al., 2018). Employing genome mining with a 
previously unappreciated sequence motif, Goss and co-workers discov-
ered the first FDH (VirX1) that exhibits a clear preference for iodination 
(Fig. 9d) and acts on a diverse set of organic substrates (Gkotsi et al., 
2019). 

FDHs are also capable of catalyzing sequential halogenations. The 
first example of such reaction was reported for PltA from Pseudomonas 
fluorescens, which catalyzes the dichlorination of pyrrolyl-S-PltL during 
the biosynthesis of the antifungal natural product pyoluteorin (Dorres-
tein et al., 2005). Another example is represented by MalA and MalA’ 
from Malbranchea aurantiaca. Both FDH isoforms catalyze the chlori-
nation and bromination of premalbrancheamides during late-stage 
fungal alkaloid biosynthesis (Fraley et al., 2017). ClmS from Strepto-
myces venezuelae is one of the few FDHs known that halogenates an 
activated alkyl substrate, forming the dichloroacetyl group of chlor-
amphenicol (Fig. 9e) (Podzelinska et al., 2010). 

A pair of FDHs (Mpy10 (Fig. 9f), and Mpy11) from Streptomyces sp. 
CNQ-418 was shown to catalyze the chiral N,C-biaryl coupling of two 
molecules of monodeoxypyoluteorin (Hughes et al., 2010), which re-
sults in densely halogenated marinopyrroles possessing potent antibiotic 
activity (Yamanaka et al., 2012). This discovery adds an interesting 
reaction type to the profile of group F enzymes. 

Recently, Lewis and co-workers employed family-wide activity 
profiling to obtain sequence-function information on FDHs (Fisher et al., 
2019). Using a high-throughput mass-spectrometry-based screen of 
more than 100 putative FDH sequences they identified halogenases with 
novel substrate scope and complementary regioselectivity and used 
these enzymes for preparative scale C-H functionalization. The Lewis 

group also reported engineered FDHs that catalyze the bromolactoni-
sation of olefins with high enantioselectivity (Mondal et al., 2020). This 
oxidative halocyclization reaction broadens the catalytic repertoire of 
FPMOs (Fig. 3). 

3.7. Group G 

Group G enzymes are single-component FAD-dependent mono-
oxygenases containing a monoamine oxidase fold (Fig. 2). They are 
classified as self-sufficient or internal monooxygenases, reducing their 
flavin cofactor via substrate oxidation and thus circumventing the 
requirement of a reductase and stoichiometric consumption of NAD(P) 
H. Group G enzymes hardly stabilize the flavin C4a-hydroperoxide. They 
have been proposed to use enzyme-bound hydrogen peroxide for the 
monooxygenation of the intermediate product, generated during the 
reductive half-reaction (Fig. 10) (Lockridge et al., 1972; Ralph et al., 
2006). 

Group G enzymes catalyze oxygenative decarboxylation reactions of 
several amino acids such as arginine (AMO; EC 1.13.12.1 (van Thoai and 
Olomucki, 1962a, 1962b)), lysine (LMO; EC 1.13.12.2; Fig. 10a) 
(Ohnishi et al., 1976)), tryptophan (TMO; EC 1.13.12.3 (Gaweska et al., 
2013)) and phenylalanine (PAO; EC 1.13.12.9; Fig. 10b) (Ida et al., 
2008)) to give the corresponding amides. Depending on the amino acid 
used, group G enzymes can also function as oxidases, thereby converting 
the intermediate imino acids through oxidative deamination to α-keto 
acids (Fig. 10a and 10b). 

The two-step mechanism of group G enzymes is initiated by the 
oxidation of the amino acid substrate resulting in a reduction of the FAD 
cofactor and the formation of an imino acid (Fig. 10, top). Two alter-
native routes have been proposed for the oxygenation of the imino acid. 
In one route, C4a-hydroxyperoxo-FAD is formed by the reaction of the 
reduced cofactor with molecular oxygen (Fig. 10, top right). The 
peroxide intermediate performs an electrophilic attack on the Cα carbon 
atom of the imino acid eliminating carbon dioxide. The formed imidic 
acid tautomerizes to the amide product, and the oxidized flavin cofactor 
is regenerated from flavin C4a-hydroxide by cleavage of water. In the 
alternative route, the C4a-hydroxyperoxo-FAD is not stabilized upon 
reaction of the reduced flavin with oxygen, and the imino acid reacts 
with the formed hydrogen peroxide (Fig. 10, top middle). 

Tryptophan 2-monooxygenase (TMO; EC 1.13.12.3 (Gaweska et al., 
2013)) is the prototype enzyme of this group of internal mono-
oxygenases. The enzyme catalyzes the oxygenative decarboxylation of 
tryptophan to yield the plant growth hormone indole-3-acetamide 
(Ralph et al., 2006). The catalytic mechanism of TMO has been stud-
ied in detail and the predicted role of several active site residues was 
confirmed after solving the 3D structure (Gaweska et al., 2013; Sobrado 
and Fitzpatrick, 2003a, 2003b). Decarboxylation of the imino acid to the 
amide is thought to occur in the TMO active site through reaction with 
free hydrogen peroxide. 

Another group G member with known structure concerns phenylal-
anine 2-monooxygenase from Pseudomonas sp. P-501 (PAO; EC 
1.13.12.9 (Ida et al., 2008)). PAO catalyzes oxygenative decarboxyl-
ation of L-phenylalanine and oxidative deamination of L-methionine. 
Although not detected during the oxidative half-reaction, PAO has been 
proposed to use the flavin C4a-hydroperoxide adduct for substrate 
oxygenation (Ida et al., 2011). 

LMO from Pseudomonas sp. AIU813 catalyzes both the decarboxyl-
ation and deamination of L-lysine (Matsui et al., 2014). Based on the 
earlier proposal for PAO (Ida et al., 2011), oxygenation of the inter-
mediate imino acid was assumed to involve the participation of flavin 
C4a-hydroperoxide (Im et al., 2018). However, studies from rapid ki-
netics and mass-spectrometry product analysis indicated that LMO from 
Pseudomonas sp. AIU813 does not stabilize flavin C4a-hydroperoxide, 
and that the in situ generated enzyme-bound hydrogen peroxide de-
carboxylates the imino lysine to 5-aminovaleramide (Trisrivirat et al., 
2020). The fact that the alternative substrate L-ornithine was mainly 
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converted by oxidative deamination to 2-keto-5-aminovaleric acid 
pointed to a critical fine-tuning of the position of bound hydrogen 
peroxide and imino acid in the active site of the re-oxidized enzyme 
(Trisrivirat et al., 2020). These results merit further investigation, not 
only from a mechanistic point of view, but also to see if it is possible to 
optimize the group G reactions for the production of interesting platform 
chemicals. 

From a biotechnological point of view, group G enzymes are of in-
terest as cofactor-free self-sufficient oxidases. Nevertheless, their sub-
strate scope is limited and remains to be further explored. 

3.8. Group H 

Group H comprises internal FPMOs with a (β/α)8 TIM-barrel fold 
(Fig. 2), catalyzing oxidative decarboxylation and denitration reactions 
(Fig. 3). The mechanism of the oxidative decarboxylation reaction of 
group H enzymes resembles that of group G enzymes (cf. Fig. 10). 
However, the oxidative denitration reaction follows a radical mecha-
nism, which is quite unusual for FPMOs (Fig. 3). 

LaMO was the first discovered flavoprotein monooxygenase and for a 

long time the only representative of group H. LaMO catalyzes the 
oxidation of L-lactate to acetate via the oxidative decarboxylation of the 
initially formed pyruvate (Fig. 11b) (Edson, 1947). LaMO from Myco-
bacterium phlei was first purified in 1954 (Table 1) (Sutton, 1954), but it 
took another three years to firmly establish that the enzyme contained 
an FMN cofactor (Sutton, 1955, 1957) and catalyzes a monooxygenation 
reaction (Hayaishi and Sutton, 1957). LaMO shares many properties 
with flavin-dependent α-hydroxyacid oxidases (Giegel et al., 1990; 
Maeda-Yorita et al., 1995; Stoisser et al., 2016; Sun et al., 1996), but the 
structural requirements for its monooxygenase activity remained for a 
long time unclear. In 2018, the crystal structure of LaMO from Myco-
bacterium smegmatis was elucidated (Kean and Karplus, 2019). From 
structural comparison with the related α-hydroxyacid oxidases, it was 
proposed that the stability of a large and compact active site lid in LaMO 
is responsible for the slow release of pyruvate from the re-oxidized 
enzyme, facilitating its reaction with enzyme-bound hydrogen 
peroxide (Kean and Karplus, 2019). 

Recently, the proposed mechanism for the flavoenzyme-catalyzed 
oxidative decarboxylation of α-keto-acids was challenged again. The 
Y128F variant of the FMN-containing (S)-p-hydroxymandelate oxidase 

Fig. 10. Catalytic cycle of group G FPMOs. Top: Two alternative oxygenation routes proposed for LMO are depicted (see text for further explanation). Bottom: 
Overview of the substrate scope of group G enzymes. a) Oxidative decarboxylation of L-lysine to 5-aminopentanamide or deamination of L-lysine to 6-amino-2-oxo-
hexanoate by lysine 2-monooxygenase LMO from Pseudomonas fluorescens; b) Oxidative decarboxylation of L-phenylalanine to 2-phenylacetamide or deamination of 
L-methionine to 4-(methylthio)-2-oxobutanoate by PAO from Pseudomonas sp. P-501. 
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(Hmo; EC 1.1.3.46 (Lyu et al., 2019)), which acts as a monooxygenase 
(Lyu et al., 2019), was reported to form several flavin-oxygen adducts in 
the crystalline state when the enzyme was incubated with slow reacting 
substrate analogues (Lin et al., 2020). From this it was argued that the 
α-keto-acid intermediate products do react with flavin C4-(hydro) 
peroxide when this flavin oxygenation species is sufficiently stabilized. 
In the case of the non-decarboxylative substrate methyl (S)-mandelate, 
this resulted in a Baeyer-Villiger type of flavin C4a-peroxy-methyl ester 
adduct, whereas for the reaction with 2-hydroxy-3-oxosuccinate, 
initially formed from (2S,3R)-tartrate, the accumulation of a flavin 
C4a-N5 epoxide was proposed. 

Nitronate monooxygenase (NiMO; EC 1.13.12.16 (Smitherman and 
Gadda, 2013)) catalyzes an oxidative denitration reaction, using mo-
lecular oxygen to oxidize the metabolic poison propionate 3-nitronate 
(P3N) and other alkyl nitronates to the corresponding aldehydes and 
nitrate (Fig. 11a). NiMOs are widespread in nature and currently more 
than 3000 genes are annotated to be NiMO, or alternatively to be 2- 
nitropropane dioxygenase, as the enzyme was officially classified until 
2010 (Francis et al., 2013). Few NiMO proteins have been characterized 
biochemically, so that only a restricted substrate scope is known, 
limiting their biotechnological application (Francis et al., 2013). 

The crystal structures of NiMO from Pseudomonas aeruginosa PAO1 
(Salvi et al., 2014) and Cyberlindnera saturnus (Agniswamy et al., 2018) 
are highly conserved. NiMOs does not use a flavin C4a-oxygen adduct as 
oxygenating species (Gadda and Francis, 2010). Instead, spectral evi-
dence was obtained that the enzymes from Williopsis saturnus readily 
form a substrate radical species and an anionic flavosemiquinone 
(Fig. 11, top) (Smitherman and Gadda, 2013). First, a carbenium ion is 
formed by deprotonation at the carbon atom next to the nitro group of 
the 3-nitropropionate substrate. Subsequent electron transfer from the 

anionic flavosemiquinone to O2 generates superoxide anion, which re-
acts with the substrate radical to yield 3-peroxo-3-nitropropanoate. 
Alternatively, the substrate radical reacts with O2 to give a 3-peroxy- 
3-nitropropanoate radical, which subsequently receives an electron 
from the anionic flavosemiquinone. Finally, the 3-peroxo-3-nitropropa-
noate decays to 3-oxopropanoate, with liberation of nitrite. 

4. Conclusions 

FPMOs have fascinated (bio)chemists already for more than 60 
years. Initially, mainly because of the intriguing way these colorful en-
zymes activate O2, a molecule we depend on at every moment in life. 
Gradually, this fascination was shared by structural biologists and pro-
tein engineers, which led to improved understanding of the mechanistic 
details of the FPMO-catalyzed oxyfunctionalization reactions. The omics 
revolution then caused that new FPMOs were more easily discovered 
and produced. This boosted the knowledge about their chemo-, regio- 
and enantioselectivity, and stimulated their use in applied biocatalysis. 
As elaborated in this review, a wide range of group A to H FPMOs is 
available. Current efforts reveal an exponentially growing number of 
FPMOs, whether wild-type or variants, which can catalyze novel 
oxygenation chemistries and are improved for industrial application. 
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Costa, D.M.A., Gómez, S.V., de Araujo, S.S., Pereira, M.S., Alves, R.B., Favaro, D.C., 
Hengge, A.C., Nagem, R.A.P., Brandão, T.A.S., 2019. Catalytic mechanism for the 
conversion of salicylate into catechol by the flavin-dependent monooxygenase 
salicylate hydroxylase. Int. J. Biol. Macromol. 129, 588–600. https://doi.org/ 
10.1016/j.ijbiomac.2019.01.135. 

Cui, C., Guo, C., Lin, H., Ding, Z.-Y., Liu, Y., Wu, Z.-L., 2020. Functional characterization 
of an (R)-selective styrene monooxygenase from Streptomyces sp. NRRL S-31. Enzyme 
Microb. Technol. 132, 109391 https://doi.org/10.1016/j.enzmictec.2019.109391. 

Davison, J., Al Fahad, A., Cai, M.H., Song, Z.S., Yehia, S.Y., Lazarus, C.M., Bailey, A.M., 
Simpson, T.J., Cox, R.J., 2012. Genetic, molecular, and biochemical basis of fungal 
tropolone biosynthesis. Proc. Natl. Acad. Sci. 109, 7642–7647. https://doi.org/ 
10.1073/pnas.1201469109. 

de Gonzalo, G., Mihovilovic, M.D., Fraaije, M.W., 2010. Recent developments in the 
application of Baeyer-Villiger monooxygenases as biocatalysts. ChemBioChem 11, 
2208–2231. https://doi.org/10.1002/cbic.201000395. 

Di Gennaro, P., Colmegna, A., Galli, E., Sello, G., Pelizzoni, F., Bestetti, G., 1999. A new 
biocatalyst for production of optically pure aryl epoxides by styrene monooxygenase 
from Pseudomonas fluorescens ST. Appl. Environ. Microbiol. 65, 2794–2797. https:// 
doi.org/10.1128/AEM.65.6.2794-2797.1999. 

Dong, C.J., Flecks, S., Unversucht, S., Haupt, C., van Pée, K.-H., Naismith, J.H., 2005. 
Tryptophan 7-halogenase (PrnA) structure suggests a mechanism for regioselective 
chlorination. Science 309, 2216–2219. https://doi.org/10.1126/science.1116510. 

Dong, Y.P., Yan, J., Du, H.Q., Chen, M., Ma, T., Feng, L., 2012. Engineering of LadA for 
enhanced hexadecane oxidation using random- and site-directed mutagenesis. Appl. 
Microbiol. Biotechnol. 94, 1019–1029. https://doi.org/10.1007/s00253-012-4035- 
y. 

Donoghue, N.A., Norris, D.B., Trudgill, P.W., 1976. Purification and properties of 
cyclohexanone oxygenase from Nocardia globerula Cl1 and Acinetobacter NCIB-9871. 
Eur. J. Biochem. 63, 175–192. https://doi.org/10.1111/j.1432-1033.1976.tb10220. 
x. 

Dorrestein, P.C., Yeh, E., Garneau-Tsodikova, S., Kelleher, N.L., Walsh, C.T., 2005. 
Dichlorination of a pyrrolyl-S-carrier protein by FADH2-dependent halogenase PltA 
during pyoluteorin biosynthesis. Proc. Natl. Acad. Sci. 102, 13843–13848. https:// 
doi.org/10.1073/pnas.0506964102. 

Dresen, C., Lin, L.Y.C., D’Angelo, I., Tocheva, E.I., Strynadka, N., Eltis, L.D., 2010. 
A flavin-dependent monooxygenase from Mycobacterium tuberculosis involved in 
cholesterol catabolism. J. Biol. Chem. 285, 22264–22275. https://doi.org/10.1074/ 
jbc.M109.099028. 

Du, Y.L., He, H.Y., Higgins, M.A., Ryan, K.S., 2017. A heme-dependent enzyme forms the 
nitrogen-nitrogen bond in piperazate. Nat. Chem. Biol. 13, 836–838. https://doi. 
org/10.1038/nchembio.2411. 

Dudek, H.M., Fink, M.J., Shivange, A.V., Dennig, A., Mihovilovic, M.D., 
Schwaneberg, U., Fraaije, M.W., 2014. Extending the substrate scope of a Baeyer- 
Villiger monooxygenase by multiple-site mutagenesis. Appl. Microbiol. Biotechnol. 
98, 4009–4020. https://doi.org/10.1007/s00253-013-5364-1. 

Edson, N.L., 1947. The oxidation of lactic acid by Mycobacterium phlei. Biochem. J. 41, 
145–151. https://doi.org/10.1042/bj0410145. 

Eggerichs, D., Mügge, C., Mayweg, J., Apfel, U.P., Tischler, D., 2020. Enantioselective 
epoxidation by flavoprotein monooxygenases supported by organic solvents. 
Catalysts 10, 568. https://doi.org/10.3390/catal10050568. 

Ellis, H.R., 2010. The FMN-dependent two-component monooxygenase systems. Arch. 
Biochem. Biophys. 497, 1–12. https://doi.org/10.1016/j.abb.2010.02.007. 

Entsch, B., van Berkel, W.J.H., 1995. Structure and mechanism of para-hydroxybenzoate 
hydroxylase. FASEB J. 9, 476–483. https://doi.org/10.1096/fasebj.9.7.7737455. 

Entsch, B., Ballou, D.P., Massey, V., 1976. Flavin-oxygen derivatives involved in 
hydroxylation by p-hydroxybenzoate hydroxylase. J. Biol. Chem. 251, 2550–2563. 

Eppink, M.H.M., Schreuder, H.A., van Berkel, W.J.H., 1997. Identification of a novel 
conserved sequence motif in flavoprotein hydroxylases with a putative dual function 
in FAD/NAD(P)H binding. Protein Sci. 6, 2454–2458. https://doi.org/10.1002/ 
pro.5560061119. 

Eschrich, K., van Berkel, W.J.H., Westphal, A.H., de Kok, A., Mattevi, A., Obmolova, G., 
Kalk, K.H., Hol, W.G.J., 1990. Engineering of microheterogeneity-resistant p- 
hydroxybenzoate hydroxylase from Pseudomonas fluorescens. FEBS Lett. 277, 
197–199. https://doi.org/10.1016/0014-5793(90)80843-8. 

Eswaramoorthy, S., Bonanno, J.B., Burley, S.K., Swaminathan, S., 2006. Mechanism of 
action of a flavin-containing monooxygenase. Proc. Natl. Acad. Sci. 103, 9832–9837. 
https://doi.org/10.1073/pnas.0602398103. 

Ewing, T.A., Fraaije, M.W., Mattevi, A., van Berkel, W.J.H., 2017. The VAO/PCMH 
flavoprotein family. Arch. Biochem. Biophys. 632, 104–117. https://doi.org/ 
10.1016/j.abb.2017.06.022. 

Ferroni, F.M., Tolmie, C., Smit, M.S., Opperman, D.J., 2017. Alkyl formate ester synthesis 
by a fungal Baeyer-Villiger monooxygenase. ChemBioChem 18, 515–517. https:// 
doi.org/10.1002/cbic.201600684. 

Fiorentini, F., Romero, E., Fraaije, M.W., Faber, K., Hall, M., Mattevi, A., 2017. Baeyer- 
Villiger monooxygenase FMO5 as entry point in drug metabolism. ACS Chem. Biol. 
12, 2379–2387. https://doi.org/10.1021/acschembio.7b00470. 

Fisher, A.J., Raushel, F.M., Baldwin, T.O., Rayment, I., 1995. 3-Dimensional structure of 
bacterial luciferase from Vibrio harveyi at 2.4 Å resolution. Biochemistry 34, 
6581–6586. https://doi.org/10.1021/bi00020a002. 

Fisher, A.J., Thompson, T.B., Thoden, J.B., Baldwin, T.O., Rayment, I., 1996. The 1.5 Å 
resolution crystal structure of bacterial luciferase in low salt conditions. J. Biol. 
Chem. 271, 21956–21968. https://doi.org/10.1074/jbc.271.36.21956. 

Fisher, B.F., Snodgrass, H.M., Jones, K.A., Andorfer, M.C., Lewis, J.C., 2019. Site- 
selective C-H halogenation using flavin-dependent halogenases identified via family- 
wide activity profiling. ACS Central Sci. 5, 1844–1856. https://doi.org/10.1021/ 
acscentsci.9b00835. 

Fraaije, M.W., van Berkel, W.J.H., 2006. Flavin-containing oxidative biocatalysts. In: 
Patel, R.N. (Ed.), Biocatalysis in the Pharmaceutical and Biotechnology Industries. 
CRC Press, Boca Raton, p. 195. 

Fraaije, M.W., Kamerbeek, N.M., van Berkel, W.J.H., Janssen, D.B., 2002. Identification 
of a Baeyer-Villiger monooxygenase sequence motif. FEBS Lett. 518, 43–47. https:// 
doi.org/10.1016/S0014-5793(02)02623-6. 

Fraaije, M.W., Kamerbeek, N.M., Heidekamp, A.J., Fortin, R., Janssen, D.B., 2004. The 
prodrug activator EtaA from Mycobacterium tuberculosis is a Baeyer-Villiger 
monooxygenase. J. Biol. Chem. 279, 3354–3360. https://doi.org/10.1074/jbc. 
M307770200. 

Fraaije, M.W., Wu, J., Heuts, D.P.H.M., van Hellemond, E.W., Spelberg, J.H.L., 
Janssen, D.B., 2005. Discovery of a thermostable Baeyer-Villiger monooxygenase by 
genome mining. Appl. Microbiol. Biotechnol. 66, 393–400. https://doi.org/ 
10.1007/s00253-004-1749-5. 

Fraley, A.E., Sherman, D.H., 2020. Enzyme evolution in fungal indole alkaloid 
biosynthesis. FEBS J. 287, 1381–1402. https://doi.org/10.1111/febs.15270. 
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