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Preface 
Modern everyday life inherently involves an enormous variety of goods produced by the chemical 

industry. Fossil fuels represent not only the energy source, but also the raw material for a vast 

amount of organic chemicals. Nowadays, over 95% of organic chemicals are derived from petroleum 

and natural gas [1]. Hydrocarbons (alkanes, alkenes and (alkyl)aromatics) are the main building blocks 

on which most of the organic chemical industry is based. Selective oxidations of hydrocarbons are 

widely used for oil processing towards oxygenated derivatives - alcohols, aldehydes, ketones, 

epoxides and carboxylic acids, which are the starting materials in the manufacturing of plastics, 

resins, fibers, lubricants, detergents, agrochemicals, cosmetics, health care products, 

pharmaceuticals, etc. [1-2] 

Modern oxidation methods require the use of selective catalysts and environmentally friendly 

oxidants. Therefore, traditional stoichiometric use of hazardous oxidants such as chromium reagents, 

permanganate, manganese dioxide, periodate, chlorine is being replaced by catalytic processes using 

oxygen or hydrogen peroxide as oxidants (which produce water as byproduct) [3]. For example, 

catalytic oxidation of ethylene is an important process for the production of ethylene oxide – a 

starting material for manufacturing of ethylene glycol (1,2-diol) produced annually on a multi -

 million tons scale as polyester monomers and antifreeze agents [2]. Gas - phase partial aerobic 

oxidation of ethylene using silver supported catalyst replaced the traditional chlorohydrin method: 

hypochlorination of ethylene followed by dehydrochlorination using Ca(OH)2, which generates 

considerable amount of calcium chloride as byproduct [2]. Other relevant examples of gas phase 

oxidations include oxidation of butane to maleic anhydride (involving vanadyl pyrophosphate catalyst 

(VO)2P2O7) 
[4] and o-xylene to phthalic anhydride (over V2O5 catalyst) [2]. 

The liquid phase catalytic oxidation, which is generally referred to as autooxidation, is extensively 

practiced world - wide. These processes occur with the use of oxygen or (alkyl)peroxides, in the 

presence or absence of a metal catalyst, and involve the formation of free radicals as 

intermediates [3]. Propylene oxide, benzoic acid, terephthalic acid and phenol are produced by liquid 

phase catalytic oxidations of propylene and alkylbenzenes [2]. These reactions require harsh 

conditions and the efficiency of the process is not always high due to competing radical pathways.  

Generally, partial oxidation of hydrocarbons, especially alkanes, via C-H activation towards alcohols 

and carbonyl compounds remains challenging due to higher reactivity of the products than starting 

material. One exceptional example is the gas phase oxidation of butane to maleic anhydride (stable 

product), which proceeds with a maximum 50-60% selectivity at a butane conversion of 10-15% [2]. 

Partial oxidation is more challenging, when the substrate lacks reactive C-H bonds and the products 
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are unstable. For example, liquid phase oxidation of cyclohexane to cyclohexanol/cyclohexanone (KA 

oil) is an important industrial process for the production of adipic acid used on million tones scale for 

the manufacture of nylon-6,6 [2]. However, due to a complicated radical mechanism, the bio-product 

formation is excessive and the overall conversion is retained at 4% in order to keep KA oil selectivity 

at 75-80% [2]. 

In conclusion, modern catalytic oxidation of hydrocarbons remain inefficient and energy demanding 

process (120 - 450o C). Additionally, despite of the progress of catalytic oxidations using O2 or H2O2 in 

bulk industry, selective oxidation with O2/H2O2 of fine chemicals remains a difficult transformation 

due to the multifunctional nature of the molecules of interest. Therefore, the fine chemical industry 

still suffers from significant waste formation due to the stoichiometric use of inorganic oxidants [3, 5]. 

Moreover, a large variety of desirable oxyfunctionalized molecules are rather obtained in multistep 

synthesis, e.g. via halogenation followed by dehydrohalogenation, or reduction of the molecules with 

higher oxidation state, thus obviating more challenging catalytic oxidation [1, 3]. An example of the 

latter is asymmetric hydrogenation of prochiral ketones towards chiral alcohols using e.g. transition 

metal catalysts [5]. 

Nowadays, increasing demands of energy and ecology concerns require more sustainable chemical 

processes. Hence, the search for efficient and environmentally benign catalytic systems for the 

selective oxyfunctionalizations of hydrocarbons to valuable oxygenated compounds is an ongoing 

challenge in research [6-10]. Although tremendous results have been achieved in homogeneous and 

heterogeneous catalysis for selective oxyfunctionalizations, various enzyme-mediated 

transformations come into sight, which become attractive for industrial use [3, 6-10]. Throughout this 

thesis various examples in the area of selective enzymatic oxyfunctionalization will be shown, 

demonstrating the great potential of biocatalysis for synthetic organic chemistry. 
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Chapter 1. Introduction 

Biocatalysis as a valuable tool for oxyfunctionalization 

1. The challenge of C-H oxyfunctionalization 

The controlled partial oxidation of hydrocarbons is the key reaction for the conversion of oil and gas 

feedstock to industrial organic chemicals [1]. One of the hurdles towards oxidation of hydrocarbons is 

the inertness of C-H bonds, especially in saturated hydrocarbons, where the bond energy amounts to 

400 kJ mol-1 [2]. Moreover, the formed product needs to be stabilized as it is often more reactive than 

the starting material [3]. Thus, the formed alcohols can be further oxidized to e.g. the aldehyde, acid 

and even CO2 
[4].  

The use of molecular oxygen as the primary oxidant is desirable from economic and environmental 

points of view. However, the ground state of the dioxygen contains two unpaired electrons (triplet 

3O2), and therefore is spin forbidden to react with spin-paired singlet C-H bonds [4-5]. Hence, catalysts 

are needed to activate molecular oxygen and to direct the selectivity of the reaction. Transition 

metals containing unpaired electrons are able to react directly with the triplet state of oxygen, 

forming dioxygen adducts, which can incorporate an oxygen into the C-H bond or oxidize an organic 

substrate [5].  

Despite the progress in transition–metal and organocatalysis, the selective catalytic oxidation of C-H 

bonds using molecular oxygen is accompanied by many problems, e.g. the oxidative destruction of 

organic ligands and competition with free radical oxidation pathways [1-2, 4]. In addition, chemical 

catalysts suffer from low selectivity when it comes to converting C-H bonds in functionalized 

molecules. In this respect, enzymes have a key advantage because of their possibility to stir chemo-, 

regio- and stereoselectivity even in multifunctional molecules. Furthermore, biocatalytic reactions 

operate under mild reaction conditions, which is essential from an environmental point of view [6-9]. 

Thus, there is a vast area of oxidation reactions to be disclosed using enzymes as catalysts.  

2. Enzymatic oxyfunctionalizations  

Several enzymatic systems have emerged in nature that are able to incorporate oxygen into non-

activated C - H bonds using O2 or H2O2 as an oxidant [2, 8-9]. Nowadays, mainly 5 classes of redox 

enzymes are probed for oxyfunctionalization of non - activated C - H bonds (Table 1). The active site 

commonly contains either a heme - iron, non - heme di - iron, copper or flavin as a cofactor, which is 

involved in an oxygen activation [2]. Essentially all these cofactors are placed in the enzyme scaffold in 

a manner that controls a substrate scope and a selectivity of the reaction.  
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Table 1. Enzymes involved in oxyfunctionalization of non - activated C-H bonds  

Enzyme class  Prosthetic group Substrate range 

Methane monooxygenase: sMMO 

                         pMMO 

Non - heme di – iron 

Copper 

C1 - C8 alkanes, alkenes, cycloalkenes 

C1 - C5 alkanes, alkenes 

Alkane 1-monooxygenase (AlkB) Non – heme di – iron 

 

C5 - C16 alkanes, fatty acids, alkylbenzenes, 
cycloalkanes, etc. 

Cytochrome P450 monooxygenase 
(CYP) 

Heme - iron 

 

C5 - C16 alkanes, cycloalkanes, alkenes, fatty 
acids, alkylbenzenes, etc. 

Heme – thiolate peroxidases Heme - iron C3 - C16 alkanes, cycloalkanes 
alkenes, alkylbenzenes, aromatics, 
heterocyclic compounds, sulfides 

Flavin monooxygenase Flavins C15 - C36 alkanes, aromatics, alkylbenzenes  

The cytochromes P450 monooxygenases (CYPs) are perhaps one of the most versatile enzymes in 

nature. P450s are heme - iron containing enzymes that catalyze the monooxygenation of various 

non - activated hydrocarbons using oxygen with high regio-, stereo- and enantioselectivity. Many 

P450s microbial biotransformations have already been industrialized mainly for steroid and 

terpenoid hydroxylations [8, 10]. One example is the enantio- and regioselective 11β-hydroxylation of a 

steroid 17,21-dihydroxypregn-4-ene-3,20-dione (commercialized as Reichstein S) catalyzed by 

microorganism Curvularia sp. for the production of hydrocortisone at a scale of ~100 tons per year by 

Bayer [10-11]. Other relevant examples include the conversion of progesterone to cortisone with 

Rhizopus sp. established by Pfizer [12], and the production of cholesterol lowering drug pravastatin 

with Streptomyces sp. by Daiichi - Sankyo [13] and Bristol - Myers Squibb Company [10, 14]. Lately, 

promising results have been achieved for the P450 catalyzed oxyfunctionalization of short chain and 

cyclic alkanes [2, 4, 15-17]. 

The methane monooxygenases (MMOs) have been found in methanotrophic bacteria. The active site 

of sMMO (soluble MMO) contains two irons, which are connected through two carboxylate-bridges. 

The pMMOs (particulate MMOs), expressed under copper saturated conditions, have a dicopper -

 based active site [1-2]. sMMOs have a broad substrate scope, catalyzing not only methane 

hydroxylation, but also oxygen insertion into a wide range of C1 - C8 alkanes, alkenes, cycloalkanes, 

ethers and aromatic compounds [18-19]. Substrate scope of pMMO is limited to alkanes and alkenes 

with a length up to C5 
[20]. One issue with MMOs is their difficult production due to multicomponent 

structure (and membrane bound nature in case of pMMO). Although methane oxidation to methanol 

catalyzed by sMMO proceeds with a relatively high turnover frequency (TF) of 220 min-1, in general 

MMOs suffer from product inhibition and are quite unstable, thus leading to poor productivity [2].  
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Alkane 1- monooxygenases (AlkB) are non – heme di – iron monooxygenases, which have been found 

within several n-alkane degrading bacteria such as Pseudomonas putida, Alcanivorax, etc. They 

catalyze terminal hydroxylation of the substrates, generally ranging from pentane to dodecane, and 

terminal epoxidation of alkenes [8, 21-22]. Although reactions are performed with relatively high TF (e.g. 

200 min-1 for octane hydroxylation), AlkBs are not well suited for in vitro applications due to their 

membrane – bound and multicomponent nature [2].  

Within the group of non-heme iron oxygenases, it is also worth mentioning enzymes bearing the 

2-His-1-carboxylate facial triad [23-24]. These enzymes feature two histidines and one carboxylate 

ligand, which flank one side of the iron in triangle and play the important role in oxygen activation. 

The notable examples of these enzymes are mononuclear dioxygenases and aromatic amino acid 

hydroxylases (AAAHs). AAAHs catalyze the hydroxylation of aromatic rings of amino acids [23]. 

Mononuclear dioxygenases can perform dihydroxylation of aromatics, the cleavage of catechol and 

hydroperoxidation of lipids [8, 24].  

Another important class of oxygenases are the flavin monooxygenases, which are capable of efficient 

epoxidation, phenol hydroxylation, benzylic hydroxylation and Baeyer–Villiger oxidation [8]. Notably, 

one representative – a long chain alkane monooxygenase, LadA (isolated from thermofilic bacterium 

G. thermodenitrificans NG80-2) enables the selective but slow terminal oxidation of C15 – C36 

alkanes [25].  

All the above examples are dependent on the nicotinamide cofactors NADH (nicotinamide adenine 

dinucleotide) or NADPH (nicotinamide adenine dinucleotide phosphate), which play the role of 

sacrificial reductant for oxygen activation. Moreover, the enzymes usually require electron transfer 

partners, which are needed to provide reducing equivalents to an enzyme active site. For these 

reasons, application of isolated enzymes is not straightforward and aforementioned 

biotransformations are usually performed using whole cells as catalysts. However microbial 

transformations are not always optimal due to (i) further metabolic degradation of products, (ii) 

toxicity of (co)-substrates/(co)-products for the cell, (iii) complicated recovery of the products, and 

(iv) presence of competing enzymatic system, which may impair the purity of the product [8, 26-27]. 

Therefore, use of isolated enzymes is desirable. In this respect, promising results in the area of 

aliphatic oxidation have been obtained with natural or man-made self-sufficient P450 

monooxygenases, independent of redox partners (vide infra). However, these enzymes remain 

nicotinamide cofactor dependent and require appropriate cofactor regeneration system for 

economic reasons (vide infra) [Chapter 5].  
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The need for a cofactor is circumvented in the case of heme - dependent 

peroxidases/peroxygenases. The main catalytic property of these enzymes is oxygen transfer from 

H2O2 or organic peroxides ROOH to a substrate, which is referred to as peroxygenase activity. These 

enzymes need neither NAD(P)H cofactor nor specific electron transfer partners for function. The 

most prominent examples, which possess respective activity, are heme - thiolate peroxidases, 

comprising the Caldariomyces fumago chloroperoxidase (EC 1.11.1.10) and unspecific Arocybe 

aegerita peroxygenase (EC 1.11.2.1), and atypical P450 fatty acid peroxygenases (EC 1.11.2.4).  

2.1. Cytochrome P450 monooxygenases – recent developments 

Cytochrome P450 enzymes (CYPs) are heme - containing monooxygenases that are found in all life 

kingdoms: archaea, bacteria, fungi, plants, and animals [29]. They catalyze a broad range of regio-, 

stereo- and enantioselective reactions as oxidation of non-activated C-H bonds, aromatic 

hydroxylation, epoxidation of C=C double bonds, N-oxidation, sulfoxidation, deamination, 

dehalogenation, N-, O- and S – dealkylation [30]. These transformations appear in the biosynthesis of 

fatty acids, steroids, antibiotics; detoxification and clearance of xenobiotics; utilization of primary 

nutrients [31]. 

The active site of P450s contains a heme prosthetic group that consists of an iron coordinated by four 

nitrogen atoms of porphyrin (Figure 1) [31]. The heme group is linked to the protein by a cysteine 

amino acid residue that is covalently ligated to the iron. Most of the P450s use molecular oxygen as 

an oxidant introducing one oxygen atom into the substrate. In order to promote the reaction P450s 

require redox equivalents that come from the nicotinamide cofactors NADH or NADPH. The overall 

reaction catalyzed by P450s is shown in Equation 1, where RH represents the substrate and ROH the 

resulting monooxygenated product: 

   

 

Figure 1. Heme prosthetic group. 



9 
 

The P450 reaction cycle starts by substrate binding and displacement of the distal water ligand from 

the heme – thiolated group (2) (Scheme 1) [31-32]. Then redox partners supply single electrons to 

reduce the heme - iron to the ferrous state (3). Next, oxygen binding takes place (4) followed by the 

reduction to the ferric peroxo state (5). This intermediate is protonated to form ferric hydroperoxo 

compound (6), which transforms after the second protonation and scission of bound oxygen to the 

oxo-ferryl state [Fe(IV)=O]+∙ known as a Compound I. Compound I predominantly is present as an 

iron(IV)oxo porphyrin radical cation with an electron delocalized in the porphyrin ring and on the 

oxygen [33]. Compound I is the key oxidant that promotes the oxyfunctionalization of the substrate 

and returns the heme to its ferric state (Scheme 1).  

 

Scheme 1.  Catalytic cycle of P450 monooxygenases 
[31]

. 

P450 catalytic cycle commonly encounters the three major abortive reactions: (i) release of 

superoxide anion returning enzyme to resting state; (ii) dissociation of coordinated peroxide or 

hydroperoxide anion yielding H2O2; and (iii) oxidation of oxo - ferryl species to water instead of 

oxygenation of the substrate [31]. These side reactions are determined as uncoupling. Uncoupling 

leads to the loss of the reducing equivalents, i.e. the unproductive NAD(P)H oxidation, and the 

formation of strong oxidative species toxic to a cell/enzyme. Uncoupling is commonly observed in the 

absence of a substrate or if a substrate does not fit well to active site [26].  

As already mentioned, the full reaction mechanism necessitates redox partners to transfer electrons 

from NAD(P)H to the P450 heme - center. P450 can be classified depending on the type of the redox 
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partners involved in the catalytic cycle. In class I the redox partners are two distinct proteins: a flavin 

adenine dinucleotide (FAD) containing protein (reductase) and 2Fe - 2S iron - sulfur protein 

(ferredoxin) (Scheme 2a) [30]. In class II electrons are transferred via FAD- and FMN- (flavin adenine 

mononucleotide) containing cytochrome P450 reductase (CPR) (Scheme 2b). Besides, so called self -

sufficient P450s have been identified, which do not belong neither to Class I or Class II. For example, 

a naturally fused systems of diflavin reductase (FAD and FMN) and heme via aminoacid linker, which 

afford efficient internal electron transfer and - high activity (Scheme 2c) [30, 34]. Besides, peculiar 

P450nor, produced by fungus Fusarium oxysporum, proceeds via the direct electron transfer from 

NADH to the heme group without redox partners [35-36]. 

 

Scheme 2. General steps in typical P450 catalyzed reactions. (a) Three-protein systems: P450 and reductase can either be 

soluble or membrane-bound. (b) Two-protein systems: CPR and P450 are membrane-bound. (c) One-protein systems: 

soluble or membrane-bound systems formed by fusions of a CPR-like reductase and P450 
[30]

 

Involvement of the redox proteins is one the main limitations for the in vitro use of multicomponent 

P450s. Therefore, self - sufficient single component enzymes are desirable. One of the best 

characterized bacterial P450 monooxygenase is CYP102A1 from Bacillus megaterium (P450 BM3). 

P450 BM3 is a natural fusion protein between a monooxygenase and diflavin domain (Scheme 2c), 

and is easy to handle. Wild type P450 BM3 is a C12 - C20 fatty acid hydroxylase (at ω-1 to ω-3), which 

possesses the highest avtivity measured for P450s: hydroxylation of arachidonic acid proceeds with a 

kcat value of 17 000 min-1 [37]. Moreover, the coupling efficiency – electron transfer from NADPH 

oxidation to the product formation reaches 88-98 % [38].  
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Many efforts have been undertaken to exploit P450 BM3 activity for alkane oxyfunctionalizations. 

Thus, the substrate spectrum of P450 BM3 has been evolved from fatty acids to short chain alkanes 

by protein engineering tools: the large, long, and hydrophobic funnel was shrinked for better 

interaction with small molecules [2]. For example, P450 BM3 variant 139-3 (11 amino acids changes in 

heme domain) exhibited a higher activity than the WT towards a variety of fatty acid and alkane 

substrates, including C3 - C8 alkanes [16]. Remarkably, a TF of 3840 min-1 was reported for subterminal 

hexane hydroxylation yielding 3-hexanole as a main product, whereas overoxidation rate did not 

exceed 5% (Table 2, entry 1) [16]. P450 BM3 mutant 139-3 is also capable of benzene, styrene, 

cyclohexene, hexene and propylene oxidation surpassing the activity of the wild type (between 17- 

and >100-fold for NADPH oxidation)(Table 2, entries 2 - 3) [39]. However, NADPH consumption was 

only partally coupled towards product formation (14 - 79%). 

Table 2. Oxyfunctionalizations catalyzed by self - sufficient P450 monooxygenases. 

Entry Substrate Catalyst TTN 
a
/ TF, min

-1
 Selectivity, % Ref. 

1 n-hexane  

 

P450 BM3  

mutant 139-3 

n.a.
 b

 / 3840 
c
 
 

 

2-hexanole (19 %) 

3-hexanole (81 %) 

[16]
 

2 propylene P450 BM3  

mutant 139-3 

n.a. / 700
 d

 Propylene oxide (100 %) 
[39]

 

3 cyclohexene 

 

P450 BM3  

mutant 139-3 

n.a. / 948
 c
 

 

Cyclohexene oxide (85 %) 

2-cyclohexene-1-ol (15 %) 

[39]
 

4 propane P450 BM3  

mutant P450PMO R2 

45800 /370
 d

 2-propanol (90 %) 

1-propanol (10 %) 

[40]
 

5 n-octane 

 

CYP153A 55 / n.a. 1-octanol (91 %) 
[2]

 

6 n-octane 

 

CYP153A13 – red  

 

3000 
f 
/ n.a. 1-octanol (99 %)

 [2]
 

7 propane P450 BM3 WT 
treated by 
CF3(CF2)9CO2H 

1021 / n.a. 2-propanol (>99 %) 
[17]

 

8 methane P450 BM3 WT 
treated by 
CF3(CF2)8CO2H 

2500 / n.a. Methanol (>99 %) 
[17]

 

9 ethylbenzene P450bsβ in the 
presence of 
heptanoic acid 

n.a. / 28  (R)-1-phenylethanol  

ee 68 % 

[41]
 

10 styrene P450bsβ in the 
presence of 
heptanoic acid 

n.a. / 290 (S) – styrene oxide (91 %) 

ee 83 % 

[41]
 

a
 Total turnover number calculated as a ratio of mole product produced to mole of enzyme used; 

b
 n.a. – not 

available; 
c
 turnover frequency (mol substrate/min/mol P450); 

d 
turnover frequency (nmoles NADPH 

consumed/min/nmoles P450); 
e 

overoxidation towards cyclohexanone is not reported; 
f 
By using a NADPH 

recycling system and in the presence of bovine catalase 
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In order to improve the coupling effciency, Fasan et al. applied directed evolution on both the heme 

and reductase domains of P450 BM3 mutant (35 E11 variant), which was previously engineered for 

ethane and propane hydroxylation. These mutations resulted in an engineered P450PMO R2 (propane 

monooxygenase) variant that is efficient for propane oxidation: the turnover frequency (TF) could be 

increased from 200 to 370 min-1, the total turnover number from 5650 to 45800, and the coupling 

efficiency from 17 to 98.2% in comparison to the 35 E11 variant (Table 2, entry 4) [40]. This result 

underlines the importance of high coupling efficiency for the productive P450 catalysis. 

The self - sufficient architecture of P450 BM3 inspired researchers to design an artificial single 

component P450 for regioselective alkane hydroxylation. Natural C5 - C9 alkane hydroxylases of the 

CYP153 family (soluble but multicomponent proteins) are at the center of several studies that aim to 

enhance their efficiency for in vitro applications (Table 2, entry 5) [2]. Thus Drone and co-workers 

created a fusion protein between the hydroxylating domain of alkane hydroxylase CYP153A13a and 

FMN/Fe2S2 reductase (from self-sufficient P450RhF of Rhodococcus sp) [15]. The CYP153A13-red 

monooxygenase showed the highest reported activity for ω-hydroxylation of alkanes reaching TN of 

3000 in octane oxidation to 1-octanole (Table 2, entry 6) [2]. 

Alternatively to time and labour demanding protein engeneering, “the substrate misrecognitions 

approach” was developed in order to achieve the P450 activity on non - natural substrates. In this 

strategy, the enzyme is treated by different activator molecules initiating the P450 catalytic cycle for 

further oxidation of a desirable substrate. For example, high activity towards short chain alkanes 

(C1 - C8) was obtained for the wild-type P450 BM3 using inert perfluorocarboxylic acid to fill the long 

substrate binding channel but leaving sufficient space for docking of alkane (Table 2, entry 7) [17, 42] . 

This is the first example of selective methane oxidation towards methanol, catalyzed by P450 

enzyme (Table 2, entry 8) [17]. 

In contrast to most P450s, some atypical P450 peroxygenases (the CYP152 family) originally employ 

hydrogen peroxide instead of oxygen for oxidation reactions [Chapter 4]. These enzymes act in the 

so - called hydrogen peroxide shunt pathway utilizing H2O2 to generate the Compound I as an active 

species (Scheme 1) [43]. Therefore, NAD(P)H cofactor and redox partners are not needed in the 

catalytic cycle, which makes these enzymes attractive for the practical biocatalysis.  

P450 peroxygenases include P450s isolated from anaerobic microorganisms Bacillus subtilis 

(P450Bsβ), Sphingomonas pausimobilis (P450Spα), Clostridium acetobutylicum (P450Clα). Results of 

protein sequence and spectral analysis revealed that these enzymes belong to P450s family and they 

have been given systematic designations CYP152B1 (P450Spα), CYP152A1 (P450Bsβ ) and CYP152A2 

(P450Clα) [44-46]. As the peroxide shunt is the main catalytic pathway of the CYP152 family, they have 
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been assigned as P450 peroxygenases rather than monooxygenases (EC 1.11.2.4) . They catalyze 

hydroxylation of fatty acids and corresponding methylesters at α - or β - positions with high catalytic 

turnovers: P450Clα reaches 200 min-1 [44], P450Bsβ - 1000 min-1 [47], and P450Spα – 800 min-1 

(measured for myristic acid) [45]. The carboxyl group of a fatty acid is located in the proximal position 

to the heme, thus directing the selectivity to α- and β- products [46]. P450Spα is 100% α – selective, 

whereas P450Clα and P450Bsβ produce both α – and β – hydroxylated fatty acid at the ratios 24:1 

and 1:2 (α : β) respectively [44, 48].  

The “substrate misrecognition approach” also has been successfully applied to P450 peroxygenase 

catalysis. Addition of decoy molecules (bearing carboxylic group) allowed the generation of active 

species and, therefore, oxidation of non-natural substrates such as guaiacol, styrene, 

ethylbenzene [41, 49] (Table 2). Furthermore, high enantioselectivity was observed for styrene and 

ethylbenzene oxidations, suggesting that combination of the decoy molecule and the protein 

environment may alter the stereoselectivity of the reaction [41, 49]. 

2.2. Heme – iron thiolate peroxygenases 

Heme - iron dependent peroxidases structurally resemble P450s and have the ferriprotoporphyrin IX 

prosthetic group in common (Figure 1) [33]. Unlike P450s, peroxidases do not rely on NAD(P)H as 

cofactor and simply utilize hydrogen peroxide (H2O2) or organic hydroperoxides (R-OOH) as an 

oxidant [33]. The fifth (proximal) ligand of most of the peroxidases is histidine, except for heme -

thiolate fungal peroxidases - chloroperoxidase from the ascomycetous fungus Caldariomyces fumago 

(CPO) and aromatic peroxygenase from the basidiomycetous fungus Agrocybe Aegerita (AaeAPO), 

where the iron is ligated to a cysteine, as in P450s [50].  

The formation of catalytic active species (Compound I) of peroxidases follows the peroxide shunt 

pathway (Scheme 1). In the first step the H2O2 replaces the water ligand of the ferric protoporphyrin 

in the active site resulting in a Fe(III) hydroperoxide intermediate. Next, heterolytic cleavage of H2O2 

occurs, which requires a two - electron transfer from the heme and leads to the formation of 

iron(IV)oxo porphyrin radical cation (Compound I) and a molecule of water [33, 51].  

Reactions catalyzed by peroxidases can be summarized in four classes (Table 3). In the absence of an 

organic substrate or halide, the catalase reaction is observed: hydrogen peroxide disproportionation 

to water and oxygen [52-53]. Hydrogen peroxide dismutation usually occurs as a side reaction, whereas 

other reactions represent synthetic value.  

A classical peroxidase reaction (oxidative dehydrogenation, or peroxidative activity) proceeds as one 

electron transfer oxidation with radical intermediates, particularly of phenolic derivatives or anilines 

[9, 54-55]. Here, Compound I extracts one electron from the substrate to form a protonated 
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iron(IV)oxo intermediate called Compound II (Scheme 3). A second electron transfer returns enzyme 

to the resting state [33]. The resulting radicals (e.g. phenoxy radicals) then can initiate a non   

enzymatic polymerization. 

Table 3. Reactions catalyzed by peroxidases 

Reaction type Example Ref 

1. Oxidative dehydrogenation  

2RH + H2O2 → 2R∙
 
+ 2H2O → R-R 

 

[9, 56]
 

2. Oxidative halogenation 

RH + H2O2 + Hal
-
 + H

+
 → RHal+ 2H2O 

 

[57]
 

3. Oxygen transfer 

RH + H2O2 → ROH+ H2O 
 

[58-59]
 

4. Hydrogen peroxide dismutation 

2H2O2 → O2 + 2H2O 

 [52-53]
 

In oxidative halogenation reactions Compound I reacts with halide yielding resting enzyme and 

hypohalous acid, which acts as a halogenating agent [51]. Halogenation occurs with unbound 

substrate outside of enzyme active site and lacks selectivity, although some vanadium - containing 

peroxidases are able to catalyze selective halogenation [60].  

The oxygen transfer from H2O2 or R-OOH to the substrate is the most intriguing property of 

heme - thiolate peroxidases, which is referred to as peroxygenase activity [51]. In an oxygen transfer 

reaction, the Compound I is reduced to native state via two - electron transfer directly reacting with a 

substrate (Scheme 1). Heme - thiolate peroxidases showed dramatic differences to all peroxidases 

with respect to amino - acid sequence, structure (cysteine as 5th axial heme ligand) and reactions 

catalyzed. Due to their unique structure they combine the features of both – P450s (oxygen transfer) 

and peroxidases (e.g. phenol and halide oxidation) [50-51].  

CPO was discovered as a first halogenating enzyme involved in the synthesis of the chlorine -

containing antibiotic caldariomycin. CPO owes its name thanks to its main catalytic activity - the 

oxidation of chloride into hypochlorous acid, which further chlorinates organic molecules. Besides, 

CPO can oxidize bromide, iodide, but not fluoride. In the absence of halides, CPO oxidizes anilines 

and phenols through peroxidative mechanism (one electron oxidation). Besides, CPO can oxidize 

primary alcohols to aldehydes [52, 61-62]. 

CPO was the first discovered heme - thiolate peroxidase, which is able to catalyze oxygen transfer 

reactions (two electron oxidations), resembling catalytic activity of P450s. Despite similarities in 
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catalytic properties, the CPO doesn’t share any sequence homology with P450s, although molecular 

architecture - arrangement of α - helices in tertiary structure shows some similarities [63]. 

Sulfoxidation and indole oxidation are the most efficient oxygen transfer reactions catalyzed by CPO 

(Table 4, entries 1 - 2), although it is able to promote epoxidation of alkenes as well as benzylic and 

propargyllic hydroxylations (Table 4, entries 3 - 5) [33, 50]. However, oxygen transfer to less activated 

molecules as alkanes or aromatic rings cannot be catalyzed by CPO [50].  

CPO has been an only one heme - thiolate peroxidase characterized for more than 50 years until 

Hofrichter and co-workers discovered more similar enzymes of this class in the basidiomycetous 

fungus Agrocybe Aegerita (AaeAPO) [64]. Later homologous proteins have been also detected in 

Coprinellus radians, Coprinopsis verticillata, and Agrocybe alnetorum, etc. [51]. Moreover, several 

hundred homologous sequences have been identified in genoms of over 20 basidiomycota and over 

30 ascomycota encoding putative heme - thiolate peroxidase/peroxygenase [51]. Due to the ability to 

hydroxylate and epoxidize aromatic substrates, these enzymes have been assigned as aromatic 

peroxygenases (APO), which set them apart from CPO. APOs revealed no homology to classic 

heme - peroxidases and P450 monooxygenases, and only little homology with CPO (35% similarity in 

N - terminal moiety; C - terminal part is completely different) [51].  

AaeAPO, similarly to CPO, performs one – electron abstractions, brominations (but no chlorinations), 

and the most interesting – various peroxygenations. In addition to strong hydroxylating activity 

towards aromatic compounds, AaeAPO possess strong activity for epoxidation and benzylic 

hydroxylation (Table 4, entries 6 - 9) [Chapter 3], [50-51]. Moreover, it is able to catalyze hydroxylation of 

fatty acids and alkanes from propane to hexadecane (Table 4, entries 10 - 14). Thus, AaeAPO possess 

strong activity for the broad range of synthetically valuable oxyfunctionalization reactions with 

remarkably high specificity. 

Preliminary studies show some similarities in structure and several sequence motives of AaeAPO and 

CPO enzymes around the active site (heme-thiolate region), but also considerable differences in the 

heme channel and amino acids in the heme channel [65]. The much stronger 

hydrolylating/oxygenating activity of AaeAPO than CPO might be due to different positioning of the 

substrate near the ferryl oxygen of heme or the differences in redox potential of proteins. However 

the answer is still pending. 
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Table 4. Oxygen transfer reactions catalyzed by heme – thiolate peroxygenases. 

 Substrate Catalyst TTN/ TF, min
-1

 Product (Yield, %) Ref. 

1 thioanisole CPO
 a

 250*10
3
/ 500

 
(R) –methyl phenyl sulfoxide (100)  

ee 99 % 

[66]
 

2 indole CPO 860*10
3 

/ 2000 
b 

Oxindole (100) 
[67]

 

3 cis-2-heptene CPO 1700
 b

 / n.a. (2R,3S)- epoxide (78) 

ee 96 % 

[68]
 

4 ethylbenzene CPO 700/ n.a. (R)-1-phenylethanol (20) 

ee 97 % 

[58]
 

5 cis-β-methylstyrene CPO  1500
 b

/ n.a. (1S,2R)-cis-β-methylstyrene epoxide (67) 

ee 96 % 

 

[68]
 

6 ethylbenzene AaeAPO 43000/ n.a.
 

1-(R)-phenylethanol  

ee 99.5 %  

[59]
 

7 toluene AaeAPO 58570/ 5860 
b
 Benzyl alcohol (37); Benzaldehyde (12); 

Benzoic acid (4);  

p-cresol (2); o-cresol (4);  

Methyl-p-benzoquinone (23) 

[69]
 

8 cis-β-methylstyrene AaeAPO 110 000/ n.a. (1R,2S)-cis-β-methylstyrene oxide  

ee 99% 

[59]
 

9 naphthalene AaeAPO 4760/ 950 
b
 1-naphthol (64) 

2-naphthol (1.9) 

1,4-naphthoquinone (1.3)  

[69]
 

10 cyclohexane AaeAPO 4500/ 75
 b

 cyclohexanol (99)  

cyclohexanone (1) 

[70]
 

11 propane AaeAPO 959/ n.a. 2-propanol (100)  
[70]

 

12 n-butane AaeAPO 1200/ n.a. 2-butanol (100); 

ee 31% (S) 

[70]
 

13 Heptane AaeAPO 1434/ n.a. 2-heptanol (60.5; ee 62.2 R)  

3-heptanol (39.5; ee 99.9 R) 

ketones (3%) 

[70]
 

14 myristic acid (C14) AaeAPO 6700/ 56
 b

 (ω-1)-hydroxymyristic acid (34) 

(ω-2)- hydroxymyristic acid (30) 

(ω-1)-ketomyristic acid (21)
c
 

[71]
 

a 
CPO coimmobilized with glucose oxidase into polyurethane foams;

 b 
Calculated from available data; 

c 
traces of 

(ω-2)-ketomyristic acid, dihydroxylated compounds and several combinations of keto- and hydroxyl- derivatives 

also have been identified  
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3. The challenges of the enzymatic oxyfunctionalizations  

3.1. Inactivation by H2O2  

Despite of the great potential of the heme - dependent peroxygenases, their present practical 

application is limited by the low stability even in the presence of catalytic amount of H2O2. The 

mechanism of inactivation is still under debate. Particularly, in the absence of reducing substrates 

(RH) or when exposed to high concentration of H2O2, Compound I can react with H2O2 in a 

catalase - like two - electron reduction yielding molecular oxygen (Table 3), or in a two single electron 

transfers generating so - called Compound II. During two single electron reductions of Compound I, 

various activated oxygen species can be formed, e.g. superoxide anion or hydroxyl radicals. Heme 

enzymes are susceptible to oxidative destruction of the porphyrin ring by the activated oxygen 

species (Scheme 3) [72-75]. Vanadium peroxidases, which have a vanadate as prosthetic group, are 

more stable towards oxidative destruction as they do not contain a porphyrin ring [76]. These 

vanadium peroxidases are mainly isolated from marine environment, e.g. bromoperoxidase from 

seaweed Ascophyllum nodosum [76-77]. 

Another inactivation pathway of heme - peroxidases is the formation of Compound III. Compound III 

can be formed by adding an excess of H2O2 to either Compound II or native enzyme (Scheme 3) [73]. 

Once formed Compound III can follow three degradation pathways: (i) the bound peroxyl radical of 

Compound III can oxidize porphyrin moiety leading to formation of an open-chain tetra-pyrrole 

structure and the release of heme iron; (ii) it can oxidize surrounding protein residue or react with a 

substrate molecule returning enzyme to the ground state; (iii) it can decay liberating reactive oxygen 

species, e.g. peroxyl or hydroxyl radicals. These radicals may lead to radical chain reaction forming 

amino acid - based free radicals, which can further generate intermolecular crosslinks [73]. 

 

Scheme 3. Alternative inactivation pathways from Compound III intermediate 
[73]

. 
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Different ways to circumvent oxidative inactivation have been proposed. (1) The stability of enzymes 

can be improved by using less reactive organic peroxides, such as cumene - and tert - butyl 

hydroperoxide instead of H2O2 
[33, 78]. (2) Addition of free - radical scavengers, such as tert - butyl 

alcohol, vitamin C, A and E, mannitol, have been also widely applied [43, 79-80]. (3) Protein engineering 

in most cases have been applied to alter the catalytic activity of the enzymes rather than stability [73, 

79, 81-82]. However, in some cases the stability towards H2O2 also could be improved by targeting the 

amino acids susceptible to oxidation by H2O2 
[73].  

(4) Various enzyme immobilization techniques showed significant improvement in enzymes stability 

towards H2O2 
[66, 83-85]. For example, stability of CPO towards an oxidant could be enhanced by CPO 

immobilization on silica gel: immobilized CPO retained >20% of its activity in the presence of 10 mM 

tert-butyl hydroperoxide after 4 hours, while the soluble CPO was completely inactive after 

2 hours [86].  

(5) Alternative approaches comprise different methods for regulation of hydrogen peroxide 

concentration. Thus, the stability of CPO has been significantly improved by stepwise or sensor-

controlled addition of hydrogen peroxide [67, 74]. Furthermore, positive results have been obtained by 

using in situ production of hydrogen peroxide by various methods (Table 5) [Chapter 2,3].  

Table 5. CPO - catalyzed sulfoxidation of thioanisole using different H2O2 generation/ -dosage methods.  

H2O2 generation method  TTN (CPO) ee, % Ref. 

Stoichiometric H2O2 4 900 99 
[87]

 

Sensor – controlled 148 000 n.d. 
[33]

 

Glucose oxidase/glucose/O2 250 000 99 
[66]

 

Cathode/ O2 58 900 93 
[88]

 

Flavin/ EDTA/ hν/ O2 22 400 99 
[87]

 

3.2. Cofactor dependency 

Oxidations can be performed by isolated enzymes or whole cells. However, the application of 

isolated oxygenases for the large - scale synthesis has been hindered by many obstacles including 

multicomponent architecture of the enzymes and their dependency on the reduced nicotinamide 

cofactors NAD(P)H providing the reducing equivalents needed for the catalysis [8, 30, 89-90],[Chapter 5,6].  

Considering the disadvantages of whole cells catalysis (vide supra), significant efforts have been 

devoted to establish the processes using isolated P450 enzymes in combination with NAD(P)H 

supply. However, stoichiometric use of NAD(P)H is not feasible due to its high cost [Chapter 5]. 

Therefore, for preparative applications NAD(P)H cofactors are usually supplied in the catalytic 
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amount and continuously regenerated in the reaction media. Up - to - date cofactor regeneration is 

widely achieved by addition of a second enzyme and a co-substrate (enzyme - coupled reaction 

system) [9, 91]. For example, formate dehydrogenase or glucose dehydrogenase have been extensively 

applied using formate and glucose as co-substrates respectively [91-92]. In addition, the chemical and 

electrochemical NAD(P)H recycling systems have been investigated intensively [93-95]. These 

regeneration techniques will be discussed in detail in Chapters 5 and 6. 

In addition, alternative to NAD(P)H electron sources have been evaluated, such as ascorbic acid, 

sodium dithionite, and electrochemical means [96-99]. However, conversions and initial rates of such 

systems are much lower than with natural NAD(P)H cofactors. NAD(P)H cofactors can also be 

substituted by their biomimetic analogs bearing nicotinamide ring required as the redox active site. 

The development of NAD(P)H - mimics for oxidoreductases catalysis is gaining more attention due to 

their economic benefits, easy synthesis and high stability [100-102]. For example, biomimetic NAD(P)H 

analogs N-Benzyl-1,4-dihydronicotinamide could substitute the natural NADH for catalysis of 

P450cam [103].  

The great potential of P450s could be also realized via a peroxide shunt pathway completely 

circumventing the involvement of NAD(P)H (Scheme 1). Generally, under anaerobic conditions 

ancient prokaryotic P450s may have functioned as peroxidases/peroxygenases [43]. Thus, several 

reactions have been performed using alkyl peroxides, peracids, sodium chlorite, sodium periodate, 

and iodosylbenzene as oxidants [104]. For example, the thermofilic archaeal CYP119 from Sulfolobus 

acidocaldarius catalyzes the hydroxylation of laurate, and epoxidation of cis - stilbene and styrene in 

the presence of H2O2, tert-butyl hydroperoxide or m-chloroperoxybenzoic acid [43].  

Although the shunt pathway was mostly applied for mechanistic studies, some progress using H2O2 

has been achieved in combination with protein engineering [105-106]. For example, wild-type P450BM3 

performed only few turnovers prior to inactivation using H2O2 for hydroxylation of fatty acids, 

whereas the fifth generation mutant 21B3 accepted H2O2 and catalyzed hydroxylation without the 

use of NADPH [106]. The turnover rates and final productivities are generally much lower when using 

H2O2 as oxidant [82]. E.g. the mutant 21B3 achieved a TOF of 50 min-1 for lauric acid hydroxylation and 

final turnovers 280, whereas typically P450 BM3 catalyzes the fatty acid hydroxylation with turnover 

frequencies up to few thousands per minute [37]. Nonetheless, the peroxide shunt pathway 

represents an important step towards synthetic potential of P450s enzymes in vitro. 

3.3. Substrate supply and product removal 

One of the major limitations of the enzymatic oxyfunctionalizations is the low solubility of organic 

substrates in the aqueous media, which leads to high reaction volumes and complicated product 
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purification. Moreover, (co)-substrates / (co)-products often inhibit enzymes [Chapter 6] or cell growth in 

case of whole cells catalysis [89, 107]. Organic co-solvents or ionic liquids are widely used to increase the 

solubility of hydrophobic substrates [108-112]. They can be applied as (a) co-solvents with water; (b) as a 

second organic phase in water-organic biphasic system; (c) alone as non-aqueous solvents. 

Although water-miscible co-solvents are widely applied, high solvent concentrations (that are 

necessary to achieve high substrate concentrations) often lead to enzyme inactivation and 

denaturation [113-114]. Moreover, the use of co-solvents does not solve the problem of enzyme 

inhibition by high concentrations of (co)-substrate or (by)-product. 

The situation is different, when water immiscible or poorly miscible organic solvents (or ionic liquids) 

are used. In this case, the system consists of two phases – aqueous and organic, assuring that the 

concentration of the solvent in the aqueous phase remains low. Therefore inactivating and 

denaturing effects are much lower than those induced by hydrophilic co - solvents. The aqueous 

phase contains enzymes or cell and cofactors, whereas organic solvent contains the hydrophobic 

organic substrates [9, 115], [Chapters 2-3, 5-6]. On shaking or gentle stirring, the substrate partitions between 

the organic and aqueous phase, where biotransformation occurs, and product partitions back to 

organic phase. This simple method simultaneously solves problems of substrate supply and enzyme 

inhibition/inactivation by (co)substrate/(by)product, as their concentration remains very low in 

aqueous phase. Biphasic systems require smaller reaction volumes and facilitate product recovery. If 

needed, the cofactor regeneration system can be also applied under these conditions [Chapters 5, 6]. For 

example, cyclohexane hydroxylation was established in a biphasic system (cyclohexane/buffer) using 

the mutant of P450 BM3 coupled with FDH catalyzed NAD(P)H regeneration system. Promising 

results were obtained revealing 12850 of TTN for double mutant R47L/Y51F and 330 for NADPH [116]. 

Non - aqueous or low water-content systems are not so common for oxyfunctionalizations and only 

few examples have been reported [117-119]. For example, thioanisole oxidation catalyzed by horse-

radish peroxidase was 10 to 100 folds faster in isopropyl alcohol or methanol than in aqueous 

solution [117]. Selective oxidation of indole and thioanisole could be catalyzed by immobilized CPO in a 

range of organic solvents using tert-butyl hydroperoxide as an oxidant [120]. Indole oxidation catalyzed 

by CPO immobilized in polyurethane foam proceeded with TF of approx. 260 min-1 in isooctane or n-

hexane and resulted TTN up to 20000 [120]. However, the enzyme activity and overall productivity of 

these reactions are lower than in aqueous solutions. 

4. Potential applications  

The number of commercial biocatalytic C-H oxyfunctionalizations is slowly growing, especially for the 

syntheses that are inaccessible by chemical methods [2, 4, 30]. E.g., many microbial biotransformations 
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are already established in pharmaceutical industry, where chemo-, regio- and stereoselectivity are of 

great importance [8, 27, 121]. However, general exploitation of the isolated enzymes is hampered by 

their multicomponent structure, NAD(P)H cofactor dependency and poor stability. For these reasons, 

industrial P450 - based oxyfunctionalizations are based on whole cell catalysis, which is not always 

optimal due to reagent toxicity, low NAD(P)H regeneration rates, and high oxygen consumption by 

endogenous cell respiration [8, 27].  

Protein engineering has played a major role towards adapting and modulating the reactivity of P450s 

for non-natural substrates as well as creating self-sufficient P450s systems. Other strategies, such as 

the use of activator molecules to alter P450s selectivity, provide an alternative or synergetic tool for 

synthetic applications. Recent results showed the great potential of P450s catalysis not only towards 

selective oxyfunctionalizations of the complex biomolecules, but also for short chain and cyclic 

alkanes/ alkenes (Table 2). However, these transformations have to become more efficient in terms 

of productivity in order to lead to an industrial process. 

The recently discovered AaeAPO peroxygenase, represents a promising complimentary tool to P450s 

for specific C-H oxyfunctionalizations. AaeAPO is a naturally occurring single component protein, 

independent of NAD(P)H cofactor and quite stable in broad range of solvents [70]. Moreover, AaeAPO 

possesses a remarkable activity towards oxyfunctionalizations of activated and non - activated C-H 

bonds and can be directly applied without demanding techniques of protein engineering (Table 4). To 

date, AaeAPO is closest to be the ideal selective biocatalyst for hydroxylation and epoxidation 

reactions, although its production has not been commercialized yet [Chapter 3].  

Biocatalytic oxyfunctionalizations are also attractive from an environmental point of view. In general, 

biocatalytic processes are considered ecologically advantageous over catalytic processes due to the 

use of lower temperatures and pressures combined with higher selectivity of the process. 

Furthermore, biocatalytic oxyfunctionalizations utilize “green” oxidants such as H2O2 or oxygen that 

lead to formation of water as by-product. In comparison, asymmetric catalytic oxidations that are 

widely applied in industry, usually rely on stoichiometric oxidants such as hypochlorite (Jacobsen’s 

asymmetric epoxidation with (salen)manganese(III) as catalyst) and organic peroxides (Sharpless 

asymmetric epoxidation with titanium tartrate complex as catalyst) [122].  

However, every new bioprocess cannot be taken as more sustainable than existing processes a priori 

and has to be proven in each individual case. To compare alternative chemical processes Sheldon 

introduced the concept of E - factor (kg by-products/ kg product) and environmental quotient (EQ), 

which is obtained by multiplying the E - factor by the arbitrarily chosen unfriendliness quotient Q [123-

125]. For example, innocuous salts such as NaCl can be assigned as a Q value of 1, whereas heavy 
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metal salts, e.g. chromium, can be given a value of 100 or 1000, depending on toxicity. Hence, 

alternative processes can be compared not solely on the amount of wastes generated, but also on 

the nature of the wastes. 

For example, Friedrich et al performed the ecological assessment for production of 

(R)-1-phenylethanol using AaeAPO in comparison to: (1) a modern chemical process producing 

racemic 1-phenylethanol from acetophenone using a titanium catalyst [126] with subsequent 

enzymatic dynamic kinetic resolution with lipase [127]; and (2) whole-cell procedure using genetically 

modified E.coli cells and acetophenone as a substrate [128].  

This ecological evaluation, expressed as a potential environmental impact (PEI) for production of 1 kg 

of the product, has been performed using the software Sabento. PEI takes into account both the 

amount of substances used in the synthesis and the nature of the substances. Thus, each substance 

used in the synthesis assigned in the Sabento by corresponding environmental factor (EF), estimated 

by 14 different impact categories (IC), such as raw material availability, toxicity, global warming 

potential, acidification potential etc. Each IC has corresponding weighting coefficient, e.g. global 

warming potential assigned as 100, wherein acidification potential – as 66. Furthermore, for each 

individual substance mass index (MI) is determined that indicates how much substance (kg) is used 

per kg of product. Thereafter, PEI can be obtained by multiplying MI (mass index) of each substance 

by an environmental factor (EF) of a substance (PEI = MI*EF) [128-129].  

During process development the AaeAPO – catalyzed process has been systematically improved with 

respect to ecological performance (Table 6, entries 1-2): 

(1) The content of acetonitrile used as co-solvent was reduced from 25 % to 3 % (v/v) as this 

compound was shown to possess the most adverse effect in the assessment, expressed as the 

highest PEI. (2) By the continuous extraction of the products the amount of solvent could be reduced 

to 50% compared to single product extraction. (3) Initially the by-product acetophenone was 

removed by derivatization, and the product was separated from the reactant by distillation. In the 

final procedure the energy consuming distillation was replaced by column chromatography.  

Although the product recovery of the revised process was slightly decreased due to the shortening of 

the reaction time, but simultaneously, the amount of the undesired by-product acetophenone was 

reduced to less than one-third. Analysis of the wastes revealed that acetonitrile has the highest 

effect on PEI, despite of drastically reduced amounts and being recycled. All other substances used in 

the process contribute only marginally to PEI of the revised peroxygenase process. Nevertheless, 

optimized AaeAPO-catalyzed process reached the best environmental impact number in comparison 
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with modern chemical and biotechnological processes (Table 6). Thus, biocatalytic AaeAPO-catalyzed 

C-H oxyfunctionalizations are attractive from a synthetic and environmental point of view. 

Table 6. Comparison of different procedures for the preparation of (R)-1-phenylethanol with regard to recovery rate (in 
relation to reactant) and ecological performance, expressed as potential environmental impact (PEI) value determined 
with Sabento 

[128]
. 

Entry Procedure Recovery rate, % PEI 

1 Primary AaeAPO process 63 14431 

2 Revised AaeAPO process 48 832 

3 Chemical process with subsequent lipase-catalyzed dynamic 
kinetic resolution 

64 7260 

4 Microbial process using E.coli strain BL21(DE)/AW-9 56 1489 

In conclusion, it can be stated that the potential of biocatalytic oxyfucntionalizations is immense. The 

potential of biocatalytic oxyfunctionalizations is definitely recognized by industry, as evidenced by an 

increasing amount of industrial - academic projects such as Peroxicat [130], INDOX [131]. P450s 

catalyzed systems already have proven their value in the pharmaceutical industry [27, 132]. Further 

studies on AaeAPO catalyzed processes may lead towards commercial applications in the 

pharmaceutical and the fine chemical industry. Furthermore, the optimization of P450/AaeAPO 

activity towards short chain and cyclic alkane/ alkenes might be of great importance for the 

petrochemical industry. In this respect, future research needs to focus on further improvement of 

the reactions productivities through combined enzyme, cell, reaction, and process engineering.  

Research aim 

Aim of this thesis is to setup robust and scalable biocatalytic oxyfunctionalizations using 

heme - dependent peroxygenases. Although heme - dependent enzymes have great potential for 

organic synthesis, most of the processes still have to be optimized in terms of productivity for 

synthetic applications. However, most studies so far had mainly focused on substrate scope, 

neglecting stability issues which represent the major bottleneck en route to practical application. My 

PhD project aims at designing stable peroxygenase - based oxyfunctionalization processes. 

Particularly, the focus is on optimized in situ provision of H2O2 to minimize enzyme inactivation. 

Eventually the practical applicability of the optimized setup is demonstrated at preparative - scale 

biotransformations using two liquid phase approach. A second major theme of the project deals with 

NAD(P)H cofactor regeneration. Two novel regeneration approaches are established, characterized, 

and eventually scaled - up. 
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Thesis outline 

Chapters 2, 3, 4 deal with various oxyfunctionalizations catalyzed by heme - dependent 

peroxygenases. To avoid the chemical degradation of the enzymes we have developed two 

alternative catalytic approaches for the controlled in situ H2O2 generation from O2. General 

applicability of the proposed in situ generation of H2O2 method has been demonstrated for different 

peroxygenase - catalyzed biotransformations. 

In Chapter 2 a novel, photocatalytic approach for in situ H2O2 generation has been established and 

applied for the CPO catalyzed sulfoxidation in two liquid phase system (2 LPS). The results in both 

aqueous and 2 LPS are compared. Main limitations of 2 LPS approach and possible solutions have 

been discussed. 

In Chapter 3 the photocatalytic approach for in situ H2O2 generation has been combined with 

AaeAPO catalyzed epoxidation and hydroxylation reactions of various substrates. Photoenzymatic 

oxyfunctionalization of several substrates were performed in 2 LPS and compared to 

biotransformations in the aqueous system. Possibilities to improve environmental impact of 

photocatalytic approach have been discussed. 

Chapter 4 refers to the specific α- or β-hydroxylation of fatty acid catalyzed by the cytochrome P450 

peroxygenases P450Bsβ (CYP152A1) from Bacillus subtilis and P450Clα (CYP152A2) from Clostridium 

acetobutylicum. To avoid oxidative degradation of the peroxygenases by H2O2, an alternative in situ 

H2O2 generation method has been developed using a biomimetic nicotinamide cofactor and flavin.  

Chapter 5, 6 are addressed to issues of NADH cofactor regeneration. 

Chapter 5 has been addressed to the issues of mutual inactivation between enzymes and 

organometallic complexes used for NADH regeneration. To overcome this issue, organometallic 

complexes were encapsulated into protein scaffold resulting an artificial metalloenzyme. Novel 

NADH regeneration approach using an artificial metalloenzyme has been established and coupled to 

2-hydrohybiphenyl 3-monooxygenase (HbpA). Furthermore, the reaction has been applied in 2 LPS to 

obtain higher productivities 

In Chapter 6 hydrophobic formic acid esters have been established as alternative co-substrates for 

the formate dehydrogenase (FDH)-catalyzed regeneration of NADH. Octyl formate was demonstrated 

to serve as organic phase solubilizing hydrophobic reagents as well as serving as a source of reducing 

equivalents to enable FDH-catalyzed regeneration of NADH. This system was used to drive a HbpA-

catalyzed hydroxylation reaction.  
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Chapter 2 

Increasing the productivity of peroxidase - catalyzed 

oxyfunctionalization – a case study on the potential of two liquid 

phase systems 

Introduction 

Peroxidases (E.C.1.11.1.) bear an enormous potential for organic oxyfunctionalization chemistry [1]. 

Especially the heme - thiolate peroxidases (peroxygenases) combine P450 monooxygenase reactivity 

with independence from costly and instable nicotinamide cofactors [2]. Instead, peroxidases 

regenerate their catalytically active oxyferryl - species using hydrogen peroxide (H2O2) 
[2-4], [Chapter 1]. 

The chloroperoxidase from Caldariomyces fumago (CPO) represents the most widely used and best-

characterized peroxidase for catalytic sulfoxidation and oxyfunctionalization [1].  

However the H2O2 - related suicide inhibition of CPO limits its practical application [5-6]. To achieve 

high productivities, various approaches on CPO immobilization [7-13] or protein engineering [8, 14] has 

been examined. However the catalytic activity of CPO in terms of total turnover number (TTN, mole 

product / mole of enzyme) in most of the cases remained low, although there are outstanding 

examples (vide infra). 

Alternatively, the enzyme stability can be improved by maintaining a low hydrogen peroxide 

concentration via its stepwise or continuous addition [15-16]. For example, a sensor-controlled method, 

wherein the H2O2 concentration is adjusted according to the progress of the reaction has proved to 

be efficient for CPO - catalyzed oxidations [15-16]. Thus a TTN of 850*103 was obtained for indole 

oxidation in a sensor controlled fed - batch reaction [15]. Also the TTN in the oxidation of thioanisole 

was increased to 148 *103 by sensor - controlled oxidation in aqueous buffer solution containing 30% 

(v/v) tert-butyl alcohol [1].  

However sensor-controlled addition of hydrogen peroxide forms so called ‘hot spots’ containing 

locally high concentrations of H2O2 that lead to enzyme inactivation [4]. This can be circumvented by 

in situ H2O2 generation from O2 via chemical [17-19], electrochemical [20-22] and enzymatic approaches [9, 

23-24]. All systems share the possibility to control the H2O2 generation rate thus balancing the rates of 

peroxidase - activity and - inactivation, which both inversely depend on the in situ concentration of 

H2O2 
[1-2]. For example, one of the highest TTN of 250*103 for oxidation of thioanisole (a commonly 

used model substrate for CPO-catalysis) was obtained in the presence of CPO coimmobilized with 

glucose oxidase on polyurethane foam for in situ H2O2 generation [9].  
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To avoid the suicidal inactivation of CPO by H2O2 we applied a photocatalytic system for in situ H2O2 

generation [19]. Here, visible-light exited flavins such as flavin adenine mononucleotide (FMN) oxidizes 

simple and abundant electron donors such as EDTA (ethylenediaminetetracetic acid disodium salt 

dihydrate). The resulting reduced flavin (FMNH2) rapidly reacts with molecular oxygen (from ambient 

atmosphere) yielding the re-oxidized flavin and hydrogen peroxide, which is utilized by the 

peroxidase to promote oxyfunctionalization chemistry (Scheme 1). 

 

Scheme 1. Schematic representation of the proposed photocatalytic in situ H2O2 generation approach. CPO: 
Chloroperoxidase from Caldariomyces fumago, hν: visible light. 

Another concern of peroxidase - catalysis, and of biocatalysis for organic chemistry in general, is 

based   on the hydrophobic nature of most synthetically important substrates and products. 

Interestingly, the apparent incompatibility with aqueous reaction media has so far not raised great 

concern amongst researchers and the majority of publications deals with substrate loadings in the 

range of a few millimolar. Such low concentrations require the use of high volumes of aqueous 

reaction mixture in order to produce a given amount of product.  

Notably, also the solubility of molecular oxygen in aqueous media is also very poor (approx. 

0.25 mM). Hence, in case of reductive H2O2 generation from O2, this ‘co - substrate’ quickly becomes 

limiting and overall rates are determined by O2 diffusion rather than other factors.  

To overcome such solubility issues, researchers have evaluated various water - miscible 

co - solvents [25], e.g. tert - butanol [26], acetone [27] or ionic liquids [28-30]. However, presence of organic 

co - solvents can impair both the enzyme activity [31] and selectivity [25, 32].  

Alternatively, the substrate can be supplied via a second water-immiscible phase using the two 

liquid - phase concept, where the organic phase serves as a substrate reservoir and a product sink [33-

35]. The use of the two liquid phase system (2 LPS) ensures that the substrate and products are 

concentrated in an organic phase, simultaneously preventing enzyme inhibition by high 

concentrations of substrate/product.  
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Inspired by the report by Park and Clark [36] who utilized the liquid organic substrate itself as a 

substrate reservoir and product sink we decided applying the 2LPS concept on the oxygenation of 

thioanisole (Scheme 2). 

 

Scheme 2. Schematic representation of the proposed two liquid phase system for the photoenzymatic approach. CPO: 
Chloroperoxidase from Caldariomyces fumago, FMN: flavin mononucleotide, hν: visible light, EDTA: 
ethylenediaminetetraacetic acid. 

Results and discussions 

The benchmark – monophasic reactions 

In order to establish the benchmark conditions we further investigated the monophasic sulfoxidation 

system. A correlation of the initial sulfoxidation rate on the light distance was observed (Figure 1), 

which we attribute to the light intensity, as thermal effect can be excluded (reaction was performed 

in the thermostate at 30oC). Furthermore, we assume the light intensity directly corresponds to the 

in situ concentration of photoexcited FMN‡ (flavin mononucleotide, FMN). 

 

Figure 1. Influence of distance of the light source on the initial rate of the photoenzymatic sulfoxidation. Conditions: 
[CPO] = 4 μM, [FMN] = 50 μM, [EDTA] = 5 mM, [thioanisole] = 5 mM, T = 30

o
C. The results of duplicate experiments are 

shown; the deviation was always less than 10%. 
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As the in situ concentration of photoexcited FMN‡ should also correlate with the overall FMN 

concentration we also systematically varied this parameter. To our surprise, a saturation - type 

dependence of the initial rate on the photocatalyst concentration was found (Figure 2). 

 

Figure 2. Influence of photocatalyst concentration on the rate of the photoenzymatic sulfoxidation in aqueous medium. 
Conditions: [CPO] = 4 μM, [EDTA] = 5 mM, [thioanisole] = 5 mM, methanol 1% (v/v); T = 30

o
C. The results of duplicate 

experiments are shown; the deviation was always less than 5%. 

It is noteworthy that ‘half saturation rate’ was obtained at approximately 10 μM FMN. Under these 

conditions CPO turnover frequency (TF) was in the range of 10 min-1 thereby falling back behind the 

reported Vmax of 960 min-1 by orders of magnitude [1]. 

We attribute this saturation - type behaviour to a fast depletion of dissolved O2 in the reaction 

medium leading to diffusion of atmospheric O2 becoming overall - rate limiting. Heterogeneous 

intake of O2 (e.g. by bubbling air into the reaction medium) was not feasible due to fast inactivation 

of the biocatalyst caused by the mechanical force from the gas stream. Furthermore, the monophasic 

system was severely limited by evaporation of the starting material (typically, the mass balance was 

less than 50%, Figure 3 ♦). Hence, we decided to evaluate the 2LPS to overcome both challenges 

mentioned above. 

Two liquid phase reactions 

Indeed, adding thioanisole as a second organic phase to a typical monophasic reaction resulted in a 

significant prolonging of the reaction time from approximately 2h to at least 24h of linear 

accumulation of (R)-methyl phenyl sulfoxide (ee 97%) under otherwise identical conditions (Figure 

3 ■). Furthermore, overoxidation towards methylphenylsulfone was not observed (in none of the 

experiments). 
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Figure 3. Comparison of photoenzymatic sulfoxidations with general conditions of 50 mM sodium acetate buffer 
(pH 5.1), [CPO] = 4 μM, [FMN] = 50μM, T = 30

o
C, light distance 1 cm, and the following variable conditions: initial 

conditions of an aqueous reaction system: [EDTA] = 5 mM, [thioanisole] = 5 mM, methanol 1% (v/v), V = 20 ml (); 
2LPS with clearly defined phases: low mechanical stress; [EDTA] = 5 mM, V thioanisole = V aq. phase = 15 ml (■); 2 LPS 
obtained by mechanical stirring: emulsion obtained by high mechanical stress; [EDTA] = 5 mM, V thioanisole = V aq. phase = 
10 ml (●); surfactant - stabilized 2 LPS: emulsion obtained by low mechanical stress; 0.4% (w/v) Aerosol OT, 
[EDTA]  =  50 mM, V thioanisole = V aq. phase = 5 ml (▲). 

We attribute this significant prolongation of the productivity time to the constant supply of CPO with 

thioanisole from the organic phase. Interestingly, the initial rates in both monophasic and biphasic 

set up were identical (within experimental error). We suspected diffusion limitation to account for 

this apparently very poor catalytic activity of the photoenzymatic sulfoxidation system. Repeating the 

reaction under identical conditions albeit forming an emulsion (by vigorous mechanical stirring) 

resulted in an 8-fold increased initial rate (Figure 3 ●) supporting the assumption of diffusion 

limitation being overall rate limiting. The robustness of this emulsion reaction, however, was rather 

poor and the sulfoxidation reaction ceased after 2 - 3h. Possibly CPO was rapidly inactivated under 

the mechanically demanding reaction. We therefore evaluated the use of sodium dioctyl 

sulfosuccinate (Aerosol AOT) as surfactant (Figure 4) enabling formation of a stable emulsion at 

significantly reduced mechanical stress. As a result, the reaction rate was somewhat decreased but 

allowed for much longer reaction times (Figure 3▲). Overall, more than 45 mM of enantioenriched 

(>96% ee) (R)-methyl phenyl sulfoxide was obtained using this procedure. 

 

Figure 4. Sodium dioctyl sulfosuccinate. Commercial name Aerosol® OT surfactant.  
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We re-evaluated the influence of [FMN] on the rate of the photoenzymatic sulfoxidation reaction, 

this time under the conditions of the surfactant - stabilized emulsion (Figure 5). 

 

Figure 5. Influence of [FMN] on the rate of the photoenzymatic sulfoxidation under 2LPS conditions. Conditions: 50 mM 
sodium acetate buffer (pH 5.1), [CPO] = 4 μM, [EDTA] = 50 mM, [FMN] = 0 - 300 µM; 0.4% (w/v) Aerosol OT; 
V thioanisole = V aq. phase = 1 ml; T = 30

o
C; light distance 1 cm. The experiments were performed as triplicate. 

It should be mentioned here the reproducibility of these experiments was rather poor as seen by the 

large error bars in Figure 5. The present emulsion remains to be optimized as the droplet size 

presumably depended on stirrer speed and phase separation occurred quickly upon stopping the 

stirring.  

Nevertheless, compared to the initial monophasic reaction system (Figure 2) the maximal rate was 

increased almost 10 - fold. Also the half - saturation concentration of FMN increased to 

approximately 30 μM, which we attribute to an increased O2 transfer rate to the aqueous reaction 

medium. This assumption is supported by the observation that the initial rate was largely 

independent of the biocatalyst concentration applied. Hence, lowering [CPO] from 8 μM to 60 nM 

hardly affected the initial (R)-methyl phenyl sulfoxide generation rate (Figure 6). Hence, the nominal 

TF (CPO) increased to up to 470 min-1 and TTNs up to 126000 have been observed. However, 

especially at low biocatalyst concentrations product accumulation ceased quickly, which we attribute 

to CPO inactivation. Here also enantioselectivity at low CPO concentration was impaired over 

24 hours e.g. resulting ee 85% at 2 µM of CPO. We attribute the decrease in enantioselectivity to 

non – enzymatic photooxidation of thioanisole (vide infra).  
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Figure 6. [CPO] - dependence of the initial rate in the photobiocatalytic sulfoxidation reaction under 2LPS conditions. 
General conditions: surfactant - stabilized 2LPS, V thioanisole = V aq. phase, 50mM sodium acetate buffer (pH 5.1), 0.4% (w/v) 
Aerosol OT, [CPO] = : 4 μM, : 2 μM, : 0.5 μM, : 0.1 μM, : 0.06 μM, [FMN] = 50 μM, [EDTA] = 5 mM, T = 30

o
C, 

light distance = 1 cm.  

Control experiments incubating CPO in the emulsion in the absence of a H2O2 generation system let 

us estimate a half life time of 5 h under these conditions at low CPO concentration (0.5 µM) (Figure 

7). Possibly the remaining mechanical stress and/or direct contact of the biocatalyst with the 

hydrophobic phase may account for this. Further studies will clarify the nature of this inactivation. 

Using immobilized CPO may be a viable approach to overcome this inactivation limitation [10, 37-39]. 

 

Figure 7. Stability of CPO under the conditions of a 2LPS applied in this study. General conditions: surfactant - stabilized 
2LPS, V thioanisole = V aq. phase = 5 ml, 50 mM sodium acetate buffer (pH 5.1), 0.4% (w/v) Aerosol OT, [CPO] = 0.5 μM, 
[EDTA] = 5 mM, T = 30

o
C, light distance = 1cm. 
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An influence of light on the stability/activity of CPO cannot be ruled out presently. Thus the 

photoinactivation of catalase, a heme containing enzyme, was previously reported by 

Grotjohann et al. [40] In our hands, no significant difference was observed when performing 

CPO - catalyzed sulfoxidation reaction upon the external H2O2 addition under illumination or in the 

darkness (Figure 8); however identical experiments, but in the emulsion, over longer reaction period 

remain to be elucidated. 

 

Figure 8. Thioanisole oxidation catalyzed by CPO upon H2O2 addition; blue – under illumination; red – in darkness. 
General conditions: V = 3 ml; [thioanisole] = 5 mM; CPO = 4 μM; 50 mM sodium acetate buffer (pH 5.1); methanol 
1% (v/v); 36

o
C; aliquots (10 µL) of aqueous H2O2 solution (162.5 mM) were added at indicated time points to the final 

[H2O2] = 0.5 mM.  

Furthermore, we performed several control experiments in order to elucidate the possible 

background chemical activity under photocatalytic conditions in the emulsion. Reactions without 

CPO1 and in the darkness2 gave expected results (Table 1, entries 2-3). 

Interestingly, sluggish sulfoxidation (ee 34% (R)) was observed in the absence of photocatalyst (Table 

1, entry 4). The spontaneous oxidation of the sulfides to sulfoxides is possibly due to the presence of 

adventitious impurities in the reaction mixture. Thus, it is known that catalytic amounts of acid or 

metal oxide can enhance the oxidation of sulfides to sulfoxides [26]. In addition, sluggish thioanisole 

oxidation catalyzed by CPO, using O2 as an oxidant in the presence of reductant (EDTA), might occur 

and thus would explain the low enantioselectivity observed [41-42] (Table 1, entry 4). Light exposure 

seems to play a crucial role for these background reactions, as no conversion was observed in 

darkness. 

                                                           
1
 Thermally inactivated CPO was used (see experimental section). The background chemical activity is due to thioanisole 

oxidation by H2O2 formed photocatalytically. 
2
 No H2O2 was formed, therefore no conversion was observed 
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Table 1. Background activity in the photoenzymatic approach. Standard  conditions (1): 50 mM sodium acetate buffer 
(pH 5.1), [CPO] = 4 μM, [FMN] = 50 μM, [EDTA] = 50 mM 0.4% (w/v) Aerosol OT, V thioanisole = V aq. phase = 5 ml,  T = 30

o
C, 

light distance 1 cm. Control experiments were performed under standard conditions omitting one of the mentioned 
reaction components (entries 2-6). 

Entry Experiment Initial rate, mM/h (%)
a 

      [R+S]
b
,  mM (%)

c 
ee, (R) % 

1 Standard conditions 4.27 (100) 43.8 (100) 96 

2 No light 0 (0) 0 (0) 0 

3 No CPO 0.1 (2.5) 2.5 (6) 0 

4 No FMN 0.05 (1) 1.2 (3) 34 

5 No EDTA (AOT) 1.26 (31) 14.4 (33) 66 

6 No EDTA, no AOT 0.68 (17) 7 (16) 22 

a 
Calculated as the ratio of the initial rate in the control experiment to the initial rate of the standard reaction (Figure 3▲) 

over 24 h. 
b 

Sum of (R) - and (S) – methyl phenyl sulfoxide after reaction period of 24 h; 
c
 calculated as the ratio of the final 

product concentration in the control experiment to the final product concentration in the standard reaction (Figure 3▲) 
over 24 h. 

Unexpectedly, the significant formation of the (R) – methyl phenyl sulfoxide (ee 66% (R)) was also 

observed in the absence of electron donor (EDTA) (Figure 9) (Table 1, entry 5). Thioanisole 

photooxidation by oxygen in the presence of flavin was recently described by Dad’ova et al [43]. 

However the enantioselectivity observed in our experiment implies that the sulfoxidation occurs in a 

chiral environment, i.e. in the active site of CPO. We assume the inherent impurities in the reaction 

mixture could serve the equivalents for FMN reduction, resulting in production of H2O2 for the 

peroxidase catalytic cycle. Thus dioctyl sulfosuccinate (surfactant) may play the role of reductant 

(Figure 4); moreover commercial Aerosol OT solution often contains impurities [44]. Indeed 

performing the control experiment without EDTA and surfactant showed decrease in 

enantioselectivity (final ee 22% (R)) over reaction period (Table 1, entry 6) (Figure 9). The decreased 

enantioselectivity implies that the non - enzymatic thioanisole photooxidation becomes predominant 

in the absence of any reducing agents. 
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Figure 9. Time - course of thioanisole photoxidation in the organic aqueous emulsion:  (solid line) - supplemented with 
surfactant 0.4% (w/v) sodium dioctyl sulfosuccinate; (dashed line) - without surfactant. General conditions: 50 mM 
sodium acetate buffer (pH 5.1), V thioanisole = V aq. phase = 5 ml, [CPO] = 4 μM, [FMN] = 50 μM, T = 30

o
C, light distance 1 cm. 

Previously two mechanism of sulfides photooxidation has been observed: photooxidation promoted 

by singlet oxygen (1O2) and electron transfer (ET) mechanism involving formation of superoxide anion 

(O2
-.) from triplet oxygen [45] (Figure 10, Figure 11). Singlet oxygen pathway is known to be promoted 

by protic solvents [46]. Dad’ova et al proved the thioanisole photooxidation in the presence of flavin in 

methanol takes place via singlet oxygen pathway, although the contribution of ET mechanism cannot 

be excluded in other solvents [43]. 

 

Figure 10. Singlet oxygen mechanism of sulfides oxidation mediated by a flavin (Fl) 
[43]

. 

 

Figure 11. Mechanism of electron transfer sulfides oxidation mediated by a sensitizer 
[43]

. 

Currently we can only speculate on the thioanisole photooxidation mechanism. Nevertheless we 

consider the aforementioned non - enzymatic thioanisole oxidation reactions become uncompetitive 
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in the overall photoenzymatic approach. Therefore, the photoenzymatic thioanisole oxidation in 2LPS 

results in (R)-methyl phenyl sulfoxide at great enantioselectivity (ee 96%). 

Conclusions and outlook 

Overall, comparably small changes to the initial production system, i.e. application of a 

surfactant - stabilized two – liquid - phase system, have led to very substantial improvements of the 

performance of the photobiocatalytic sulfoxidation system. Both, initial rate and robustness of the 

system could be enhanced significantly leading to an increase of the final product concentration by 

more than one order of magnitude. Diffusion limitation represents the major challenge to be 

addressed to achieve optimized reaction conditions with maximized biocatalyst activity and stability. 

Further optimization should aim at more advanced emulsions (e.g. thermodynamically stable 

microemulsions). Medium engineering based on identification of the optimal ratio between organic 

substrate (solvent) / enzyme/ surfactant has to be elaborated.  

Alternatively to surfactants, microgel stabilized emulsion represent an attractive tool for 

biocatalysis [47]. These microgels are based on polyacrylamide polymers (i.g. poly(N-

isopropylacrylamide-co-N-isopropylmethacrylamide) copolymer), which are known to be good 

emulsion stabilizers depending on temperature and pH value. Consequently, microgel - stabilized 

smart emulsion can be simply broken via temperature or pH change. 

For better understanding of the biocatalysis in emulsion we should clarify various aspects as 

1) droplet size distribution, 2) localization of the enzyme, 3) partitioning of a substrate and product 

between organic and aqueous phase in the presence of surfactant. Moreover for the downstream 

processes, the emulsion has to be reproducible, stable, and breakable under enzyme optimal 

conditions. 

Obviously enzyme stability represents a challenge for implementation of organic - aqueous emulsion 

(Figure 7), although the photocatalyst (FMN) stability under the conditions chosen remains to be 

elucidated. We assume one of the following reasons may explain CPO inactivation: remaining 

distortion at the organic - aqueous interphase (Figure 7), or certain interaction between CPO and 

surfactant combined with remained shear force and oxidative influence of H2O2. Additional studies 

are needed to clarify CPO inactivation. The control of H2O2 generation rate based on the optimized 

ratio between CPO and photocatalyst may result in improved stability and consequently, even better 

productivities. Also current setup has to be elaborated in order to provide high oxygen concentration 

for in situ generation of H2O2. Nevertheless simple oxygen saturation of organic phase prior reaction 

might be a good - enough solution. 
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Finally it would be interesting to investigate the mechanistic aspects of photosulfoxidations in order 

to obtain higher productivity without loss of enantioselectivity. Thus the light effect on CPO in 

organic - aqueous emulsion supplemented with surfactant would be interesting to investigate. Also 

the control experiment of thioanisole photooxidation mediated by flavin (in the absence of CPO and 

EDTA) remains to be done. Understanding whether singlet oxygen 1O2 or electron transfer 

mechanism is predominant under the conditions studied may provide ideas how to 

suppress / regulate undesirable background reactions.  

Experimental 

Chemicals 

All chemicals were purchased from Sigma-Aldrich or Fluka in the highest purity available and used as 

received. Chloroperoxidase from Caldariomyces fumago (E.C. 1.11.1.10) was purchased from Fluka as 

suspension in 0.1 M sodium phosphate, pH 4 and used as received. The concentration of the enzyme 

solution was determined specrophotometrically by using ε400 = 91200 M-1cm-1 [48] and contained 

13.6 – 31 mg/ml (500-735 μM) of protein. CPO specific activity was ~2900 U/ml. One unit forms 1.0 

mg of purpurogallin from pyrogallol in 20 seconds at pH 6.0 at 20oC. 

Reaction conditions 

Unless mentioned otherwise reactions were performed at 30oC and ambient atmosphere in 

organic/aqueous emulsion (phase ratio = 1:1 (v/v), working volume 3 - 20 ml), consisting of 

thioanisole and sodium acetate buffer (50 mM, pH 5.1) containing [FMN] = 10 – 250 μM, 

[CPO] = 0.06 - 8.00 μM, and 50 mM EDTA. The reaction mixture was exposed to visible light (white 

light bulb, Philips 7748XHP 200W) and illuminated for 0.5 – 30 h under aerobic conditions and stirred 

gently (Figure 12). The reaction vessel was made of transparent borosilicate glass (Schott Duran). At 

intervals, aliquots were withdrawn, centrifuged to separate water and organic phase, extracted with 

ethyl acetate (containing 5 mM anisole as internal standard) and analyzed via gas chromatography.  

Initial rates were determined via the accumulation of (R)-methyl phenyl sulfoxide over time as 

analyzed by (chiral) gas chromatography. At least three data points were used for the calculation. 

It should be mentioned here that all experiments has been performed in triplicates (unfortunately 

not always sampling at identical times). Therefore, no error bars are given in the figures. 

Nevertheless, the deviation between the single experiments was maximally 5 - 10% unless 

mentioned otherwise. 
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Figure 12. Picture of the experimental setup used in this study. 

All control experiments omitting flavin, EDTA, or in darkness were performed under aforementioned 

conditions. The control experiment using thermally inactivated CPO (4 µM) was performed upon CPO 

incubation at 90oC for 1.5 h. 

Peroxidase activity assay 

UV analysis of enzyme activity was performed in disposable UV cuvettes (polystyrene) at 20° C on a 

Shimadzu UV-2401 PC spectrophotometer with Julabo F12 Refrigerated/Heating Circulator. 

Peroxidase activity was measured using pyrogallol activity assay following by the increase in 

absorbance per minute at 420 nm [49]. The reaction was initiated by the addition of 100 µL of CPO 

solution (ca. 0.7 U/mL) in KPi buffer (100 mM, pH = 6) to a cuvette containing 2.1 ml of MilliQ water, 

0.32 ml potassium phosphate buffer solution (100 mM, pH = 6), 0.32 ml pyrogallol water solution (5% 

w/v) and 0.16 ml of hydrogen peroxide solution (0.5% w/w). 

Analytical details  

The progress of the reactions was measured by chiral GC and the final concentrations were 

calculated based on calibration equations using external standards. Chiral GC analysis was performed 

on a Shimadzu GC 17A with AOC-201 automatic injector using a chiraldex G-TA column 

(50m*0.25mm*0.12 µm) that was run at 120o C for 4 minutes and at 175o C for 8.75 min (column 

flow: 1.07 ml/min; split ratio: 1/60). Retention times were 3.8 min for thioanisole, 8.44 min for 

(R) - methyl phenyl sulfoxide, 9.22 min for (S) - methyl phenyl sulfoxide, 13.17 min for methyl phenyl 

sulfone and 2.45 min for anisole (assigned by authentic standards). The data were processed using 

GC solution software. A representative chromatogram of a photobiocatalytic sulfoxidation reaction is 

shown in Figure 13: 
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Figure 13. Representative chromatograms of a photobiocatalytic oxyfunctionalization reaction of thioanisol. Black: 
racemic methyl phenyl sulfoxide, blue: sample taken at t0, green: sample taken after 50 minutes; red: sample taken after 
5h. 

Enantiomeric excesses (ee,%) were determined as difference in yields between enantiomers: 

     
[( )           ]  [( )            ]

[( )           ]  [( )            ]
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Chapter 3 

Specific photobiocatalytic oxyfunctionalization reactions 

Introduction 

Specific oxyfunctionalization chemistry requires a delicate balance between reactivity and selectivity 

and therefore still represents a major challenge in organic chemistry [1-2]. Transition metal catalysis is 

widely applied for selective oxidation of non-activated C-H bonds, benzylic hydroxylation and 

epoxidation reactions [3-7]. The disadvantage of these processes is the use environmentally 

problematic heavy metals, stoichiometric amount of oxidants and harsh reaction conditions that 

often affect the preparation of labile products. Moreover the selectivity of these catalysts often 

remains below the requirements for pharmaceuticals or fine chemicals, although there are successful 

examples in asymmetric epoxidation [8]. 

In recent years, biocatalytic transformation became more popular in the field of 

oxyfunctionalizations due to their high specificities and lower environmental impact. Cytochrome 

P450 monooxygenases (P450s) are widely considered as catalysts of choice in enzymatic 

oxyfunctionalization reactions. Here, the reactive oxo - ferryl species (Compound I) is embedded in 

the defined three dimensional protein structure enabling regio-, chemo-, and enantioselective 

oxyfunctionalization reactions even on non-activated hydrocarbons [Chapter 1], [9-12]. Their practical 

application, however, is limited to whole-cell biotransformations due to their cofactor dependency 

and their complex molecular architecture [Chapter 1], [Chapter 5], [13-14]. But microbial transformations are 

not always straight-forward to perform and might suffer from intrinsic disadvantages such as 

reactant metabolization and – toxicity and often low productivities. 

Great hope has been placed on the protein superfamily of heme - thiolate peroxidases to solve both 

challenges, the cofactor dependency as well as the complicated molecular architecture of P450s by 

using the hydrogen peroxide shunt [15-17]. Here, the catalytically active oxo - ferryl species are formed 

directly from H2O2 instead of reductive activation of O2. This allows a simple circumvention of the 

above - mentioned challenges and enables practical oxyfunctionalization procedures. 

Chloroperoxidase (CPO) from Caldariomyces fumago (Leptoxyphium fumago) represents the 

archetype of such heme - thiolate peroxidases [18-20]. 

Unfortunately, CPO is active in sulfoxidation reactions only whereas its performance in hydroxylation 

of C-H bonds and epoxidation reactions drops by several orders of magnitude [15-17]. Generally, CPO 

only performs a few hundred to thousands turnovers prior to loss of catalytic activity (vide infra). 
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Non-activated hydrocarbons such as cyclohexane are not converted by CPO at all [15-17]. Obviously, 

this disqualifies CPO as a broadly applicable catalyst for oxyfunctionalization chemistry. 

Nowadays, with more and more genome sequences becoming available, today more than 100 

putative heme - thiolate CPO-analogues can be found in nucleotide databases (Scheme 1) [16-17]. 

Hence, there is a wealth of potential alternatives to CPO with potentially more suitable catalytic 

properties in oxyfunctionalization waiting to be discovered! 

 

Scheme 1. Simplified phylogenetic tree of the heme - thiolate peroxygenase superfamily. The names highlighted in bold 

refer to fungal species whose heme - thiolate enzymes have been purified and characterized. The other terms belong to 

taxonomic units of the fungal kingdom with putative CPO-/AaePO-like proteins found in databases 
[17]

. 

Recently, a novel peroxidase from the basidomycetous fungus Agrocybe aegerita (AaeAPO - 

Agrocybe aegerita aromatic peroxygenase) has been isolated and characterized [21-27]. AaeAPO 

specifically converts aromatic hydrocarbons into the corresponding phenols and has been classified 

as ‘unspecific peroxygenase’ in the E.C. nomenclature (E.C.1.11.2.1). 
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Here we report that AaeAPO is an active and versatile catalyst for enantioselective hydroxylation and 

epoxidation reactions. Furthermore, we demonstrate that AaeAPO, in contrast to CPO, can also 

hydroxylate non-activated C-H bonds. 

Since AaeAPO, like all heme-dependent enzymes, is easily inactivated by H2O2 (vide infra), strict 

control over the H2O2 concentration is essential. Therefore, we chose to provide H2O2 using our 

recently developed photochemical in situ H2O2 generation system [Chapter 2]. Overall, a 

photobiocatalytic oxyfunctionalization system was set up (Scheme 2). 

 

Scheme 2. Photoenzymatic oxyfunctionalization. AaeAPO: Agrocybe aegerita aromatic peroxygenase; FMN: flavin 

mononucleotide; hν: visible light 

Results and discussion 

Enantiopure α-hydroxyalkylbenzenes are of great importance for the production of fine chemicals 

and drug precursors [8]. Therefore, the substrate scope for the light -driven and AaeAPO-mediated 

hydroxylation reactions was investigated. 

In a first set of experiments we investigated the AaeAPO-catalyzed hydroxylation of ethylbenzene. 

We chose flavin adenine mononucleotide (FMN, 50 μM) as a photocatalyst. Unless stated otherwise, 

EDTA (1 - 10 mM) served as stoichiometric source of reducing equivalents (co-substrate). Upon 

illumination with visible light the photoexcited flavin oxidizes EDTA; the reduced flavin is then 

reoxidized by molecular oxygen (from ambient atmosphere) forming H2O2 which is utilized by 

AaeAPO (40 nM) for oxyfunctionalization (Scheme 2). 

Rewardingly, a high degree of regio- enantio- and chemoselectivity was observed: (R)-1-

phenylethanol was obtained in greater than 97% optical purity as the sole product (Table 1, entry 1). 

Further oxidation to acetophenone was observed only after complete depletion of ethylbenzene. 

Noteworthy, the second oxidation step proceeded at significantly decreased rate (less than 5% of the 

initial hydroxylation rate, Table 1, entry 1). 
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Compared to stoichiometric use of H2O2, the photochemical in situ H2O2 generation method yielded 

somewhat lower rates (approx. one third, Table 1, entry 2). This was compensated by the increased 

robustness of the enzymatic hydroxylation reaction: while AaeAPO lost more than 75% of its initial 

activity already in the first 10 minutes using stoichiometric amounts of H2O2, stable activity was 

observed for at least 5 hours with in situ H2O2 generation.  

Table 1. Photoenzymatic hydroxylation reactions. 

                               

 

 Product TF(AaeAPO) [min
-1

] 
[a]

 TN(AaeAPO)  ee(R) [%] 
[b] 

Substrate [mM] 

1 

 

2
[c]

  

494 (14) 

1252 (138) 

18080 

6000 

> 97 

97 

10 

10 

3 

 

270 (6) 6430 93 1 

4 

 

385 (18) 17260 90 1 

5 

 

303 (12) 11500 > 99 1 

6 

 

366 (6) 17520 85 1 

7 

8
[d]  

105 (25) 

180 (15) 

10700 

39200 
- 

5 

2 LPS
 

9 
 

182 (17) 17900 - 5 

10 
 

8.4 (0.6) 1040 n.d. 5 

[a] Values in parentheses denote overoxidation rates observed upon complete conversion of the starting materials; [b] 

Determined by chiral GC or HPLC; [c] results from stoichiometric use of H2O2; [d] results from the conversion in biphasic 

setup; 2 LPS – two liquid phase system; n.d. – not determined, TF – turnover frequency, TN - turnover number. 

We additionally characterized the influence of the single reaction components on the rate of the 

photoenzymatic hydroxylation reaction. As expected, increasing the light intensity as well as FMN 

concentration increased the overall reaction rate, whereas [EDTA] had only a negligible effect. This 

supports the assumption that the concentration of in situ generated photoexcited FMN is overall rate 

limiting. It should be noted that beyond a FMN concentration of ca. 0.05 mM no significant increase 
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of the hydroxylation rate was observed (Figure 1). This can be attributed to fast depletion of 

dissolved molecular oxygen. The phase-transfer of O2 into the reaction phase then becomes overall 

rate limiting.  

 

Figure 1. Influence of [FMN] on the (initial) rate of the photobiocatalytic hydroxylation system (at the example of using 

ethylbenzene as substrate). General conditions: [ethylbenzene] = 1 mM, [AaeAPO] = 0.04 μM; [ascorbic acid] = 10 mM 

(vide infra); [acetonitrile] = 10% (v/v);  KPi buffer 50 mM, pH = 7; V=5 mL; T = 30
o
C.  

Like ethylbenzene, a range of derivatives was also converted at similarly high rate and selectivity 

(Table 1 entries 3 - 7). In any case alkyl benzenes were converted smoothly in the benzylic position 

with good to excellent enantioselectivities. The overoxidation rate to the corresponding ketones was 

negligibly slow and was observed only upon almost full consumption of the initial substrate. The 

exemplary time course of 1-chloro-4-ethylbenzene hydroxylation is shown on Figure 2. 

In case of toluene, slow accumulation of the aldehyde product and traces of benzoic acid were 

observed upon full consumption of the starting material. Also p-cresol and o-cresol were found as 

side products demonstrating the aromatic hydroxylation activity of AaeAPO. Benzene derivatives 

with longer side chain were exclusively attacked at the benzylic carbon.  
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Figure 2. Time course of 1-chloro-4-ethylbenzene hydroxylation. General conditions: [1-chloro-4-ethylbenzene] = 1 mM, 

[AaeAPO] = 0.04 μM; [FMN] = 50 μM, [EDTA] = 1 mM; light; phosphate buffer 50mM, pH = 7; [acetonitrile] = 10% (v/v); 

T = 30
o
C 

More interestingly, also non-activated alkanes such as cyclohexane and n-octane were converted by 

AaeAPO (Table 1, entries 9 - 10). Cyclohexane was hydroxylated at approximately 50% of the rate of 

alkylbenzenes with a slightly increased relative overoxidation rate (approx. 9% of the initial 

hydroxylation rate), which again only occurred at almost full consumption of the initial starting 

material. In contrast, n-octane was converted rather sluggishly with decreased regioselectivity. We 

could ascertain the formation of 2-octanol, traces of 2-octanone and one unidentified product. These 

results are in good agreement with recent report for AaeAPO catalyzed octane hydroxylation with 

the formation of (R)-2-octanol (51% ee) and (R)-3-octanol (99.9% ee) [28]. 

Interestingly, although ethylbenzene was exclusively converted to (R)-1-phenylethanol, AeaAPO did 

not show selectivity for the oxidation of the racemic mixture of 1-phenylethanol. I.e. both 

enantiomers were converted to acetophenone at the same rate (Figure 3). The control experiment 

under identical conditions in the absence of the biocatalyst did not show any conversion of 

1-phenylethanol. Currently, we are lacking a plausible explanation for this non-selective activity of 

AaeAPO. Further experiments involving mechanistic studies and computer simulations (the docking 

of the 1-phenylethanol to the enzyme active site) may clarify this observation. 
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Figure 3. 1 - Phenylethanol oxidation by AaeAPO in photoenzymatic approach. General conditions: 

[1 - phenylethanol] = 5 mM, [AaeAPO] = 0.04 μM; [FMN] = 50 μM, [EDTA] = 5 mM; light; V = 10 mL; phosphate buffer 

50  mM, pH=7; [acetonitrile] = 10% (v/v);  T = 30 
o
C 

Next, we evaluated the performance of the photoenzymatic system in epoxidation reactions. As 

model substances we chose styrene and its derivatives. As shown in Table 2, there was a distinct 

dependency of activity and selectivity on the substitution pattern of the C=C-double bond. Terminal 

alkenes were converted at reasonable rates albeit poor enantioselectivity. Cis-ß-methyl styrene was 

converted efficiently while its trans-isomer was converted at less than 1% of the rate of the 

cis-isomer. Steric repulsion between the methyl group of trans-ß-methyl styrene and porphyrin 

plane, which makes the coordination less favourable, was reported by Grove and co-authors [29]. 

Recent studies of Hofrichter and co-authors reported the oxidation of trans-ß-methyl styrene by 

AaeAPO preferably at the terminal position and only in poor extent [30]. This implies that 

trans-ß-methyl styrene is restricted entering AaeAPO active site in a way to facilitate the contact of 

the alkene bond and Compound I. It is worth mentioning here, that styrene oxides were the only 

products detectable in our experiments.  

Aliphatic alkenes were converted less specifically. For example, cyclohexene was converted to 

corresponding epoxide and allylic alcohol at a ratio of approximately 2 to 1 (Table 2). Similarly, 

conversion of (R)-limonene and 1-octene yielded complex product mixtures. Here the allylic 

hydroxylation and/or epoxidation combined with hydrolysis products is likely to give rise to these 

(undesired) side products. Recently, Hofrichter and co-authors reported a distinct selectivity for 

(S)-enantiomer in epoxidation of several linear 1-alkenes, although allylic hydroxylation also was 

observed. Thus 1-octene oxidation yielded 55% of (S)-1,2-epoxyoctane (66% ee) and 

1-octene-3-ol [31]. The same study showed formation of (+)-1,2-epoxylimonene (cis:trans – 
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ratio 154:1), (+)-8,9-epoxylimonene and (+)-mentha-6,8-dien-2-ol (cis:trans ratio 6:1) for 

(R)-limonene oxidation with a products ratio of 1.9:1.25:1 [31]. 

Table 2. Photoenzymatic epoxidation reactions. 

                                 

 

 Product TF(AaeAPO) [min
-1
] TN(AaeAPO)  ee [%] Substrate [mM] 

1 

 

92 10390 4.6 (n.d.) 10 

2 

 

28 1830 40 (n.d.) 1 

3 

 

<5 <100 50 (n.d.) 1 

4 

 

228 4730 >99% (n.d.) 1 

5 

 

181 / 80 3970 / 1980 - / n.d. 1 

Under the non-optimized conditions we determined a TNs of at least 10000 for AaeAPO in 

hydroxylations of ethylbenzene derivatives. In comparison, the TNs determined for CPO generally are 

1-2 orders of magnitude lower in hydroxylation and epoxidation reactions [15, 20, 32]. Few thousands of 

TNs for CPO in epoxidation reactions were achieved only under optimized conditions [33-34]. For 

example, 12000 TNs were obtained for styrene epoxidation in a two liquid phase system [34]. 

Substituting AaeAPO with CPO in our hands did not yield any product formation neither for 

ethylbenzene hydroxylation nor styrene epoxidation. It should be mentioned here, that we used CPO 

in the same concentration as AaeAPO (40 nM) whereas the CPO-based epoxidation methods 

generally utilized more than 100-fold higher CPO concentrations (1-10 μM) [19, 35]. Furthermore, to 

the best of our knowledge, no CPO-catalyzed oxidation of non-activated alkanes such as cyclohexane 

or octane has been reported yet. 

In contrast to CPO, AaeAPO was not a very efficient sulfoxidation catalyst. Using thioanisole as 

substrate, a TF (AaeAPO) of only 35 min-1 with decreased enantioselectivity (ee < 70%) was observed.  
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Such a striking difference in the oxygenation/hydroxylation activity between AaeAPO and CPO might 

be due to the significant difference in the substrate positioning/binding in the enzyme active site or 

the difference in redox potentials of heme - thiolate proteins. Recent studies showed similarity of 

AaeAPO and CPO around the active site, but also considerable difference in the heme channel and its 

amino acids [21]. AaeAPO structural studies revealed the funnel shaped tunnel leading from the 

protein surface to the active site. This tunnel contains several phenylalanine and other apolar 

residues that make it favorable for hydrophobic substrates. This molecular architecture may explain 

the failure of converting hydrophilic substrates as hydroxymethylfurfural. 

In spite of high TNs, preparative application of AaeAPO catalyzed transformation is limited by very 

poor solubility and high volatility of organic substrate. To overcome this restriction we performed 

photoenzymatic oxyfunctionalization of several substrates in two liquid phase system (2 LPS). Here 

the enzyme, photocatalyst (FMN) and electron donor are dissolved in the aqueous phase, while the 

hydrophobic substrate is present at high concentration in the organic phase. As a second organic 

phase we applied pure substrate avoiding the supplementary co-solvent in the system. The overall 

system was complemented with dioctyl sulfosuccinate surfactant. This approach has been 

successfully applied previously, e.g. for styrene and thioanisole oxifunctionalizations catalyzed by 

CPO [Chapter 2], [34].  

Toluene conversion in 2 LPS was promising compared to monophasic set up as both, initial rate and 

TNs were enhanced (Table 1, entry 8). However aromatic hydroxylation became more pronounced in 

2 LPS yielding considerable amount of o- and p-cresol together with benzyl alcohol. Similarly 

epoxidation of cis-ß-methyl styrene in 2LPS yielded twice as high TNs in comparison to the 

monophasic system without loss of enantioselectivity. However, the product formation ceased in less 

than 1 hour. 

More than 200000 turnovers for AaeAPO were achieved in the two phase system for ethylbenzene 

hydroxylation over 5 hours, however enantioselectivity was significantly impaired resulting in 

racemic 1-phenylethanol. Moreover, the overoxidation became more pronounced in the two phase 

system yielding acetophenone as a dominant product. This result can be expected as the aqueous 

solubility of the product – 1-phenylethanol is higher than the solubility of ethylbenzene. Therefore 

1-phenylethanol becomes the more accessible substrate for further biotransformation.  

The loss of enantioselectivity in ethylbenzene/buffer biphasic system however is not clear. Most 

probably the enzyme changes its conformation upon exposure to hydrophobic substrate losing its 

stereospecificity. Preliminary results using immobilized AaeAPO in sol-gel indicate that the 
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enantioselectivity in 2 LPS might be significantly improved resulting in (R)-1-phenylethanol with 

optical purity of 70% (ee), although acetophenone remains as a main product. 

Finally, we evaluated some alternatives to EDTA as the sacrificial electron donor. So far EDTA has 

been our preferred co-substrate since it is commercially available and simple to apply. From an 

environmental point of view however, EDTA is somewhat questionable since it is oxidized to toxic co-

products - formaldehyde and amines. Therefore, we evaluated a range of alternative sacrificial 

electron donors to promote AaeAPO-catalyzed hydroxylation of ethylbenzene (Table 3). The 

enantioselectivity of AaeAPO was not impaired by any of the sacrificial electron donors. However, 

reaction rates (expressed as photocatalyst turnover frequencies) differed significantly. Further 

studies elucidating the electron transfer mechanism will be necessary to clarify the rate-dependency. 

Nevertheless, substituting EDTA with ascorbic acid seems attractive considering the availability of 

vitamin C together with the formation of a harmless, if not valuable by-product (Table 3). 

Table 3. Photoenzymatic hydroxylation of ethylbenzene using alternative sacrificial electron donors. General conditions: 

[substrate] = 1 mM, [FMN] = 50 μM, [co-substrate] = 1 mM, [AaeAPO] = 40 nM, phosphate buffer (50 mM, pH 7), 

T = 25
o
C, reaction time: 3h 

 

 co-substrate co-products
a
 TF (FMN) [h

-1
]  ee [%] 

1 EDTA ethylene diamine + 4 eq CO2 & CH2O 19.2 97 

2 ascorbic acid dehydro ascorbic acid 21.8 97 

3 NaHCO2 CO2 3.3 >99 

4 hydrazine H2N2/N2 0.5 >99 

5 HPO3
-
 HPO4

2-
 1.2 >99 

a We assume these co-products are formed during the reaction, however we did not establish analytical 

methods to confirm it. 

Conclusions and outlook 

Overall, we have demonstrated that the peroxygenase from Agrocybe aegerita (AaeAPO) is a 

versatile oxyfunctionalization catalyst. Its performance in hydroxylation is unparalleled by chemical 

catalysts [2-7]. In epoxidation, activity and selectivity strongly depend on the substitution pattern of 
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the C=C-double bond. Nevertheless, AaeAPO appears to be an interesting tool for the asymmetric 

epoxidation of alkenes. 

In situ production of H2O2 via photochemical O2-reduction proved to be beneficial to sustain robust 

oxyfunctionalization activity over several hours. Already under non-optimized reaction conditions 

enzyme turnover numbers exceed those of comparable systems (P450s and CPO) by several orders of 

magnitude. Furthermore, preliminary results indicate that hundreds of thousands of turnovers can 

be achieved after reaction engineering. Therefore, we are convinced that AaeAPO is a preparatively 

very valuable catalyst that might give a fresh impetus to biocatalytic oxyfunctionalization chemistry. 

Further studies will be necessary to substantiate AaeAPO’s full potential for preparative organic 

chemistry. In this context the application of AaeAPO catalysis in biphasic system seems attractive. 

Preliminary studies show the enantioselectivity markedly depends on the solvent. To understand this 

phenomenon additional experiments using wide range of the solvents have to be done.  

Also the full characterization and optimization of the proposed in situ H2O2 generation system 

coupled to biocatalytic transformations in biphasic system are necessary. Thus optimized ratio of 

flavin /biocatalyst may result in higher reaction rates and better productivities. Furthermore in situ 

generation of H2O2 for preparative applications require high oxygen concentrations. Engineering 

measures to overcome this technical limitation of the present reaction setup have to be 

implemented. Bubble free aeration using oxygen-permeable membranes can be one of the solutions 

to avoid enzyme inactivation by mechanical forces during external oxygen intake [36].  

In order to extend the biocatalyst life-time different immobilization techniques would be interesting 

to test. Hopefully an immobilized catalyst would permit its recycling for even higher TNs, opening 

doors to industrial applications. 

Finally, it would be very interesting to explore further ‘new’ peroxidases for organic synthesis 

(Scheme 1) and to rationalize the structural basis for the striking difference in activity between CPO 

and AaeAPO. 

Experimental 

Materials 

Enzymes: AaeAPO was produced from Agrocybe aegerita following a previously reported purification 

protocol [37]. The stock solution used for all experiments contained AaeAPO (2.8 mg/mL, 60 μM) 

(detected by Bradford assay). CPO (163 μM) was purchased from BioChemika and used as received.  
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Chemicals: All chemicals were purchased from Sigma-Aldrich, Fluka or Acros in the highest purity 

available and used as received. cis-β-methylstyrene oxide, α–methylstyrene oxide and octene oxide 

were produced as racemate from corresponding styrenes using m-CPBA by the following procedure. 

m-CPBA (60 mmol), diethyl ether (100 mL), olefin (58 mmol) were mixed in a flask and stirred on ice 

for 24h. The reaction mixture was first washed with 10% NaOH solution and then with water until the 

pH was neutral. The organic phase was separated from the aqueous phase and dried over MgSO4. 

MgSO4 was filtered off, and mixture of racemic epoxides in diethyl ether was directly used to 

establish gas chromatography analysis.  

General procedure 

Reactions were performed at ambient temperature and ambient atmosphere in 100 mM potassium 

phosphate buffer pH 7. Unless mentioned otherwise, the reaction mixture contained 1 mM of EDTA 

(Ethylenedinitrilotetraacetic acid, as sacrificial electron donor), 50 μM FMN (Riboflavin 5′-phosphate, 

as photocatalyst), and 40 nM AaeAPO. After substrate addition (generally from a 10 mM stock 

solution in acetonitrile to achieve a final concentration of 1 mM) the reaction mixture was exposed 

to visible light (Philips 7748XHP 200W, white light bulb) and stirred gently. The experimental setup is 

shown in [Chapter 2. CPO]. At intervals, aliquots were taken, extracted with ethyl acetate (containing 

5 mM anisole as internal standard), dried over MgSO4 and analyzed by GC or HPLC (vide infra). 

Styrene/ styrene derivatives, octene and corresponding epoxides were extracted by diethylether 

(containing 5 mM anisole as internal standard). Cyclohexane, cyclohexanole and cyclohexanone were 

extracted by octane (containing dodecane as internal standard). Cyclohexene and cyclohexene oxide 

were extracted by dichlormethane (containing anisole as internal standard).  Propylbenzene, 

4-chlorethylbenzene, tetralin and corresponding products were extracted by heptane (containing 

anisole as internal standard). 

Reactions in two phase system consisted of organic phase (toluene, ethylbenzene, 

cis-β-methylstyrene) and potassium phospahte buffer (50 mM, pH 7) (phase ratio = 1:1, working 

volume 10.42 ml), containing aqueous concentrations of [FMN] = 50 μM (flavin mononucleotide), 

[AaeAPO] = 0.04 μM, and EDTA = 5 mM as sacrificial electron donor. At intervals, aliquots of 

aqueous-organic emulsion were taken, extracted with ethyl acetate (containing 5 mM anisole as 

internal standardand centrifuged for phase separation; organic phase was dried over MgSO4 and 

analyzed by GC. 

The experimental setup chosen for these experiments suffered for significant evaporation of the 

starting materials and products. Typically after 2-3 hours all starting material was consumed and only 
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the (less volatile) products could be observed. Therefore, we decided to express the catalyst 

performance as turnover numbers (TN) and - frequencies (TF): 

   
   (       )

   (        )
 [         ] 

   
  

    
 [   ]                                                      

It should be mentioned here that the given TNs do not reflect the actual catalyst (AaeAPO or FMN) 

lifetime or stability under these conditions. As mentioned above, evaporation typically limited the 

reaction time and product formation. Thus, TNs and TOFs are based on a conservative estimation. 

Under more controlled reaction conditions, these numbers are likely to be higher.  

Analytical procedures 

The reaction progress as well as the optical purity of the products was determined using chiral GC or 

chiral HPLC. 

For ethylbenzene, octane, cyclohexane, cyclohexene, limonene, styrene, styrene derivatives, toluene 

and thioanisole oxidation, chiral GC analysis was performed on a Shimadzu GC 17A with AOC-201 

automatic injector using a chiraldex G-TA column (50m × 0.25mm × 0.12 um). The data was 

processed using GC solution (Table 4). 

Table 4: Details for the GC analysis.  

Compound Retention time [min] Method 
[a]

 flow [mlmin
-1

] split ratio 

  

2.20 

 

A 

 
1.2  1/60 

(R) 

7. 88 

 

A 

 
1.2 1/60 

(S) 

10.60 A 1.2  1/60 

 

3.58 

 
B 0.6 1/50 

 

12.67 

 
B 0.6 1/50 
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(S) 

14.68 B 0.6 1/50 

(R) 

15.52 B 0.6 1/50 

 
4.05 B 0.6 1/50 

(S) 
10.54 B 0.6 1/50 

(R) 
11.98  B 0.6 1/50 

 
6.06 B 0.6 1/50 

 

11.04 

12.21 
B 0.6 1/50 

 
5.21 B 0.6 1/50 

[b] 

10.47  

12.84 
B 0.6 1/50 

 

12.19 C 0.7 1/100 

 [b] 

46.59 

47.92 
C 0.7 1/100 

  2.89 D 0.8  1/20 

 
7.84 D 0.8  1/20 

    [c] 
8.01 D 0.8  1/20 

 
2.54  D 0.8  1/20 
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6.84 D 0.8  1/20 

 
7.73 D 0.8  1/20 

 
7.97 D 0.8  1/20 

  

2.54 E 0.8 1/20 

 
5.35 E 0.8 1/20 

 
3.07 F 0.6 1/50 

 
7.29 F 0.6 1/50 

 
14.10 F 0.6 1/50 

 

15.47 F 0.6 1/50 

 
15.96 F 0.6 1/50 

[a] Temperature profiles: A: isothermal at 160
 o

C for 12.5 minutes followed by increase to 170 
o
C at 2 

o
C min

-1
; B: isothermal 

at 100
 o

C for 18 minutes followed by increase to 170 
o
C at 50 

o
C min

-1
; C: isothermal at 70

 o
C for 50 minutes followed by 

increase to 170 
o
C at 50 

o
C min

-1
; D: isothermal at 75

 o
C for 5 minutes followed by increase to 110 

o
C at 30 

o
C min

-1
, 

isothermal for 4 min followed by increase to 170 
o
C at 30 

o
C min

-1
; E: isothermal at 75

 o
C for 6 minutes followed by increase 

to 170 
o
C at 30 

o
C min

-1
; F: isothermal at 100

 o
C for 14 minutes followed by increase to 170 

o
C at 70 

o
C min

-1
. [b] absolute 

configuration is unknown. [c] enantiomers could not be separated. 

For propylbenzene, 4-chlorethylbenzene, tetralin, 4-ethylanisole, toluene oxidation chiral HPLC 

analysis was performed on a Waters HPLC system (515 pump 486 UV detector 410 RI detector) using 

a Chiralcel OD column (4.6×250 mm, Daicel 10 μm). The temperature was controlled by a Chrompack 

SpH-99 column oven (Table 5). The eluent was heptane/2-propanol (98/2). Benzoic acid 

measurements were performed on a Shimadzu LC-20 system with a Shimadzu mSPD-20A Photo 

Diode Array detector using Xterra column (Rp18 3.5 μM, 4.6×150 mm). The eluent was 

acetonitrile/water (45/55) (Table 5). 
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Table 5: Details for the HPLC analysis. 

Compound Retention time [min] Compound Retention time [min] 

 
4.68 

 

8.02 

 

  

7.38 

  

11.25 

 

 (R) 

12.24 

 
(R) 

13.58 

 

 (S) 

13.52 

 
(S) 

16.80 

 

4.77 

  

4.90 

 

  

8.63 

 
 

10.73 

 

 (R) 

30.82 

 
 

24.22 

 

 (S) 

33.69 

 

26.03 

 

4.89 

 
 

9.1 

Encapsulation of AaeAPO within sol - gel matrix  

Encapsulation of AaeAPO in sol-gel matrix was done following a previously reported protocol [38]. Sol 

was prepared by mixing acidic water (1.38 mL, pH 2.85 adjusted by addition of HCl), 

methyltrimethoxysilane (MTMS, 98%, Aldrich, 2.19 mL), tetramethoxysilane (TMOS, 98%, Aldrich; 

8.89 mL) and distilled water (10.4 mL) in a 100 mL round bottom flask until a homogenous mixture 

was obtained. Methanol formed during hydrolysis of MTMS and TMOS was continuously removed 

under vacuum. Then the mixture was cooled to 0 oC on ice and distilled water was added to the initial 
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volume. Next sol and enzyme as an aqueous solution (1.25 mL of 0.16 µM) were mixed in proportion 

1:1 (v/v) for enzyme encapsulation. The mixture was stirred for 20 seconds. Magnetic bar was 

removed and the gel was formed (approx. 5 min). 2 mL of potassium phosphate buffer (50 mM, pH 7) 

were added and gel with encapsulated proteins was aged at 4oC for 24 hours.  

Ethylbenzene hydroxylation using AaeAPO encapsulated in sol-gel (2.5 mL of 0.08 µM) was 

performed in 2LP system consisted of ethylbenzene and potassium phosphate buffer (50 mM, pH 7) 

(phase ratio = 1:1, working volume 2.5 ml), containing aqueous concentrations of [FMN] = 50 μM  

and 35 mM ascorbic acid as sacrificial electron donor. At intervals, aliquots of aqueous-organic 

emulsion were taken, extracted with ethyl acetate (containing 5 mM anisole as internal standard) 

and centrifuged for phase separation; organic phase was dried over MgSO4 and analyzed by GC. 
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Chapter 4 

A novel approach to utilize cytochrome P450 peroxygenases 

Introduction 

The cytochrome P450 monooxygenases belong to a diverse group of heme - thiolate enzymes widely 

involved in the metabolism of plants, bacteria, and mammals. They catalyze chemo-, regio-, 

stereoselective oxidations of non - activated C - H bonds, thus realizing chemical transformations that 

represent a significant challenge for synthetic organic chemistry [Chapter 1], [1]. P450 catalysis involves 

activation of molecular oxygen, which requires sequential electron transfer from pyridine cofactors 

NADH or NADPH via flavoproteins or/and iron - sulfur redox partners [Chapter 1], [2]. The complex 

electron transport chain and NAD(P)H cofactor dependency are the major obstacles for the synthetic 

application of P450 monooxygenases.  

The cytochrome P450 peroxygenases P450Spα (CYP152B1) from Sphingomonas paucimobilis, 

P450Bsβ (CYP152A1) from Bacillus subtilis, and P450Clα (CYP152A2) from Clostridium acetobutylicum 

are atypical enzymes in the P450 monooxygenases superfamily [Chapter 1], [3-4]. Unlike many P450 

monooxygenases, they do not rely on the NADH as a cofactor for oxygen activation, but utilize H2O2 

in the hydrogen peroxide shunt pathway to catalyze the specific α- or β - hydroxylation of fatty acids 

and fatty acid methyl esters [Chapter 1], [5-6]. Recently, the substrate scope of P450Bsβ and P450Spα was 

also extended towards some non - natural substrates, such as styrene and ethylbenzene in the 

presence of carboxylic acids as decoy molecules [7-8]. P450Bsβ also exhibited activity towards 

polycyclic aromatic hydrocarbons [9]. 

The main challenge encountered in the catalysis of P450 peroxygenases, and peroxygenases in 

general, is the irreversible inactivation of the prosthetic heme group even by low H2O2 

concentrations [5, 9]. As an alternative to hydrogen peroxide, organic peroxides were also used, 

however the stability of P450 peroxygenases was not significantly improved [9]. Additionally, the 

activity of P450Clα and P450Bsβ also could be reconstituted in the monooxygenase pathway using 

different flavoproteins from E. coli, B. megaterium and C. acetobutylicum as redox partners and 

NADPH as an electron donor [5, 10]. However, for synthetic application this approach is restricted by its 

complexity.  

The stability and overall productivity of heme - dependent peroxygenases can be significantly 

improved using chemical, electrochemical, or enzymatic in situ generation of hydrogen peroxide [11-

12]. Recently, Urlacher and co - workers obtained promising results applying light - driven in situ 
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generation of H2O2 to promote hydroxylation of the range of fatty acids using P450Clα and 

P450Bsβ [13]. Inspired by their results, we have developed an alternative in situ H2O2 generation 

method by applying a synthetic nicotinamide cofactor 1 - benzyldihydronicotinamide (mNADH) for 

the reduction of flavins. The resulting reduced flavins such as flavin mononucleotide (FMNH2) react 

with molecular oxygen to eventually yield the re - oxidized FMN and hydrogen peroxide (H2O2). The 

overall reaction cascade coupled to hydroxylation of myristic acid by P450Bsβ and P450Clα is shown 

on Scheme 1.  

 

Scheme 1. Hydroxylation of myristic acid catalyzed by P450Bsβ or P450Clα using in situ generation of H2O2. 1- mNADH, 
2 - FMN; P450 - P450Bsβ or P450Clα 

Results and discussion 

Hydrogen peroxide production 

As a starting point, we validated our hypothesis of using mNADH as an electron donor for in situ H2O2 

generation catalyzed by FMN. H2O2 formation envisioned in Scheme 1 occurs via a two-step reaction: 

(1) reduction of FMN by mNADH; (2) aerobic re - oxidation of the reduced flavin (Figure 1).  

mNADH + FMN + H+  = FMNH2 + mNAD+  (1) 

FMNH2 + O2 = FMN + H2O2                 (2) 

Figure 1. Hydrogen peroxide formation catalyzed by FMN using mNADH as a reductant under aerobic conditions. 

According to reactions (1) and (2) the amount of hydrogen peroxide produced can be indirectly 

measured by the amount of mNADH depleted or oxygen consumed. Initially, we estimated the H2O2 

production rate by measuring the mNADH depletion rate using UV-Vis spectroscopy. Incubating 

mNADH (100 μM, 10 equivalents) in the presence of catalytic amounts of FMN (10 µM) under 

aerobic conditions revealed a steady decrease in the characteristic mNADH absorption at 360 nm 
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caused by the oxidation of mNADH (Figure 2). From these measurements we could estimate the 

initial depletion rate for mNADH of 0.36 mM/h that should correlate with the H2O2 production rate. 

    

Figure 2. The decrease of the characteristic UV - absorbance band of mNADH at 360 nm (right). General conditions: 

[mNADH] = 100 µM, [FMN] = 10 µM, 50 mM TRIS - HCl buffer, pH = 7.7; T = 30 
o
C 

Further we measured the initial mNADH depletion rate varying the concentration of mNADH or FMN 

alternately (Figure 3). These studies showed the initial depletion rate linearly depends on both FMN 

and mNADH concentrations. Thus, in comparison with initial setup (Figure 2) the initial H2O2 

production rate could be accelerated by one order of magnitude (up to approximately 3 mM/h) upon 

increasing both mNADH and FMN concentrations (Figure 3, left).  

 

Figure 3. Initial depletion rate of mNADH depending on: mNADH concentration (left); or on FMN concentration (right).  

General conditions: 50 mM TRIS - HCl buffer, pH = 7.7; 360 nm; T = 30 
o
C; left: [FMN] = 120 µM, [mNADH] = 10 – 370 µM; 

right:  [mNADH] = 85 µM, [FMN] = 40 – 210 µM; All experiments were performed in triplicates with standard deviation 

less than 15%.  
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Although an increase of FMN and mNADH concentration leads to higher reaction rates, the overall 

catalytic activity of FMN remained rather sluggish, e.g. reaching only 25 h-1 using 0.4 mM of mNADH 

concentrations (Figure 3, left). In comparison up to 300 h-1 for FMN could be obtained in hydride 

transfer from native NADH to FMN under light illumination, which is known to activate FMN [14]. In 

the same way, the catalytic activity of FMN might be improved by light activation in future 

experiments. 

Additionally, we estimated the H2O2 production rate measuring oxygen consumption rates at 

different FMN concentrations using the Clark electrode. These experiments showed the linear 

dependence of the oxygen consumption rate on the FMN concentration (Figure 4). Incubating 

mNADH (100 μM, 10 equivalents) in the presence of catalytic amounts of FMN (10 µM) revealed an 

oxygen consumption rate of 0.24 mM/h that correlates with mNADH depletion rate measured by 

UV-Vis in the range of experimental error. It is worth mentioning that a side mNADH oxidation by 

oxygen occurs, which contributes up to 15% to the overall mNADH depletion rate at catalytic amount 

of FMN (10 μM). Nevertheless, the side aerobic oxidation rate of mNADH becomes negligible with 

increase of FMN concentration, e.g. mNADH aerobic oxidation contributes only 5% to overall 

reaction rate at 50 μM of FMN. 

 

Figure 4. Oxygen consumption rate depending on flavin concentration. General conditions: 100 mM phosphate buffer, 

pH = 7; T = 25
o
C; [mNADH] = 100 µM, [FMN] = 0 – 250 µM. phosphate buffer was saturated with oxygen before 

experiment for 15 min. All experiments were performed in triplicates with standard deviation less than 15%.  

Interestingly, substituting mNADH by native NADH showed poor activity, reaching only 15% of initial 

reaction rates obtained with mNADH (Figure 4). This finding emphasizes a higher activity of synthetic 

mNADH over native NADH. Furthermore, the significant difference in initial rates implies that the 
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reduction of FMN by pyridine cofactors (Figure 1, reaction 1) is a rate limiting step in the hydrogen 

peroxide production, and reduced FMN is quickly re - oxidized under aerobic conditions (Figure 1, 

reaction 2).  

Hydroxylation of myristic acid 

Furthermore, we investigated the applicability of the novel in situ H2O2 generation concept to 

promote the hydroxylation of myristic acid catalyzed by P450Clα and P450Bsβ peroxygenases. 

Pleasingly, the hydroxylation of myristic acid proceeded smoothly, leading to 75% and 92% yields for 

P450Clα and P450Bsβ respectively over 20 minutes under arbitrarily chosen reaction conditions 

(Figure 5). We assume the incomplete conversions are most likely due to the enzymes’ inactivation 

under conditions studied, although product inhibition cannot be excluded. Nevertheless, the 

previously reported conversion of myristic acid catalyzed by P450Clα reached only 40% in the 

presence of 200 µM H2O2 and enzyme was inactivated within 2 - 4 minutes [5]. Therefore, in situ 

formation of H2O2 might be advantageous to the use of stoichiometric amount of H2O2.  

Interestingly, both enzymes exhibited similar catalytic activities in terms of turnover frequencies (TF): 

myristic acid was converted to α- and β-hydroxymyristic acid with TF of 22 and 28 min-1 for P450Clα 

and P450Bsβ respectively. The ratio of α:β hydroxylated products were 1:1.7 for P450Bsβ and 24:1 

for P450Clα (see experimental). Using in situ generation of H2O2, the catalytic activity of both 

P450Clα and P450Bsβ significantly fell far behind reported TF values (200 min-1 [5] and 1200 min-1 [15], 

respectively). Girhard et al. reported that high concentration of H2O2 was needed for high catalytic 

activity of peroxygenases, although it led to the rapid enzyme inactivation [5]. Therefore, the 

comparable slow catalytic activities of P450Clα and P450Bsβ in our experiments can be attributed to 

low in situ concentration of H2O2, implying the H2O2 generation is the rate-limiting step of the overall 

system. 

Additionally, FMN reached TF of 22 and 27 h-1 for P450Clα and P450Bsβ respectively, which are in a 

good agreement with spectrophotometric studies under equal reaction conditions. Therefore, FMN 

catalytic potential was fully exploited in the coupled reaction. Interesting, a TF of approx. 1 h-1 for 

FMN was reported for myristic acid hydroxylation catalyzed by P450Clα and P450Bsβ adding the 

excess of NADPH and NADH mixture [13]. These findings show an advantage of synthetic mimics over 

native NAD(P)H cofactors.  
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Figure 5. Time - course of myristic acid hydroxylation using in situ H2O2 generation. General conditions: 50 mM TRIS - HCl 

buffer, pH 7.7, T = 30 °C, [myristic acid] = 210 µM, [mNADH] = 600 μM, [FMN] = 60 μM; [P450Clα] = 1 μM; 

[P450Bsβ] = 1 μM; 2HMA – 2-hydroxymyristic acid; 3HMA – 3-hydroxymyristic acid 

As spectrophotometric studies showed, the H2O2 formation rate can be enhanced upon increase of 

flavin and mNADH concentrations. Therefore we further investigated the influence of different 

mNADH and FMN concentrations on the hydroxylation rate of myristic acid. We observed a 

saturation type dependence of the initial hydroxylation rate when varying the mNADH concentration 

at fixed FMN concentration (60 µM) (Figure 6). Thus the overall reaction rate was enhanced with 

increase of the mNADH concentration up to 400 μM, and a maximum TF of approx. 30 min-1 was 

reached for both P450Clα and P450Bsβ (Figure 6). Furthermore, we obtained the saturation type 

dependence of initial hydroxylation rate on FMN concentration with an apparent maximum TF of 

approx. 25 min-1 for P450Clα (Figure 7). The influence of both mNADH and FMN concentrations on 

the reaction rate with comparable TF supports the assumption the H2O2 generation is the rate 

determining step of the reaction.  

We assume that the saturation type - behavior of the initial rate at elevated FMN and mNADH 

concentrations is due to the fast depletion of dissolved oxygen due to its low solubility in the 

aqueous solution (~0.25 mM). Therefore, oxygen diffusion to the aqueous medium may become the 

major limitation of the system, especially at elevated substrate concentrations. Previously, we 

obtained similar results for thioanisole oxidation using photocatalytic in situ generation of H2O2 in an 

aqueous system [Chapter 2]. However, 10 - fold increase of maximal thioanisole oxidation rate could be 

obtained in a two liquid - phase system consisting of a buffer and thioanisole due to increased O2 

solubility in organic medium [Chapter 2]. Therefore, medium engineering might be one of the 
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possibilities to address the oxygen diffusion limitation for myristic acid hydroxylation. External 

oxygen supply would be another option to overcome the rate transfer limitations. 

 

Figure 6. Initial rates for total product formation at different mNADH concentrations for P450Bsβ and P450Clα. General 

conditions: 50 mM TRIS - HCl buffer; pH 7.7, [myristic acid] = 210 µM, [FMN] = 60 μM, [P450Bsβ] = [P450Clα] = 1 μM, 

[mNADH] = 190-1020 µM; T = 30 °C; Initial rates were measured after 5 minutes at each mNADH concentration 

 

Figure 7. Initial rates at different FMN concentrations for P450Clα. General conditions: 50 mM TRIS - HCl buffer, pH 7.7, 

[myristic acid] = 210 µM, [FMN] = 10 - 1225 μM, [P450Clα] = 1 μM, [mNADH] = 600 µM; T = 30 °C; Initial rates were 

measured after 5 minutes at each FMN concentration 

10

15

20

25

30

35

100 300 500 700 900 1100

TF
/ 

 m
in

-1
 

[mNADH] / μM 

P450Bsβ 

P450Clα 

0

5

10

15

20

25

0 50 100 150 200 250

TF
 /

 m
in

-1
 

[FMN] / μM 



79 
 

Up-scaling 

Encouraged by the promising results, we scaled up P450Clα - catalyzed hydroxylation of myristic acid 

at a concentration of 10 mM 1. Despite the low solubility of mNADH and myristic acid, we avoided 

using co - solvents that are toxic to enzyme and performed the reaction as a suspension of the 

aqueous buffer and the insoluble substrates. However, the reaction yielded only 4% of the products 

over a reaction period of 70 h. Although the system might be limited by the solubility of the reagents 

in the aqueous reaction system leading to the sluggish reaction rates, we assume the low 

productivity is most likely due to the enzyme instability. In this respect, it is important to find an 

appropriate balance between the rates of in situ H2O2 generation and enzyme stability. Further 

studies are necessary to clarify the aspects of P450 peroxygenases stability and putative inactivation 

at elevated (co) - substrates concentrations.  

Control experiments 

In addition, we performed several control experiments in order to elucidate the possible background 

activity. As expected we did not observe any conversion performing described experiments in the 

absence of P450s. Interestingly, omitting mNADH or FMN from the reaction mixture led to 

considerable product formation (Figure 8). The catalytic activity without mNADH is probably due to 

the presence of inherent electron donors like native NAD(P)H in the enzymes’ crude extract, which 

might reduce FMN with sequential formation of H2O2 in sufficient amount for hydroxylation of low 

concentration of myristic acid. Similarly, hydroxylation without addition of FMN might occur due to 

availability of flavins in the enzymes crude extract.  

Furthermore, we performed aforementioned standard experiment adding catalase as a rapid 

scavenger of H2O2 suppressing peroxygenase activity (Figure 9). Remarkably, reaction yield dropped 

to less than 20% confirming that peroxygenase pathway is predominant under reaction conditions.  

However, we cannot exclude the contribution of the classical P450 monooxygenase catalytic cycle. In 

this case, P450 catalysis may occur via sequential electron transfer to heme - iron for oxygen 

activation. Thus, we conceive of heme - iron reduction by the reduced FMN or flavoproteins, which 

may present in the crude extract. This assumption can be confirmed by the previous studies, where 

besides peroxygenase activity P450Clα exhibited monooxygenase activity in reconstituted systems 

containing either flavodoxin and flavodoxin reductase or the diflavin reductase as electron transport 

partners [5, 10].  

                                                           
1
 Reaction condition: 50 mM TRIS-HCl buffer, pH 7.7, [myristic acid] = 10 mM, [FMN] = 60 μM, 

[P450Clα] = 1 μM, [mNADH] = 50 mM; T = 30 °C; t = 70 hours 



80 
 

 

Figure 8. Myristic acid conversion catalyzed by P450Clα and P450Bsβ in control experiments. Standard conditions: 50 mM 

TRIS - HCl buffer, pH 7.7, T = 30 °C; (blue) - [P450Clα] = 1 μM, [myristic acid] = 200 μM, [FMN] = 10 μM, mNADH = 600 μM, 

90 min; (red) – [P450Bsβ] = 1.0 μM, [myristic acid] = 60 μM, [FMN] = 60 μM, [mNADH] = 600 μM, 20 min; MA – myristic 

acid 

 

Figure 9. Myristic acid conversion catalyzed by P450Clα. Standard conditions: 50 mM TRIS - HCl buffer, pH 7.7, T = 30 °C;  

[P450Clα] =  1 μM, [myristic acid] =  200 μM, [FMN] =  10 μM, [mNADH] =  600 μM; [catalase] = 300 U/mL; V = 1 mL; 

Samples were taken after 90 minutes 

The direct electron transfer from mNADH to the heme - iron also cannot be excluded, although the 

direct reduction of heme - iron and subsequent oxygen activation represent a challenging task in the 

absence of electron transfer partners [16]. Additional experiments should be performed using purified 
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enzymes to clarify current results and to elucidate the putative contribution of monooxygenase 

pathway via direct reduction of heme - iron whether by mNADH or FMNH2. 

Conclusions and outlook 

Overall, we demonstrated the novel in situ H2O2 generation is a promising approach to promote P450 

peroxygenases catalysis. Thus, final productivity could be enhanced due to higher enzymes 

operational stability at low H2O2 concentrations. The H2O2 generation represented the rate - limiting 

step, however it could be easily controlled via both FMN and mNADH concentrations. Further 

characterization should result in an optimized ratio of flavin/mNADH/biocatalyst enabling high 

reaction rates while minimizing H2O2 - related inactivation of the enzyme. 

It was shown previously that synthetic mimics of NADH can substitute the natural NADH for catalysis 

of P450cam from Pseudomonas putida in the presence of electron transfer partners [17]. Here we 

extended the application of the synthetic mNADH for in situ H2O2 generation to promote P450 

peroxygenase catalysis. The hydroxylation mainly proceeded via the peroxygenase pathway. 

However, the significant conversion in the presence of catalase may suggest also the contribution of 

the classical P450 monooxygenase catalytic cycle. Additional studies will clarify the putative direct 

electron transfer (from the reduced flavin or mNADH) to heme iron in monooxygenase pathway. 

Nevertheless, we believe that novel in situ H2O2 system has a great potential and its future 

application can be extended to more biocatalytic systems. 

Experimental 

Materials 

Crude extracts of P450Clα and P450Bsβ were provided by Prof. V.B. Urlacher, Düsseldorf University. 

The concentration of the enzyme solution (17.3 µM) was determined by CO - difference spectral 

assay with ε450-490 = 91 mM-1cm-1 [18]. Catalase (2100 U/mg) from bovine liver was purchased from 

Sigma - Aldrich. Myristic acid, lauric acid, 2-hydroxy myristic acid, FMN, diethyl ether, hydrochloric 

acid, 2-amino-2-(hydroxymethyl)-1,3-propanediol (TRIS), ethyl acetate, dimethyl sulfoxide, and N,O-

bis(trimethylsilyl) trifluoroacetamide (BSTFA) containing trimethylchlorosilane (99:1) were purchased 

from Sigma-Aldrich in analytical pure grade. 1-Benzyldihydronicotinamide (mNADH) was provided by 

Hogeschool Rotterdam, Rotterdam, The Netherlands.   

The following buffers and stock solutions were used: TRIS - HCl buffer (50 mM, pH 7.7), FMN (1mM 

aqueous solution), myristic acid (20 mM in DMSO), lauric acid (20 mM in DMSO). Stock solution of 

mNADH (10 – 100 mM) was freshly prepared in methanol before each use. TRIS - HCl buffer solution 
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was prepared by dissolving TRIS (3.00 gram, 25 mmol) in deionized water (500 mL) and pH was 

adjusted by addition of hydrochloric acid (37% w/w). 

Reaction conditions 

Unless otherwise mentioned the reactions were performed in polystyrene tubes (V = 2 mL) at 30oC, 

ambient atmosphere. The reaction mixture contained TRIS - HCl buffer (50 mM, pH 7.7; V = 1 mL), 

myristic acid (200 µM), FMN (40 – 250 µM), mNADH (200 - 600 μM), P450Clα (1 µM) or P450Bsβ 

(1 µM), DMSO (1% v/v), MeOH (1% v/v). The reaction assays were mixed at 1200 rpm for 5 - 20 

minutes. Reaction was stopped at indicated time - points by adding HCl (40 µL, 37% w/w) followed by 

the addition of lauric acid (10 μL) as internal standard. The reaction mixtures were extracted twice 

with 1mL diethyl ether. After evaporation of diethyl ether the remaining reagents were dissolved in 

BSTFA (200 µL) and incubated for 30 minutes at 80 °C  mixing at 1200 rpm. After cooling down to 

room temperature the samples were transferred to the glass GC - vials and GC or GC-MS analysis was 

performed. 

All control experiment were performed identically excluding one of the reaction components. To 

confirm the peroxygenase activity standard reaction assay was performed upon addition of catalase 

from bovine liver (2100 U/mg).  

Analytical details  

The reaction progress was determined by gas chromatography analysis and the final concentrations 

were calculated based on calibration equations using an external standard. GC-MS analysis was 

performed on a Shimadzu GCMS-QP2010S with AOC-20i auto injector (230oC) using a Factor four 

VF-1 MS column (25 m x 0.25 mm x 0.4 µm) with helium as a carrier gas. Column oven temperature 

was increased from 50 oC to 212 oC with the rate 60 °C min-1 and kept at 212 oC for 8 minutes, then 

increased from 212 oC to 325 oC with the rate 60 oC min-1 and kept at 325 °C for 5 minutes (total time 

17.58 min). Column flow was 37 cm/sec; split ratio: 5. Characteristic mass fragmentation patterns 

were obtained from the EI-MS using ion source (200 oC); scan mode with an m/z range 40-600 in 

0.5 sec.  

Myristic (ret. time 5.54 min), lauric (ret. time 4.25 min) and 2-hydroxymyristic acid (ret. time 7.45 

min) were also assigned by authentic standards. Peak at 7.69 min represents 3-hydroxymyristic acid 

(identified by mass fragmentation pattern). A representative chromatogram of a myristic 

hydroxylation reaction is shown in Figure 10 and Figure 11. The regioselectivity for α:β hydroxylation 

were 1:1.7 for P450Bsβ and 24:1 for P450Clα.  
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Figure 10. Representative GC-MS chromatograms of a myristic acid hydroxylation catalyzed by P450Clα using in situ 

generation of H2O2. General conditions: 50 mM TRIS - HCl buffer, pH 7.7, [Myristic acid] = 200 µM, [FMN] = 10 μM, 

[P450Clα] = 1 μM, [mNADH] = 600 µM. Black: sample taken at t=0 containing myristic acid, pink: sample taken after 5 

minutes. 

 

Figure 11. Representative GC-MS chromatograms of a myristic acid hydroxylation catalyzed by P450Bsβ using in situ 

generation of H2O2. General conditions: 50 mM TRIS - HCl buffer, pH 7.7, [Myristic acid] = 200 µM, [FMN] = 60 μM, 

[P450Bsβ] = 1 μM, Black: sample taken after 5 minutes using [mNADH] = 200 µM; pink: sample taken after 5 minutes 

using [mNADH] = 600 µM. 
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The common fragment ion at m/z = 73 results from the cleavage of the TMS group. The fragment 

ions at m/z = 233, 257 and 271 represent typical fragmentations indicated in the corresponding 

structures (Figure 12). The fragment ion at m/z = 147, might correspond to polysilylated compound, 

formed by interaction of TMS group with TMS ester group followed by the loss of a methyl group. 

 

Figure 12. Mass spectra of trimethylsiloxyl (TMS) esters of (up) α-hydroxy myristic acid and (down) β-hydroxy myristic 
acid. 

UV-Vis 

mNADH depletion rate was determined spectrophotometrically following the decrease of the 

characteristic UV-absorbance band of mNADH at 360nm. The experiments were performed in 

disposable UV cuvettes (polystyrene, 1.5 mL) at 30° C on a Shimadzu UV-2401 PC spectrophotometer 

with Julabo F12 Refrigerated/Heating Circulator. mNADH stock solution was diluted in buffer to final 
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concentration of 10 – 400 µM, and the samples were incubated for 5 minutes at 30oC. The reactions 

were initiated by the addition of FMN solution to final concentration of 10 - 250 µM.  

Oxygen electrode 

Oxygen consumption was measured on Strathkelvin 782 2-Channel oxygen system using Strathkelvin 

1302 Clark - type microcathode oxygen electrodes. The measurement was done in the water -

 jacketed respiration chamber made from precision bore glass covered by aluminium foil (to prevent 

flavin illumination by light); water jacket was connected to pumped source of water at 25° C. The 

chamber was placed on the magnetic stirrer. Electrode was calibrated prior measurement. 

The following buffers and stock solutions were used: phosphate buffer (KPi) (50 mM, pH 7.0), 

mNADH (1 mM in methanol), FMN (1 - 25 mM aqueous solution). Buffer was saturated with oxygen 

prior usage by bubbling air for 15 minutes. mNADH was diluted in buffer to final concentration of 

100 µM and pipetted into the chamber containing a magnetic stirring bar. The reactions were 

initiated by the addition of FMN solution to final concentration of 10 – 250 µM, and electrode holder 

was immersed into the chamber immediately. Oxygen consumption was followed by the decrease in 

oxygen concentration using Strathkelvin software. 
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Chapter 5 

Artificial metalloenzymes for in situ regeneration of the 

reduced nicotinamide cofactor 

Introduction 

The interest in the application of biocatalysis in industrial processes has been growing 

continuously  [1-7]. Oxidoreductases have a great potential for organic synthesis due to their high 

chemo-, regio- and stereoselectivity combined with high activity [8-9]. However, the practical 

application of oxidoreductases is still limited due to cofactor challenge: in order to promote the 

reaction, oxidoreductases require redox equivalents that classically are supplied by natural 

nicotinamide cofactors such as nicotinamide adenine dinucleotide (NAD) or nicotinamide adenine 

dinucleotide phosphate (NADP) (Figure 1).  

 

Figure 1. Structures and basic redox chemistry of oxidized and reduced nicotinamide cofactors. 

Stoichiometric use of NAD(P) is not feasible due to its high cost (Table 1). Therefore, for preparative 

applications NAD(P) cofactors are usually applied in the catalytic amount and continuously 

regenerated in the reaction media.  
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Table 1. Cost of cofactors from Alfa-Aesar (Prices from the catalogue of May 2013) 

Cofactor €/ g 

NAD+ 21 

NAD(P)+ 37 

NADH 315 

NAD(P)H 850 

Up to date cofactor regeneration is mainly achieved by: (a) using whole cells; (b) addition of a 

sacrificial co-substrate (substrate-coupled reaction system) or (c) addition of a second enzyme and a 

co-substrate (enzyme-coupled reaction system) [8, 10]. Formate dehydrogenase (FDH), glucose 

dehydrogenase (GDH), alcohol dehydrogenases (ADHs), phosphite dehydrogenase (PDH), glutamate 

dehydrogenases (GDHs) are the enzymatic regeneration systems most commonly employed for the 

synthetic application [10-13].  

In addition to the above mentioned enzymatic approaches, chemical and electrochemical NAD(P)H 

recycling systems have been investigated intensively [14-20]. The organometallic 

pentamethylcyclopentadienyl rhodium bipyridine [Cp*Rh(bipy)(H2O)]2+ complex has emerged as the 

most successful catalyst for the regiospecific reduction of NAD(P)+. Its catalytically active hydrido 

form [Cp*Rh(bipy)H]+ produces exclusively enzymatically active 1,4-NAD(P)H due to coordination of 

NAD+ to the metal center via the amide-carbonyl-O-atom of NAD+ forming a kinetically favorable six-

membered ring transition state [21-22] (Scheme 1) 

The hydrido form [Cp*Rh(bipy)H]+ can be obtained by various chemical, electrochemical and 

photochemical methods [23-29]. Sodium formate (NaHCO2) is widely used as hydride source: it is cheap 

and leads to formation of CO2 as by-product shifting the equilibrium of the regeneration reaction 

(Scheme 1). 

Unlike most of the enzymatic regeneration systems [Cp*Rh(bipy)(H2O)]2+ does not distinguish 

between NAD+ and NADP+ and is active and stable under a broad range of reaction conditions 

(pH, T, etc.) [29-30]. However, mutual inactivation between [Cp*Rh(bipy)(H2O)]2+ and enzymes is 

commonly encountered [17, 20, 31]. Most likely nucleophilic protein residues (e.g. histidine, cysteine) 

coordinate to the vacant rhodium coordination site. Such an interaction precludes NADH 

regeneration as [Cp*Rh(bipy)(H2O)]2+ binding site is tightly coordinated to the protein residue 

preventing the reduction into [Cp*Rh(bipy)H]+ complex (i.e. coordination of formate is impeded). 

Simultaneously, enzyme activity is impaired if the binding occurs with catalytically relevant amino 

acids, blocks the active site or interferes with the tertiary and quaternary enzyme structure.  
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Scheme 1. Catalytic cycle for regioselective reduction of NAD(P)
+
 using sodium formate as a hydride source proposed 

by 
[22]

. 

A range of potential solutions to the mutual inactivation of [Cp*Rh(bipy)(H2O)]2+ and enzymes have 

been reported. Application of a nucleophilic buffer or addition of a non-reactive proteins (bovine 

albumin) to saturate the coordination site of [Cp*Rh(bipy)(H2O)]2+ showed to be efficient to preserve 

the enzyme activity [32-33]. However, regeneration activity of [Cp*Rh(bipy)(H2O)]2+ under formate-

driven conditions has been impaired. It was shown that physical separation of the enzyme(s) and 

[Cp*Rh(bipy)(H2O)]2+ greatly stabilize both [17, 34]. For example, derivatizing peripheral SH- or NH2- 

groups of enzyme with epoxide containing polymer prevented undesired interaction of Rh-catalyst 

and enzyme. However, the performance of both, biocatalyst and metallocatalyst, was restricted in 

terms of turnover frequency and total turnover number (TTN) due to diffusion limitations.  

Following the concept of physical separation of [Cp*Rh(bipy)(H2O)]2+ and enzymes, we hypothesized 

that the encapsulation of Rh-complex into a protein scaffold would shield the complex preventing 

the interaction between metallocomplex and enzyme. The well-known, strong non-covalent 

interaction between biotin and streptavidin (Ka>1013 M-1) is widely applied for creating of so-called 

artificial metalloenzymes [35-38]. Hence, metallocomplexes [Cp*M(biot-p-L)Cl] bearing a biotinylated 

ligand could be efficiently incorporated into streptavidin scaffold, preventing the mutual inactivation 

of the metallocomplex and an enzyme (Figure 2). We envisioned that incorporation of a biotinylated 

complex [Cp*M(Biot-p-L)Cl] (M = Rh, Ir) within a host protein streptavidin (Sav) could afford an 
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artificial transfer hydrogenase (ATHase) that can be applied for NAD(P)H regeneration using sodium 

formate as a hydride source. 

 

 

Figure 2. Reaction cascades resulting from combining an ATHase with a biocatalyst. Relying on the strength of the 
biotin - streptavidin interaction, incorporation of the biotin-bearing complex [Cp*Ir(biot-p-L)Cl] within streptavidin (Sav) 
affords an ATHase that can be applied for NADH regeneration. TM-catalyst: a transition metal catalyst. 

To prove the concept, we combined ATHase catalyzed NAD(P)H regeneration system with 

2-hydroxylbiphenyl monooxygenase (HbpA, EC1.14.13.44, an NADH- and FAD-dependent enzyme) 

(Scheme 2). HbpA monooxygenase catalyzes ortho-specific hydroxylation of α-substituted phenols to 

the corresponding catechols [39-40]. As exemplary case we chose a selective hydroxylation of 

2-hydroxybiphenyl to 2,3-dihydrohybiphenyl.  
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Scheme 2. Hydroxylation of 2-hydroxybiphenyl coupled to an ATHase catalyzed NADH regeneration process. 

Results and discussion 

NADH regeneration activity of [Cp*M(Biot-p-L)Cl] and [Cp*M(Biot-p-L)Cl]Sav 

In a first set of experiments we evaluated the potential of [Cp*M(biot-p-L)Cl] (M=Rh, Ir) and 

metallocomplex embedded into streptavidin [Cp*M(biot-p-L)Cl]Sav towards NAD+ reduction using 

formate as a hydride source. The formation of NADH was monitored spectrophotometrically at NADH 

characteristic absorption wavelength 340 nm. Representative UV spectra of the [Cp*Ir(Biot-p-L)Cl] 

and [Cp*Ir(Biot-p-L)Cl]Sav - mediated reduction of NAD+ are shown in Figure 3. Following the time-

course of NADH formation we identified the turnover frequencies (TF) for the metallocomplexes 

(Figure 4). TF was defined as the quantity (mole) of NADH formed per minute divided by the quantity 

(mole) of the catalyst. According to the acquired data, the Ir-complex exhibited higher catalytic 

activity than the corresponding Rh-complex towards in situ NADH regeneration. We determined TF 

of 4.6 min−1 for [Cp*Ir(biot-p-L)Cl that is 65 fold higher than [Cp*Rh(biot-p-L)Cl] and 17 fold higher 

than activity of the prototypical complex [Cp*Rh(bipy)(H2O)]2+ (Table 2).  
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Figure 3. UV-spectra recorded during the [Cp*Ir(Biot-p-L)Cl] (left) and [Cp*Ir(Biot-p-L)Cl]Sav (right)-mediated reduction 
of NAD

+
. Spectra were recorded at 10 sec and 60 sec intervals in case of [Cp*Ir(Biot-p-L)Cl] (left) and [Cp*Ir(Biot-p-

L)Cl]Sav (right), respectively. General conditions: [Cp*Ir-biot-p-L)Cl] or [Cp*Ir-biot-p-L)Cl]Sav = 10 μM, [NaHCO2] = 
200 mM, [NAD

+
]= 100 μM, [KPi buffer] = 50 mM, pH = 7.5, T = 30 

o
C, V = 1 mL. 

 

 

Figure 4. Time course of the metal-catalyzed reductions of NAD
+
. [Cp*Ir(Biot-p-L)Cl]: solid line (green), 

[Cp*Ir(Biot-p-L)Cl]Sav: dashed line (red); [Cp*Rh(Biot-p-L)Cl]: dash-dot line (black), recorded to prove formation of NADH 
catalyzed by novel [Cp*Ir(biot-p-L)Cl] complexes at the characteristic NADH absorption wavelength 340 nm. General 

conditions: [Cp*M-biot-p-L)Cl] or [Cp*M-biot-p-L)Cl]Sav (M= Rh, Ir) = 10 μM, [NaHCO2] = 200 mM, [NAD
+
]= 100 μM, 

[KPi buffer] = 50 mM, pH = 7.5, T = 30 
o
C, V = 1 mL. 

The ability of [Cp*Ir(biot-p-L)Cl] embedded into the streptavidin environment to catalyze NADH 

regeneration was investigated under identical experimental conditions as for the isolated complexes. 

The Ir-complex incorporated into the streptavidin [Cp*Ir(biot-p-L)Cl]Sav showed only 15% of the 

activity with respect to the isolated complex. A loss in activity might be due to the diffusion 
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limitations: a NAD+ has a complex structure entailing ribose, pyrophosphate and adenosine groups, 

hence its access towards Ir might be hindered by the protein environment. Nevertheless, 

[Cp*Ir(biot-p-L)Cl]Sav performed higher activity in terms of TF than the prototypical rhodium 

complex [Cp*Rh(bipy)(H2O)]2+ (Table 2). 

Table 2. Comparison of initial rates for NAD
+
 reduction for graph in Figure 3 (right). General conditions: 

[Cp*M-biot-p-L)Cl] or [Cp*M-biot-p-L)Cl]∙Sav (M = Rh, Ir) = 10 μM, [NaHCO2] = 200 mM, [NAD
+
] = 100 μM, [KPi buffer] = 

50 mM, pH = 7.5, T = 30 
o
C, V = 1 mL. 

Compound TF [min-1] relative activity [%] 

[Cp*Rh(bipy)(H2O)]2+ 0.27 386 

[Cp*Rh(Biot-p-L)Cl] 0.07 100 

[Cp*Ir(Biot-p-L)Cl] 4.6 6571 

[Cp*Ir(Biot-p-L)Cl]∙Sav 0.7 1000 

To elucidate further the striking difference in the catalytic activity of Ir-complex and Ir-complex 

embedded into streptavidin, we studied the influence of NAD+ concentration on the initial NADH 

regeneration rate catalyzed by [Cp∗Ir(biot-p-L)Cl] and [Cp∗Ir(biot-p-L)Cl]∙Sav at fixed formate 

concentration (Figure 5). A Michaelis - Menten type of dependence was observed for both catalysts, 

as previously reported in literature also for the [Cp*Rh(bipy)(H2O)]2+ [30]. The Km and Vmax for NAD+ 

were determined for both [Cp*Ir(biot-p-L)Cl] and [Cp*Ir(biot-p-L)Cl]∙Sav from non - linear regression 

analysis of the data according to Michaelis - Menten equation (Figure 5). Incorporation of the 

metallocomplex into the streptavidin moderately affected the kinetic parameters (Table 3). The 

difference in Km values for NAD+ in case of [Cp*Ir(biot-p-L)Cl] and [Cp*Ir(biot-p-L)Cl]∙Sav are probably 

due to the aforementioned diffusion limitation. The difference in kcat is most likely related to the 

change of electronic properties of the Ir-complex due to the incorporation into streptavidin. A similar 

observation was reported by Haquette and co-authors conjugating the 

[Cp*Rh(2,2’-dipyridylamine)Cl]+ complex to the papain: Km (NAD+) of 27.1 μM and kcat of 43.5 h-1 were 

defined for the isolated complex, whereas linking the complex to the papain gave a Km (NAD+) of 

59 μM and kcat of 30.5 h-1 [16].  

 

  



95 
 

 

 

Figure 5. Estimation of Michaelis - Menten constants for the reduction of NAD
+
. Top: [Cp*Ir(biot-p-L)Cl]; Bottom: 

[Cp*Ir(biot-p-L)Cl]Sav (ATHase). General conditions: c([Cp*Ir(biot-p-L)Cl]) = 10 µM or c(ATHase) = 5 µM, [NaHCO2] = 
200 mM, KPi 50 mM, pH =7.5, T = 30 

o
C. The apparent Michaelis ‐ Menten parameters kcat and Km were obtained applying 

sigmoidal fit corresponding to the Michaelis ‐ Menten equation using OriginPro 8.5.1®.  

Table 3. Kinetic parameters of ATHase and [Cp*Ir(biot-p-L)Cl] for reduction of NAD
+
. 

Catalyst Km [µM] kcat [min-1] 

[Cp*Ir(biot-p-L)Cl]  55.2 ± 3.1 2.68 ± 0.06 

[Cp*Ir(biot-p-L)Cl]Sav 164.5 ± 5.7 1.369 ± 0.013 

0

0,5

1

1,5

2

2,5

0 100 200 300 400 500

TF
 /

 m
in

-1
 

[NAD+] / μM 

0

0,2

0,4

0,6

0,8

1

1,2

1,4

0 500 1000 1500 2000

TF
 /

 m
in

-1
 

[NAD+] / μM 



96 
 

The effect of Sav on the mutual deactivation of the Ir‐catalyst and HbpA  

The stabilities of enzyme and Ir-catalyst play a crucial role with respect to preparative application. 

Efforts to combine HbpA with NAD+ reduction catalyst have proven challenging: both HbpA and 

[Cp*Ir(Biot-p-L)L] were rapidly deactivated when brought into contact (Table 4). Since HbpA and 

[Cp*Ir(Biot-p-L)L] are rather stable under reaction conditions, we assume a mutual inactivation 

between metallocomplex and biocatalyst. The deactivation was largely alleviated if the Ir-catalyst 

was preincubated with Sav. Hence, we concluded that indeed, Sav shielded the Ir-complex efficiently 

from interaction with HbpA and thereby protected both catalysts from mutual deactivation. 

Table 4. Residual activity of HbpA and Ir-catalyst after co-incubation. General conditions: [HbpA] = 0.2 mg/mL 
= 0.128 U/mL, c ([Cp*Ir-biot-p-L)Cl]∙Sav) = 10 μM or c ([Cp*Ir-biot-p-L)Cl]) = 10 μM; T = 30

o
C, [KPi ] = 50 mM, pH = 7.5. 

 residual HbpA activity [%] residual Ir-activity [%] 

 incubation time 

 1h 2h 1h 2h 

[Cp*Ir(biot-p-L)L] <1 0 29 0 

[Cp*Ir(biot-p-L)L]Sav 

KPi buffer 

62 

97.8 

49 

94.4 

68 

100 

57 

100 

The effect of Sav on the chemoenzymatic hydroxylation of 2-hydroxybiphenyl 

To test the validity of the molecular compartmentalization concept outlined in Figure 2, we 

investigated the regeneration of NADH in the presence of HbpA monooxygenase using the ATHase. 

The time courses of the reactions in the presence and absence of Sav demonstrate essential 

difference in final conversion (Figure 6). If Sav was omitted from the reaction mixture, accumulation 

of the product ceased soon after start of the reaction yielding less than 5% conversion of the starting 

material. In the presence of Sav, however, the mutual inactivation of [Cp*Ir(Biot-p-L)Cl] and HbpA 

was efficiently prevented and robust hydroxylation activity was achieved (Figure 6). Full conversion 

of 2-hydroxybiphenyl to 2,3-dihydroxybiphenyl was accomplished in 2 h. We conclude that Sav 

shields the Ir-complex from the enzyme, allowing the NADH regeneration with formate as hydride 

source. 

The catalytic performance [Cp*Ir(Biot-p-L)Cl]∙Sav in terms of TF (0.32 min-1) was in range with TF 

defined spectrophotometrically (Table 2). However, the HbpA performance was rather limited as just 

1.5% of its specific activity has been achieved. We assume the significant loss of HbpA activity is most 

likely due to the slow NADH regeneration catalyzed by ATHase, that represent a rate limiting step of 

the overall reaction. 
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Figure 6. Comparison of the chemoenzymatic hydroxylation of 2-phenylphenole in the presence (, blue) and absence 
(, red) of Sav. General conditions: [NaHCO2] = 168 mM, [2-phenylphenole] = 0.5 mM; [HbpA] = 0.5 mg/mL = 0.44 U/mL, 
[NAD

+
] = 0.5 mM, [FAD] = 10 μM; (, blue): c([Cp*Ir-biot-p-L)Cl]∙Sav) = 20 μM, (, red): c([Cp*Ir-biot-p-L)Cl]) = 20 μM; 

T = 30 
o
C, [KPi ] = 50 mM, pH =7.5. 

Due to the low solubility of the substrate (2-phenylphenol) in aqueous reaction media also the 

performance of the catalysts in terms of TTN (mol product/mol catalyst) was somewhat limited. 

Therefore, we advanced to a so-called two liquid phase system (2 LPS) wherein a hydrophobic 

organic solvent (e.g. 1-decanol) serves as substrate reservoir and product sink (Scheme 3). Applying 

2 LPS concept also prevents inhibition of HbpA by 2,3-dihydroxybiphenyl by in situ removal of the 

product [41], [Chapter 7]. 

The biphasic system displayed again mutual inactivation of HbpA and metallocomplex in the absence 

of Sav, whereas a TTN of > 100 (calculated for [Cp*Ir(Biot-p-L)Cl]) was achieved when Sav was 

present (Figure 7). Moreover TTN of 10 were achieved for NAD+. Here both ATHase and HbpA 

showed rather low initial activity (TFATHase = 0.084 min-1; HbpA activity = 0.003 U/mg corresponding to 

less than 1% of specific activity). We assume that significant drop in initial activity can be attributed 

to diffusion of 2-phenylphenol from the organic to aqueous phase limiting the overall reaction rate. 

Nevertheless, the decrease of initial rate in two phase system is compensated by higher TTN. 
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Scheme 3. Schematic representation of two liquid phase system (2 LPS) for hydroxylation of 2-phenylphenol catalyzed by 
HbpA in the presence of the proposed NADH regeneration system. 

 

Figure 7. Time course of chemoenzymatic hydroxylation of 2-phenylphenol in 2 LPS in the presence (, blue) and 
absence (, red) of Sav. General conditions: aqueous phase: [KPi ] = 42 mM, pH =7.5; [NaHCO2] = 168 mM; 
[HbpA] = 1.6 mg/mL = 0.88 U/mL, [NAD

+
] = 0.5 mM, [FAD] = 20 μM; (, blue): c([Cp*Ir-biot-p-L)Cl]∙Sav) = 50 μM, 

(, red): c([Cp*Ir-biot-p-L)Cl]) = 50 μM; organic phase: [2-phenylphenol] = 100 mM in 1-decanol, V = 1 mL; T = 30
o
C.  

Conclusions and outlook 

Here we showed that [Cp*M(biot-p-L)Cl] (M = Rh, Ir) are active and efficient catalysts for the 

regeneration of NADH with formate as a hydride donor. Comparison of the catalytic activity towards 

NAD+ reduction showed that the Ir-complex exhibits higher activity than Rh-complex in terms of TF. 
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The introduction of the biotin-bearing complex [Cp*Ir(biot-p-L)Cl] into streptavidin resulted in an 

artificial transfer hydrogenase (ATHase). This ATHase resemble the catalytic activity of initial 

metallocomplex and can be applied for NAD+ reduction.  

Combining the ATHase with a NADH-dependent enzyme namely HbpA showed full conversion of 

2-phenylphenol, accumulating the desired product only. On the contrary combining the novel 

[Cp*Ir(biot-p-L)Cl] complex with HbpA in the absence of streptavidin showed that accumulation of 

the product ceased soon after start of the reaction, affording less than 5% conversion of the starting 

material. Hence, we conclude that Sav efficiently shields the Ir‐complex from interaction with HbpA 

and thereby protects both catalysts from mutual deactivation.  

Furthermore, the possibility of running the system in pure aqueous phase or as a biphasic system 

highlights the applicability of the ATHase regeneration system under a variety of reaction conditions. 

Moreover TTN for both NAD+ and Ir-catalyst could be significantly improved in biphasic system. 

Further studies should aim the full characterization of the proposed regeneration system coupled to 

biocatalytic transformation. Thus optimized ratio of ATHase /biocatalyst may result in higher reaction 

rates and TTN. Also the dependence of NADH regeneration rate on formate concentration needs to 

be elucidated. Therefore, catalytic activity of the Ir-complex might be enhanced under formate-

optimized conditions. Besides, advancing the biphasic system to a microemulsion system may lead to 

better performance of the system overcoming putative diffusion limitations.  

Preliminary results suggest an applicability of ATHase catalyzed NADH regeneration also to an enoate 

reductase-catalyzed C=C double-bond reduction. Further the application of novel ATHase will be 

elucidated for variety of redox enzymes relying on NAD(P)H, FADH2 and heme cofactors to 

demonstrate the general applicability of the regeneration system. 

Experimental 

Stock solutions:  

All chemicals were obtained from Sigma-Aldrich in analytical grade. Potassium phosphate buffer (KPi) 

was prepared by dissolving K2HPO4 (114.8 mg) and KH2PO4 (590.2 mg) in distilled water (100mL, final 

conc. 50 mM, pH 6.0). Then sodium formate was dissolved in phosphate buffer (final 200mM). The 

pH was adjusted with NaOH to final pH 7.5. Streptavidin (Sav) mutant S112A and [Cp*M(biot‐p‐L)Cl] 

(M = Rh, Ir) complexes were kindly supplied by Prof. Dr. Thomas Ward, The University of Basel. 

Streptavidin (Sav) mutants were produced, purified and characterized as previously described in [42]. 

Stock solutions of lyophilized streptavidin Sav-S112A corresponding to 1 mM free binding sites 

(assuming 3 free binding sites per tetramer) were prepared by dissolving Sav-S112A (21.9 mg) in H2O 

(1 mL) directly before the experiment. The mixture was stirred until all protein was dissolved. For a 
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detailed synthesis procedure of [Cp*Ir(biot‐p‐L)Cl] see reference [43]. The stock solutions of the metal 

complexes were prepared in DMF to the final concentration of 1 mM. NAD and NADH stock solutions 

were prepared in H2O to the final concentration of 10 mM and stored at -20oC. FAD stock solutions 

were prepared in water to the final concentration of 1 mM. 

HbpA preparation 

The enzyme 2-hydroxybiphenyl-3-monooxygenase (HbpA, E.C.1.14.13.44) was kindly supplied by 

Prof. Dr. Andreas Schmid (TU Dortmund, Dortmund, Germany). The enzyme had been produced 

using Escherichia coli recombinantly expressing HbpA (E. coli JM101 pHBP461 containing hbpA) 

following a published procedure [39, 41]. For enrichment, the cell crude extracts (cell disruption was 

achieved by two passages through a French Press) were submitted to anion exchange 

chromatography (Streamline DEAE anion exchanger - Pharmacia). HbpA was eluted with 20 mM Tris 

HCl pH 7.5 using a linear gradient of NaCl from 0 to 1 M NaCl. HbpA was recovered in pooled 

fractions at 150 to 200 mM NaCl. The final enzyme preparation (pooled fractions) contained partially 

purified HbpA. Specific activities of purified fractions were determined at 30°C, 0.5 mM 

2-hydroxybiphenyl and 0.3 mM NADH. HbpA was stored as a lyophilised powder at -20 oC. HbpA 

stock solution (typically 12.5 mg/mL) was prepared directly before the experiments in KPi buffer 

(50 mM, pH 7.5). HbpA specific activity towards NADH oxidation defined spectrophotometrically was 

~0.88 ± 0.14 U/mg (batch used for monophasic reaction) and ~0.55 ± 0.02 U/mg (batch used for 

biphasic reaction). 

NADH regeneration activity of [Cp*Ir(Biot-p-L)Cl], [Cp*Ir(Biot-p-L)Cl]Sav and 

[Cp*Rh(Biot-p-L)Cl] 

The activity measurements of the biotinylated metal-complexes (in the absence or presence of Sav) 

for NADH regeneration was carried out in disposable UV cuvettes (polystyrene) at 30 °C (Shimadzu 

UV-2401 PC spectrophotometer; Julabo F12 Refrigerated/Heating Circulator). The reaction buffer 

(980 µL (or 970 µL for the reaction with Sav), 50 mM KPi, 200 mM NaHCO2, pH 7.5) was 

supplemented with [Cp*Ir(Biot-p-L)Cl] or [Cp*Rh(Biot-p-L)Cl], respectively (10 µL of a 1 mM solution 

in DMF). If indicated, Sav-S112A stock solution (10 µL, 1 mM in free binding sites in H2O; 3 free 

binding sites per tetramer assumed) was added and the mixture was incubated at ambient 

temperature for 15 minutes to allow the binding of the metal complex to Sav. The reactions were 

started by addition of NAD+ (10 µL of a 10 mM solution in H2O). The reaction progress was followed 

spectrophotometrically by recording UV spectra or simply by following the absorption change at 340 

nm. For quantification of NADH formed, the molar absorption coefficient of 6220 M-1 cm-1 was used. 
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The effect of Sav-S112A on the robustness of the chemoenzymatic hydroxylation reactions 

In a first set of experiments the mutual inactivation of [Cp*Ir(Biot-p-L)Cl] and HbpA as well as the 

protecting effect of [Cp*Ir-biot-p-L)Cl]Sav(S112A) was examined. For this, following assays were 

performed: To phosphate buffer (1560 µL, 50 mM, pH 7.5) was added [Cp*Ir(Biot-p-L)Cl] (20 µL of a 

1 mM solution in DMF) and either Sav-S112A (20 µL, 1 mM free binding sites in H2O; 3 free binding 

sites per tetramer assumed) or H2O (20 µL), respectively. Subsequently the mixtures were 

supplemented with HbpA stock solution (400 µL, 1 mg/mL in 50 mM KPi buffer, pH 7.5). These 

mixtures were incubated in a shaking incubator at 30 °C. At 1 and 2 hours aliquots were taken to 

measure the residual activity spectrophotometrically. Residual HbpA activity: An aliquot of the 

incubated mixture (200 µL) was added to a mixture of phosphate buffer (752 µL, 50 mM, pH 7.5), 

NADH stock (30 µL of a 10 mM solution in H2O) and FAD (10 µL of a 1 mM solution in H2O) in a 

disposable UV-cuvette (polystyrene). The resulting solution was placed in a UV spectrometer at 30 °C 

and background activity was recorded for 1.5 min. Residual substrate-related activity was followed 

after adding 2-hydroxybiphenyl (8 µL of a 25 mM methanolic solution) by the decrease in absorption 

at 340nm (NADH). For residual [IrCp*(Biot-p-L)L] activity an aliquot of the incubated mixture (100 µL) 

was added to formate containing buffer (890 µL, 50 mM in KPi, 200 mM in NaHCO2, pH 7.5) and the 

reactions were started by addition of NAD (10 µL of a 10 mM solution H2O). 

The effect of Sav-S112A on the chemoenzymatic hydroxylation of 2-hydroxybiphenyl 

A first set of experiments was performed in aqueous medium only: Formate containing buffer 

solution (1.68 ml of 50 mM KPi, 200 mM NaHCO2, pH adjusted to 7.5 with NaOH) was placed in a 2 

mL PP-tube, Sav-S112A stock solution (40 µL, 1 mM free binding sites in H2O; 3 free binding sites per 

tetramer assumed) was added, followed by [Cp*Ir(Biot-p-L)Cl] (40 µL, 1 mM in DMF). This mixture 

was incubated for 15 minutes at room temperature. Afterwards, the mixture was supplemented with 

FAD solution (20 µL of a 1 mM solution in H2O) and HbpA stock solution (80 µL, 12.5 mg/ml, 11 U/ml 

in KPi buffer). After addition of the substrate 2-hydroxybiphenyl (40 µL of a 25 mM stock solution in 

methanol) the reaction was started by addition of NAD+ (100 µL of a 10 mM stock solution in H2O). 

The reaction mixtures were placed in a thermoshaker (TWISTER comfort) and incubated at 30 oC and 

400 rpm. Samples of 50 µL were withdrawn at the indicated time points, diluted with ACN/water 

(0.95 mL of a 50:50 (v/v) mixture containing 0.1 % TFA) and analyzed by RP-HPLC. (Shimadzu LC-20 

system with a Shimadzu SPD-20A Photo Diode Array detector using a Waters Xterra column (RP18, 

3.5 μM, 4.6 × 150 mm). The temperature was controlled to 40°C by a Shimadzu CTO-20AC column 

oven. The eluent was acetonitrile/water (50/50) isocratic and contained 0.1% TFA; flow rate: 1.1 

mL/min, detection wavelength 254 nm). The quantification was based on calibration curves using 
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authentic standards. Typical chromatograms are shown in Figure 8. The reaction without Sav-S112A 

was performed under identical conditions but leaving out the Sav-S112A addition step.  

 

Figure 8. Chromatograms of a typical chemoenzymatic hydroxylation reaction. Red: Sample taken immediately after 

initiation of the reaction, blue: sample taken after 40 min reaction time, green: sample taken after 24 h reaction time. 

A typical procedure for two-phase system was the following: to a buffered solution of NaHCO2 

(712 µL, 200 mM in NaHCO2, 50 mM in KPi, pH adjusted with NaOH to 7.5) was added 

[Cp*Ir-biot-p-L)Cl] (50 µL of a 1 mM solution in DMF) and either Sav-S112A (50 µL, 1 mM free binding 

sites in H2O; 3 free binding sites per tetramer assumed) or H2O (50 µL), respectively. The mixture 

then was supplemented with FAD solution (10 µL of a 1 mM solution in H2O) as well as HbpA stock 

solution (128 µL, 12.5 mg/mL, 6.9 U/mL in KPi buffer, pH of buffer 7.5). Immediately afterwards 2-

hydroxybiphenyl in 1-decanol (1 mL of a 100 mM solution) was added. The reaction mixtures were 

placed in a thermoshaker and incubated at 30oC and 800 rpm. After a short mixing period (approx. 1 

minute) a sample (0.1 mL) was withdrawn and centrifuged to induce phase separation. 10 µL of the 

organic phase were withdrawn (the remaining sample was added back to the reaction mixture), 

diluted with ACN/water (0.99 mL of a 50:50 (v/v) mixture containing 0.1 % TFA) and analyzed by RP-

HPLC as described above. The reaction was subsequently initiated by addition of NAD+ stock solution 

(50 µL of a 10 mM solution in H2O). Samples were taken at the indicated time points and treated as 

described above. For analysis, only the substrate and product concentrations in the organic phase 

were considered. 
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Determination of apparent kinetic constants of ATHase catalyzed NAD reduction 

Note: the reaction conditions for the kinetic measurement (50 mM KPi-buffer, 200 mM NaHCO2) are 

not identical to the conditions used in the monophasic reaction set-up (42 mM KPi-buffer, 168 mM 

NaHCO2). The following buffers and stock solutions were used: buffer (50 mM KPi pH 7.5), NaHCO2 

(400 mM in KPi-buffer, pH adjusted with NaOH to 7.5), NAD+ (0.025 mM, 0.05 mM, 0.075 mM, 

0.1 mM, 0.15 mM , 0.25 mM , 0.4 mM, 0.5 mM , 1 mM , 4 mM , 6 mM, 8 mM, 10 mM in KPi buffer); 

[Cp*Ir(Biot-p-L)Cl] - 1.00 mM (MW 803 g/mol, weight 2.32mg in 2.889 ml of DMF); ATHase: 10.23 mg 

of Sav S112A were dissolved in Buffer 1 (4.209 mL) and Ir-stock solution (467 µL) was added. This 

leads to a final concentration of approximately 100 M (in respect to Ir) and a ratio of Ir/free binding 

sites of 1/1 (3 binding sites per tetramer assumed). 

All stock solutions were incubated at 30 °C prior use. The samples were prepared in the cuvette 

(polystyrene) by adding first KPi buffer (250 µL), followed by the ATHase (50 µL, final conc. 5 µM), 

and then NAD+ (200 µL from the corresponding stock). The reactions were started by the addition of 

NaHCO2 (500 µL, final 200 mM). 

Each measurement was performed in triplicate in a Shimadzu UV‐1800 UV spectrophotometer (at 30 

°C) and analyzed with UV Probe, Version 2.34. Absorption was detected at 340 nm and an absorption 

coefficient of 6220 M‐1cm‐1 for NADH was used for calculation of the kinetic parameters. Rates were 

determined by considering the linear part of increase in absorbance over time. The apparent 

Michaelis‐Menten parameters kcat and Km were obtained applying sigmoidal fit using OriginPro 8.5.1® 

corresponding to the Michaelis‐Menten equation. 
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Chapter 6 

Hydrophobic formic acid esters for cofactor regeneration in 

aqueous/organic two-liquid phase systems 

Introduction 

Formate dehydrogenase (FDH, E.C. 1.2.1.2) is certainly one of the most widely applied cofactor 

regeneration systems [1-4] used to promote NADH-dependent reductions and oxidations [5-11]. The 

formate - driven NAD+ reduction yields volatile CO2 as by-product, thus efficiently shifting the 

reaction equilibrium towards NADH formation.  

One drawback of the FDH regeneration system is its dependence on highly polar formic acid or 

formates as sacrificial electron donors to drive the regeneration reaction. As a result, classical FDH-

based reaction systems are limited to mainly aqueous media. Considering that the majority of the 

(industrially) relevant substrate/product couples are rather hydrophobic, purely aqueous reaction 

systems suffer from poor substrate loadings and inherently poor space-time-yields. One possible 

solution to this dilemma is the use of aqueous/organic two-liquid phase systems (2 LPS) wherein the 

bulk of reagents is dissolved in the water-immiscible organic phase and partitions into the, 

biocatalyst-containing, aqueous phase for transformation according to their partition coefficient [9-

13], [Chapter 2]. In order to obtain high volumetric productivities, large volumetric ratios of organic to 

aqueous phase are desirable. In this case, formate has to be supplied at high concentration in the 

aqueous layer to attain stoichiometric amounts of the sacrificial reductant. The resulting high ionic 

strength in the aqueous phase can pose a significant challenge to activity and stability of the 

dissolved biocatalysts. 

Inspired by a recent contribution by Bertau and coworkers who reported FDH-activity on formate 

esters [14], we hypothesized that hydrophobic formic acid esters may serve as sacrificial electron 

donors to promote NADH-dependent reactions in 2 LPS. Hence, hydrophobized formates can be 

supplied in the apolar organic phase in stoichiometric amounts without impairing the biocatalyst(s) 

due to high ionic strengths in the aqueous layer. Ideally, the formic acid esters themselves form the 

organic phase thereby avoiding the need of additional solvent. Provided the alcohol part of the 

formic acid ester is a hydrophobic alcohol its accumulation in the organic phase in the course of the 

reaction should not alter the (hydrophobic) properties of the organic phase too much.  

To test the hypothesis of FDH-catalyzed NADH regeneration using formate esters in 2 LPS we chose 

2-hydroxybiphenyl-3-monooxygenase (HbpA, E.C. 1.14.13.44, an NADH- and FAD-dependent 
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enzyme) as a model enzyme [10-11, 15-19]. As organic phase we chose octyl formate since both the ester 

and 1-octanol are sufficiently hydrophobic to serve as second, water-immiscible phase. Overall, a 

biphasic reaction setup as shown in Scheme 1 was envisaged. 

  

Scheme 1. The ‘hydrophobized formates concept’ to promote a NADH - dependent oxyfunctionalization reaction. Formic 
acid esters, such as octyl formate, form the organic phase also serving as substrate reservoir and product sink. Formate 
dehydrogenase (FDH) mediates the oxidative hydrolysis of the formic acid esters into CO2 and alcohol while regenerating 
NADH 

[14]
. The latter is consumed in the course of the HbpA (2-hydroxybiphenyl-3-monooxygenase) - catalyzed 

hydroxylation of 2-hydroxybiphenyl.  

Results 

In a first set of experiments we examined the influence of increasing formate concentrations on the 

activity of both HbpA and FDH (Figure 1).  
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Figure 1. Influence of [NaHCO2] on the activity of HbpA () and FDH (●). General conditions: KPi buffer 50mM, pH = 7.5, 

V = 1 mL, T = 30
o
C, (): [HbpA] = 0.066 U mL

-1
 = 0.04 mg mL

-1
, [2-hydroxybiphenyl] = 0.2 mM, [NADH] = 0.3 mM, [FAD] = 

2 µM; (●) [FDH] = 0.018 U mL
-1

 = 0.017 mg mL
-1

, [NAD
+
] = 1 mM. 

Interestingly, both enzymes showed an opposite behaviour with increasing sodium formate 

concentrations. Whereas FDH was apparently not inhibited by the presence of up to 1 M sodium 

formate, HbpA activity decreased significantly. Already in the presence of 100 mM of sodium formate 

HbpA activity was reduced by 50%. This is in line with previous observations made with HbpA [18]. 

Suske et al. have observed a significant influence of monovalent anions (such as azide and chloride) 

on the stability of the intermediate hydroperoxoflavin [19], which may also account for the apparent 

inhibition observed with formate. Also, a negative influence of the increasing ionic strength on the 

structural integrity of the biocatalyst may be hypothesized. Further studies will be necessary to fully 

understand the nature of the apparent inhibition of HbpA by NaHCO2. Overall, we concluded that 

HbpA catalyzed hydroxylation reaction (being inhibited by already comparably low sodium formate 

concentrations) is a suitable model system to evaluate the ‘hydrophobized formates concept’.  

Next, we went on to test the feasibility of the ‘hydrophobic formates concept’. Under arbitrarily 

chosen reaction conditions (see Figure 2, caption) we were pleased to observe stable hydroxylation 

activity over at least 3 weeks wherein the desired product 2,3-dihydroxybiphenyl continuously 

accumulated in the organic phase (Figure 2). It is worth mentioning here that in the absence of either 

HbpA, FDH or NAD+, no conversion was observed. 
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Figure 2. Time-course of 2,3-dihydroxybiphenyl formation in a 2 LPS using octyl formate as a second organic phase. 
General conditions: octyl formate : KPi = 9:1 (v/v); Vtotal= 10 ml, T = 30

o
C; aqueous concentrations: [HbpA] = 5.4 U mL

-1
 = 

3.6 mg mL
-1

, [FDH] = 5.4 U mL
-1

 = 5.1 mg mL
-1

, [NAD
+
] = 2 mM () or 0.2 mM (); organic concentrations: 

[2-hydroxybiphenyl] = 500 mM. 

On average (over the whole period), the productivity reached was 0.1 mMh-1
org. Nevertheless, the 

reaction yielded the desired 2,3-dihydroxybiphenyl in 12% yield with very promising turnover 

numbers (TN = final amount of product divided by amount of catalyst used) for NAD+ and HbpA of 

2680 and 9540, respectively. Also the extraordinary high robustness of the reaction (steadily 

accumulating the product over at least 3 weeks) is worth pointing out. 

The high robustness of the overall reaction was astonishing as control experiments in the absence of 

substrate and NAD+ under otherwise identical conditions to the reaction shown in Figure 2 indicated 

half-life times of 16h and 24h for HbpA and FDH, respectively (Figure 3). We attribute this to slow, 

spontaneous hydrolysis of octyl formate and subsequent accumulation of formic acid in the aqueous 

medium, leading to inactivation of the biocatalysts.  

In fact, we attempted to accelerate the overall reaction rate via lipase-mediated1 octyl formate 

hydrolysis, thus generating formic acid in situ for NADH regeneration. However, only trace amounts 

of product were observed accompanied with a pH drop to less than 2, therefore leading to 

instantaneous acid-induced enzyme inactivation. 

Overall, provided the consumption of formic acid proceeds faster than its formation via hydrolysis, a 

pH-stable system can be achieved. Therefore, water-induced octyl formate hydrolysis may contribute 

to the overall FDH activity but acid induced enzyme inactivation under reaction conditions is unlikely. 
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Figure 3. Stability of FDH (left) and HbpA (right) under the conditions of a 2 LPS applied in this study. General conditions: 
octyl formate: KPi = 9:1 (v/v), [KPi] = 50 mM, pH =7.5, V = 10 ml, 30

o
C;  [HbpA] = 3.6 mg/ml, [FDH] = 5.1 mg/ml. 

It should be mentioned here that the productivity of the reaction system (shown in Figure 2) 

significantly fell back behind the values expected from the enzyme activities applied. An initial 

product formation rate of a bit more than 1 mMh-1 (in the organic phase, corresponding to approx. 

9 mMh-1 in the aqueous layer) was determined. This corresponds to a formal specific HbpA activity of 

0.15 U mL-1, which is significantly lower than (approx. 3%) the theoretical HbpA activity of 5.4 U mL-1 

determined in independent spectrophotometric experiments. Similar calculation also applies for the 

formal activity of FDH.  

On the one hand, significant decline in activity of overall two enzymes system might be explained by 

slow NADH regeneration catalyzed by FDH using octyl formate. Thus Bertau and co-authors defined 

that Vmax values for FDH - mediated formate ester cleavage are lower than for “natural” substrate 

sodium formate by a factor 2-3 [14]. Hence, using octyl formate for NADH regeneration may result in 

lower activity of FDH, subsequently retarding the activity of the overall system. On the other hand, 

diffusion of the (co)-substrates (octyl formate and 2-hydroxybiphenyl) from organic to aqueous 

phase could be overall rate limiting thereby accounting for the low formal specific enzyme activities. 

To clarify this, we systematically varied the concentrations of all reagents and catalysts to identify the 

overall rate-limiting component. Interestingly, varying the concentration of either HbpA, FDH or 

NAD+ did not significantly influence the overall rate of the system; within experimental error, all rates 

were identical. Exemplarily the influence of varying [NAD+] is shown in Figure 2 (circles 2 mM and 

boxes 0.2 mM). Similar results were also obtained when changing the biocatalysts concentration.  

As the catalysts concentrations had no apparent effect on the overall reaction rate, we suspected 

that diffusion limitation over the interphase might be overall rate - limiting. In fact, changing the 
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concentration of both octyl formate and 2-hydroxybiphenyl had a clear impact on the reaction rate 

(Figure 4 and Figure 5). 

 

Figure 4. Influence of octyl formate concentration on the rate of 2,3-dihydroxybiphenyl formation (determined in the 
organic phase). General conditions: organic phase : KPi = 9:1 (v/v), V total = 1 ml; aqueous phase: [HbpA] = 5.4 U mL

-1
, 

[FDH] = 5.4 U mL
-1

, [NAD
+
] = 2 mM; organic phase: different ratios of 1-decanol to octyl formate were used resulting in 

the molar octyl formate concentrations shown; [2-hydroxybiphenyl] = 10 mM. 

 

Figure 5. Influence of 2-hydroxybiphenyl concentration on the rate of 2,3-dihydroxybiphenyl formation (determined in 
the organic phase). General conditions: octyl formate : KPi = 9:1 (v/v); V total = 1 ml. Aqueous phase: [HbpA] = 5.4 U mL

-1, 

[FDH] = 5.4 U mL
-1

, [NAD
+
] = 2 mM; organic phase: 2-hydroxybiphenyl dissolved in octyl formate at shown 

concentrations. 

In both series saturation-type behaviour of the reaction rate on the concentration of 

2-hydroxybiphenyl and octyl formate in the organic layers was observed. We interpret these results 

in terms of phase-transfer limiting the overall rate of the reaction system. It should be mentioned 
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that overall system might be also restricted by oxygen diffusion due to its low solubility in aqueous 

media (approximately 0.25 mM). 

The intrinsic influence of the octyl formate and 2 - hydroxybiphenyl concentrations on the initial 

reaction rate imply the diffusion of the substrates from organic to aqueous phase indeed significantly 

confines the system. Hence, the interfacial area of aqueous and organic layers should also have a 

significant influence on the overall rate [Chapter 2]. Indeed, changing the reaction setup from gently 

shaken (Figure 2) to vigorously mixed (performing the reaction in baffled Erlenmeyer flasks) almost 

doubled the reaction rate albeit at the expense of a significantly reduced stability of the production 

system: under the mechanically very demanding conditions the enzymes denatured rapidly leading 

to an almost complete loss of activity after 1h. 

Discussion 

For many biocatalytic reactions water is not the ideal solvent as hydrophobic reactants are only 

poorly solubilized. The resulting low reactant concentrations, combined with sometimes tedious 

reaction work-up, render biocatalytic procedures unpractical. Therefore it is not astonishing that a 

growing number of publications aim at ‘water-free’ or minimal water-content biocatalysis [10-11, 13, 20-

26]. For production systems necessitating diffusible nicotinamide cofactors (for example 

monooxygenases where a NADH-regenerating system is inevitable), the so-called two-liquid phase 

system (2 LPS) approach may be a good compromise as here a hydrophobic organic solvent serves as 

substrate reservoir and product sink enabling overall high substrate loadings. In addition, 2 LPSs can 

also render biocatalytic reactions more efficient by controlling the aqueous concentrations of 

substrates and products. Thereby, inhibitory effects of excess reagents can be minimized as well as 

undesired side reactions, such as the non-productive uncoupling of NADH oxidation from substrate 

hydroxylation resulting in H2O2 formation, as observed e.g. with HbpA [18-19].  

Although FDH cofactor regeneration is widely applied, high substrate loadings are difficult to achieve 

using formate salts as stoichiometric reductants as the resulting high ionic strengths in the aqueous 

layer may significantly impair the biocatalysts’ activity and stability. In the current contribution we 

have demonstrated the principal feasibility of using hydrophobized formic acids (by means of 

hydrophobic formic acid esters) in the 2 LPS approach. Thereby, hydrophobic formic acid esters not 

only serve as substrate reservoir and product sink but also as source of reducing equivalents.  

The major limitation of the current reaction setup is the sluggish phase transfer kinetics of both 

2-hydroxybiphenyl and octyl formate. Possibly, also low oxygen availability contributes to the overall 

slow reaction rate. Increasing the phase transfer rate, especially via emulsification should be in the 

focus of further investigations. 
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Despite the early stage of development of this system and many challenges still to be faced en route 

for practical applications, we believe that hydrophobized formates represent an interesting future 

development in FDH-based redox biocatalysis.  

Conclusions and outlook 

In this contribution we have demonstrated the principle applicability of the ‘hydrophobized formates 

concept’ to promote NADH-dependent redox reactions. Hydrophobic esters of formic acid can serve 

as organic phase in biocatalytic 2 LPS reactions and as source of reducing equivalents at the same 

time; thereby paving the way towards low-water content redox biotransformations.  

The current setup is limited by poor mass transfer rates over the interphase, which should be 

addressed in future investigations. For example, creating emulsions stabilized with surfactant might 

be a solution to the diffusion limitations. Here, the major challenge to be addressed is to reduce the 

mechanical stress induced by the emulsification process avoiding the biocatalysts inactivation. 

Additionally, engineering measures to maintain sufficient oxygen concentration have to be taken.  

Furthermore, the novel concept of using formic acid esters for NADH regeneration might be 

extended for various ADHs and P450 monooxygenases as well. Depending on the nature of the 

enzymes chosen, the biocatalyst stability issues might be addressed by immobilization or using 

stabilizing additives, e.g. different polyols [27-29]. 

Experimental 

Materials 

Enzymes: HbpA (119.4 mg/mL) and FDH (52 mg/mL) glycerol stocks of lyophilized enzymes were 

provided by prof. A. Schmid, TU Dortmund University, Germany. Enzymes were produced and 

purified following to previously published procedure [10-11, 30-31]. 

Chemicals: All chemicals were purchased from Sigma-Aldrich, Fluka or Acros in the highest purity 

available and used as received. The following buffers and stock solutions were used: buffer (50 mM 

KPi pH 7.5), NADH (25 mM in buffer), NAD+ (10 mM in buffer), HbpA (3.98 mg mL-1 in buffer), FDH 

(1.74 mg mL-1 in buffer), NaHCO2 (2 M in buffer, pH adjusted to 7.5), 2-hydroxybiphenyl (25 mM in 

methanol), FAD (0.2 mM in buffer). 

UV spectrophotophotometric activity measurements 

The activity of both HbpA and FDH was determined using a spectrophotometric assay following the 

depletion (HbpA) or formation (FDH) of the characteristic UV-absorption band of NADH at 340 nm (ε 

= 6220 M-1cm-1). The experiments were performed using 1.5 mL disposable UV cuvettes (polystyrene) 
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at 30 °C on a Shimadzu UV-2401 PC spectrophotometer with Julabo F12 Refrigerated/Heating 

Circulator. All experiments were performed at 30 oC.  

HbpA assay: HbpA was diluted in buffer to a final concentration of 0.04 mg mL-1 and supplemented 

with FAD (0.002 mM final). The assay was started by addition of NADH (0.3 mM final) to determine 

the non-substrate related NADH oxidation rate (background activity). After one minute, 2-

hydroxybiphenyl (0.2 mM final) was added to determine the total NADH oxidation rate. The specific 

2-hydroxybiphenyl hydroxylation activity of the HbpA preparation (1.66 U mg-1) was obtained by 

subtracting the background activity from the total activity.  

FDH-assay: FDH was diluted in buffer to a final concentration of 0.017 mg mL-1 and supplemented 

with NAD+ (1 mM final) and NaHCO2 (100 mM final). The specific NAD+-reduction activity of the FDH-

preparation used was 1.06 U mg-1. A spectroscopic determination of the FDH activity towards octyl 

formate proved to be difficult due to its poor solubility in aqueous media (diffusion limitation and/or 

formation of optically intransparent emulsions) and the slow hydrolysis of octyl formate leading to 

the formation of aqueous formic acids. 

Stability measurements 

The stabilities of HbpA and FDH under reaction conditions were determined by incubating 5.4 U mL-1 

of each enzyme at 30 oC for 30 hours in a 2 mL reaction tube containing a biphasic mixture (phase 

ratio 9:1 organic to aqueous) consisting of 100 µL of KPi buffer (50 mM, pH = 7.5) and 900 µL of octyl 

formate, in the presence of TWEEN 20 (0.2 mg mL-1). TWEEN 20 was chosen as surfactant to facilitate 

the formation of stable emulsions with minimal shear force [Chapter 2]. At intervals, 10 µL samples 

of the aqueous phase were withdrawn and analysed using the photometric assay described above.  

Coupling of FDH catalyzed NADH regeneration to the HbpA reaction 

Unless mentioned otherwise, the coupled reaction of FDH and HbpA was performed in 2 mL tubes at 

30 oC and mixed at 1200 rpm. The reaction mixtures consisted of a biphasic mixture of KPi buffer and 

octyl formate with the ratio 1:9 (v/v). The organic phase contained 2-hydroxybiphenyl in a 

concentration range of 10-500 mM and the aqueous phase contained HbpA (5.4 U mL-1), FDH 

5.4 U mL-1), NAD+ (2 mM) and FAD (20 µM). The reaction mixture was supplemented with TWEEN 20 

(0.2 mg mL-1). We have refrained from adding catalase to the experiments since the cell crude 

extracts (originating from aerobic E. coli cultivations) presumably contained endogenous catalase 

activity. Aliquots of 10 µL of the organic phase were withdrawn at intervals, diluted with 990 µL of 

acetonitrile containing 0.1% of TFA (v/v) and analysed by RP-HPLC.  
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The time course of 2,3-dihydroxybiphenyl formation was done under the aforementioned conditions 

at 10 mL scale (50 mL tubes) with an initial ratio between the organic and aqueous phase of 9:1 (v/v). 

The final phase ratio was approximately 8.84:1 (v/v) after 16 samples of 10 µL. 

The effect of lipase addition was investigated under following conditions: the coupled reaction of 

FDH and HbpA was performed as described in standard procedure in 50 mL tubes using NAD+ (0.2 

mM) and 2-HBP (500 mM). To the reaction assay (Vtotal = 10 mL), 0.1 g of immobilized Lipase B (CalB) 

from Candida Antarctica (Novozyme 435) was added. 

All experiments had been performed in duplicates (unfortunately not always sampling at identical 

times). Therefore, no error bars are given in the figures. Nevertheless, the deviation between the 

single experiments was maximally 14%. 

HPLC analysis 

The progress of the reactions was measured by RP-HPLC on a Shimadzu LC-20 system equipped with 

a Shimadzu SPD-20A Photo Diode Array detector using a Waters Xterra column (RP18, 3.5 μM, 4.6 × 

150 mm). The temperature was controlled at 40°C by a Shimadzu CTO-20AC column oven. As eluent 

an acetonitrile/water (containing 0.1% TFA) (40/60) mixture was used isocratically. The flow rate was 

set to 1.1 mL min-1 and the detection wavelength to 210 nm. Retention times were 2.94 min for 

2,3-dihydroxibiphenyl, 3.67 min for 2-hydroxybiphenyl and 6.47 min for octyl formate. 1-Octanol was 

not quantified due to its low response in the detection method (UV). Data were processed using the 

LC solution software. The final concentrations were calculated based on standard curves obtained 

using 2-hydroxybiphenyl and 2,3-dihydroxybiphenyl standards in the concentration range of 10-500 

mM. 
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Chapter 7 

Conclusions and outlook 

Biocatalysts attract considerable attention for synthetic organic oxyfunctionalization chemistry due 

to their high chemo-, regio-, and stereoselectivity, which can be difficult to achieve by chemical 

means. Enzymatic oxyfunctionalizations are mainly performed by peroxygenases and oxygenases. 

The aim of this thesis was to setup robust and scalable biocatalytic oxyfunctionalizations using 

heme - dependent peroxygenases. Unlike oxygenases, peroxygenases are single component proteins, 

independent of an expensive NAD(P)H cofactor utilizing simple and cheap H2O2 as an oxidant. 

However, the application of peroxygenases is hampered by their low operational stability, which 

impairs the overall productivity. Hence, the major topic of this thesis was to improve the operational 

stability and the overall productivity of peroxygenase - catalyzed oxyfunctionalization. 

Stabilization by the controlled in situ H2O2 generation from O2 

The operational stability of peroxygenases is mainly hampered by H2O2, which oxidatively inactivates 

the peptide and the prosthetic group. To alleviate this inactivation, we have developed two 

alternative catalytic approaches for the controlled in situ H2O2 generation from O2. The 

photocatalytic method for in situ generation of H2O2 has been applied to CPO catalyzed sulfoxidation 

and AaeAPO catalyzed hydroxylation/epoxidation reactions. The operational stability, and 

consequently the overall productivity (in terms of TTN), of both CPO and AaeAPO has been 

significantly improved in comparison with stoichiometric use of H2O2 as illustrated for thioanisole and 

ethylbenzene oxidations (Table 1, entries 1 - 3).  

Table 1. a) Sulfoxidation of thioanisole catalyzed by CPO; b) ethylbenzene hydroxylation catalyzed by AaeAPO using 
different H2O2 generation/dosage methods 

 H2O2 generation method/addition mode  TTN (CPO)
a 

TTN (AaeAPO)
b
 Ref. 

1 Stoichiometric H2O2 4 900 6000 [1]; Chapter 3 

2 Flavin/ EDTA/ hν/ O2 (monophasic) 22 400 18 080 [1]; Chapter 3 

3 Glucose oxidase/glucose/O2 250 000 - [2] 

4 Continuous addition 108 000 43 000 [3-4] 

5 Sensor – controlled 148 000 - [5] 

6 Flavin/ EDTA/ hν/ O2 (biphasic) 126 000 200 000 Chapter 2; Chapter 3 
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In monophasic set - up, TTN for photocatalytic approach remained lower than for previously reported 

methods (Table 1, entries 3 - 5). However, photocatalytic approach showed a drastic increase in TTN 

in the biphasic system already under non - optimized conditions (Table 1, entry 6). Further 

optimization of the reaction system may lead to even higher productivities. 

One of the major advantages of the in situ H2O2 generation is the constant reaction volume, whereas 

continuous or sensor controlled addition of H2O2 require diluted concentrations of H2O2 leading to 

constant increase of the reaction volume, high water consumption and laborious product isolation. 

One of the drawbacks for in situ generation of H2O2, is the need for an excess of a sacrificial electron 

donor for oxygen reduction, and the concomitant byproduct formation. Therefore, the initially 

applied reductant EDTA, leading to the formation of significant amounts of problematic byproducts 

such as formaldehyde and ethylene diamine, has been substituted by innocuous ascorbic acid 

[Chapter 3]. In addition, ascorbic acid is known as a radical scavenger, which further facilitates 

enzymatic stability and suppresses radical – induced side reactions.  

As was shown in Chapters 2-3 oxygen diffusion from ambient atmosphere represents one of the 

major limitations of the photoenzymatic system. Partially this problem can be solved by increasing 

the oxygen pressure, however it somehow influences the safety of the whole process. External 

oxygen supply may lead to the formation of air (oxygen) bubbles and cause the hydrodynamic stress 

at the liquid - gas interphase, which can impair the enzyme activity and stability. To overcome this 

drawback, bubble - free oxygenation might be applied by e.g. using an oxygen - permeable composite 

membrane [6-7]. 

The second approach for in situ generation of H2O2 catalysis employs 1-benzyldihydronicotinamide 

(mNADH) as sacrificial reductant of flavin [Chapter 4]. mNADH is a strong reducing reagent [8], 

therefore light excitation of flavin is not required for the reduction of flavin. This approach has been 

applied for P450 peroxygenase - catalyzed hydroxylation of myristic acid. The operational stability of 

P450 peroxygenases could be enhanced by applying in situ generation of H2O2. However, the final 

productivities remained low (TTN of 200) because of the low substrate loadings. Further experiments 

using higher substrate loading, e.g. in 2 LPS may improve the final productivities. Additionally, an 

efficient and stable regeneration system of catalytic amount mNADH needs to be developed [9-10]  

Two - liquid phase system 

To increase the overall productivity of studied biotransformations, the two - liquid phase system 

(2 LPS) approach has been applied throughout this thesis permitting high substrate loadings and 

reducing reactants toxicity for enzymes. For example, in case of the CPO - catalyzed enantiospecific 
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sulfoxidation of thioanisole, application of the 2 LPS concept greatly enhanced the overall 

productivity as compared to the aqueous reaction system (Table 1). CPO activity and selectivity 

remained stable using thioanisole as a second liquid phase. Interestingly, the enantioselectivity and 

stability of AaeAPO markedly depended on the solvent used as a second phase [Chapters 2-3]. 

Preliminary results showed that encapsulation of AaeAPO into a sol - gel matrix enhanced enzyme 

stereospecificity. Therefore, different immobilization techniques would be interesting to test in order 

to prevent enzymes inactivation and permit its recycling.  

In addition, the direct use of AaeAPO in organic solvents would be interesting to investigate. In 

biphasic system enzymes retain their conformational flexibility. Thus, hydrophilic protein motives 

tend to expose to aqueous phase, wherein hydrophobic protein motives incline towards organic 

media. Such a hydrophilic - hydrophobic interaction may lead to the change of the enzyme 

conformation, which is favorable for catalysis, and its denaturation over longer periods. However, it 

has been demonstrated that enzymes are very rigid in the absence of water, which plays the role of 

molecular lubricant. Therefore, various enzymes retain their native structure even in anhydrous 

organic solvents [11]. Although, the catalytic activity of enzymes in neat solvents is generally lower 

than in water [12-13], this approach 1) makes high concentrations of substrate possible, simplifying 

downstream processes and 2) obviate the water consumption, which is essential in a view of 

oncoming problem of fresh water sources. 

Future prospects for application of peroxygenases  

The recently discovered AaeAPO peroxygenase possesses a remarkable activity towards 

oxyfunctionalizations of (non) - activated C-H bonds over broad range of substrates [Chapter 3]. 

Furthermore, already under non - optimized conditions high productivities have been obtained for 

hydroxylation of ethylbenzene derivatives catalyzed by AaeAPO [Chapter 3]. On the contrary, CPO is 

a good catalyst only for sulfoxidations, whereas its performance in hydroxylation of C-H bonds and 

epoxidation reactions drops by several orders of magnitude [5, 14-15]. 

As for catalysis with P450 peroxygenases, further experiments using higher substrate loading, e.g. in 

2 LPS may shed light on possibilities for preparative applications. However, the substrate scope of 

these enzymes needs to be further extended, by means of protein engineering or by using decoy 

molecules with a carboxy group, which allows to generate active species and catalyze non -natural 

reactions [16-17]. 

Generally, in order to establish profitable industrial processes based on peroxygenases, large - scale 

enzymes production is necessary to reduce the cost of the catalyst. However, so far only CPO is 



124 
 

produced as a fine chemical. Despite of promiscuity and high productivities achieved by AaeAPO, its 

production has not been established yet. This hampers the commercial application of AaeAPO.  

Nevertheless, comparing the publication track between lipases (which are easy to handle and widely 

applied in industry [18]), and peroxygenases, we can conclude that the research area on these 

enzymes is rather young. The information available on this enzymes hardly reach 30 publications per 

year in comparison with thousands articles published on lipases. Therefore, we can assume that 

commercial application of promising peroxygenases, such as AaeAPO, is only a question of time. In 

this respect, collaborative research is needed including the development of efficient and stable 

peroxygenase production systems, and combined enzyme, reaction and process engineering. Finally, 

the discovery of novel peroxygenases may enrich the scope of desirable oxyfunctionalizations for 

organic synthesis. 

 

Figure 1. Publication track on lipases and peroxygenases according to Web Of Science  
[19]

 

This thesis showed that industrial viability of peroxygenases can be improved by a) using in situ 

generation of H2O2 and b) applying two liquid phase system for substrate supply/product removal, 

which leads to enhanced productivity. 

NADH cofactor regeneration  

In addition to peroxygenases, various oxyfunctionalizations can be performed by oxygenases. 
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Therefore, the second objective of this thesis was the development of alternative NADH regeneration 

systems for oxygenase - based catalysis. 

First, we proposed a chemical method for NAD(P)H regeneration using a transition metal catalyst 

[Chapter 5]. To overcome the issue of the commonly encountered mutual inactivation between the 

metallocomplex and the enzyme, we proposed using artificial transfer hydrogenases (ATHs) wherein 

the biotin - coordinated transition metal complex is sterically shielded by complexation with 

streptavidin. The applicability of the concept was illustrated by combining the ATHase with HbpA, 

demonstrating that the general catalytic properties of ATHase and enzyme are preserved. However, 

the efficiency of the proposed regeneration system remains noncompetitive with e.g. the well -

established FDH-catalyzed NADH regeneration. Nevertheless, this concept opens the door towards 

attractive one - pot concurrent chemo - enzymatic cascades. 

Second contribution relied on the FDH catalyzed NADH regeneration using formic acid esters as 

‘hydrophobized’ formic acid equivalents, which simultaneously served as an organic phase in 2 LPS 

reaction and as source of reducing equivalents [Chapter 6]. This concept elegantly addresses 3 issues, 

such as NADH regeneration, substrate supply, and enzyme inhibition. Although robust productivity of 

HbpA catalyzed aromatic hydroxylation has been achieved, the productivity of the system has been 

severely limited by the diffusion limitations, which have to be addressed in future research, by e.g. 

creating emulsions stabilized with surfactant. Furthermore, the activity of FDH towards formic acid 

esters might be further enhanced by protein engineering techniques.  
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Summary 

Biocatalytic oxyfunctionalizations, especially of non - activated hydrocarbons, attract considerable 

attention for synthetic organic chemistry thanks to their high chemo-, regio-, and stereoselectivity, 

which difficult to achieve by chemical means. Many enzymatic oxyfunctionalizations have been 

described. However, there are many hurdles towards large scale applications, such as low activity 

and stability of enzymes, substrate toxicity, overoxidation, oxygen mass transfer, etc. Therefore, the 

aim of this thesis is to setup robust and scalable biocatalytic oxyfunctionalizations. 

Chapter 1 gives a general introduction on enzymatic C-H oxyfunctionalizations highlighting the great 

potential of heme - iron peroxygenases. Peroxygenases do not rely on expensive NAD(P)H cofactors 

and catalyze a variety of useful synthetic transformations utilizing H2O2 as an oxidant. However, the 

practical applicability of heme - peroxygenases is limited by their low stability towards H2O2. To avoid 

the inactivation of the enzymes, we have developed two alternative catalytic approaches for the 

controlled in situ H2O2 generation from O2. General applicability of the proposed methods has been 

demonstrated for various peroxygenase - based biotransformations in Chapters 2, 3, 4.  

Thus, in Chapter 2 a photocatalytic approach for in situ H2O2 generation has been applied for the CPO 

(chloroperoxidase from Caldariomyces fumago) catalyzed thioanisole sulfoxidation. The enzyme 

stability has been drastically improved; however, the productivity of the system was severely limited 

by low solubility and evaporation of the substrate. Therefore, the photocatalytic approach was 

demonstrated at preparative - scale using a surfactant - stabilized two – liquid phase system (2 LPS). 

Both, initial rate and robustness of the system could be enhanced significantly leading to an increase 

of the final product concentration by more than one order of magnitude in comparison with 

monophasic set - up.  

In Chapter 3 the proposed photocatalytic in situ generation of H2O2 proved to be a suitable approach 

for AaeAPO (Agrocybe aegerita aromatic peroxygenase) catalyzed epoxidation and hydroxylation 

reactions. High productivities and excellent enantiomeric excesses (>97%) were obtained with a 

broad range of substrates. Furthermore, preliminary results indicate that hundreds of thousands of 

turnovers can be achieved after reaction engineering, demonstrating the high potential of AaeAPO 

for oxyfunctionalization catalysis.   

In Chapter 4 an alternative in situ H2O2 generation method has been developed using a synthetic 

nicotinamide cofactor mimic and flavin. This method has been applied for the specific α- or β-

hydroxylation of fatty acid catalyzed by the cytochrome P450 peroxygenases. The cytochrome P450 

peroxygenases P450bsβ from Bacillus subtilis and P450clα from Clostridium acetobutylicum belong to 
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a unique group of P450s which consume H2O2 and therefore do not require additional electron 

transfer proteins and NAD(P)H cofactor. Using the new method for in situ H2O2 generation the final 

productivity of P450 peroxygenases could be enhanced due to higher enzyme stability under 

operation conditions.  

In addition to peroxygenases, various oxyfunctionalizations can be performed by oxygenases. 

However, the application of isolated oxygenases, relies on efficient cofactor regeneration techniques. 

Formate dehydrogenase (FDH) is widely applied for NAD(P)H regeneration. However, classical FDH -

based reaction systems are limited to mainly aqueous media, wherein the majority of substrates are 

poorly soluble. In order to circumvent this limitation we propose in Chapter 6 using formic acid 

esters as ‘hydrophobized’ formic acid equivalents, which simultaneously can serve as an organic 

phase in 2LPS reaction and as source of reducing equivalents. The concept was demonstrated using 

2-hydroxybiphenyl-3-monooxygenase (HbpA)-catalyzed specific ortho-hydroxylation of phenols as 

model reaction.  

In addition, chemical methods for NAD(P)H regeneration have been employed as an alternative to 

enzymatic methods. The organometallic compound [Cp*Rh(bpy)(H2O)]2+ has emerged as a catalyst of 

choice. However, the mutual inactivation between [Cp*Rh(bpy)(H2O)]2+  and enzymes is usually 

encountered. To overcome this issue, in Chapter 5, we propose using artificial transfer hydrogenases 

(ATHs) wherein the biotin - coordinated transition metal complex is sterically shielded by 

complexation with streptavidin. Thereby, the mutual inactivation of the regeneration catalysts and 

the production enzyme(s) can be efficiently circumvented. The applicability of the concept was 

illustrated by combining the ATHase with HbpA, demonstrating that the general catalytic properties 

of ATHase and enzyme are preserved.  

In conclusion, this thesis addresses some major challenges of oxyfunctionalization catalysis including 

enzyme stability, cofactor dependency and substrate supply. The proposed methods to overcome 

these issues have been implemented to various enzymatic oxyfunctionalizations. Furthermore, their 

practical applicability has been demonstrated at preparative - scale using a two liquid phase 

approach. Promising results in terms of productivity and selectivity have been obtained, thereby 

paving the way to preparative biocatalytic oxyfunctionalization. Nevertheless, further studies, e.g. 

combining enzyme immobilization techniques with reaction and process engineering, are needed to 

substantiate the full potential of biocatalytic oxyfunctionalizations.  
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Samenvatting 

Biokatalytische oxyfunctionaliseringen, vooral die van niet-geactiveerde koolwaterstoffen, zijn van 

grote interesse binnen de synthetische organische chemie vanwege hun hoge chemo-, regio en 

stereoselectiviteit die normaalgesproken lastig te verkrijgen zijn met chemische routes. Veel 

enzymatische oxyfunctionaliseringen zijn inmiddels gerapporteerd, maar de toepassing op grote 

schaal ondervindt problemen, zoals lage activiteit en lage stabiliteit van enzymen, giftigheid van 

substraten, overoxidatie, massatransportlimitaties van zuurstof etc. Dit vormt de aanleiding voor dit 

proefschrift namelijk onderzoek naar robuuste en opschaalbare biokatalytische 

oxyfunctionaliseringen. 

Hoofdstuk 1 geeft een algemene introductie tot de enzymatische C-H oxyfunctionaliseringen waarin 

de grote potentie van heme-iron peroxygenases wordt onderstreept. Deze peroxygenases zijn niet 

afhankelijk van NAD(P)H cofactoren en katalyseren een variëteit aan waardevolle synthetische 

transformaties waarin H2O2 als oxidant wordt gebruikt. Echter, de praktische toepassing van de 

heme-peroxygenases wordt beperkt door hun lage stabiliteit ten aanzien van H2O2. Algemene 

toepassing van de voorgestelde methodes voor verschillende peroxygenase-gebaseerde 

biotransformaties wordt onderzocht in de Hoofdstukken 2, 3, 4. 

In Hoofdstuk 2 wordt een fotokatalytische benadering voor de in-situ productie van H2O2 toegepast 

voor de CPO (chloroperoxide van Caldariomyces fumago) gekatalyseerde sulfoxidatie van thioanisole. 

Hoewel de stabiliteit van het enzym aanmerkelijk was verbeterd, bleek de productiviteit van het 

systeem sterk beperkt door lage oplosbaarheid en verdamping van het substraat. Dit is waarom de 

fotokatalytische benadering wordt uitgevoerd op preparatieve schaal met behulp van een 

oppervlakte-actieve stof die een vloeibaar twee-fase systeem stabiliseert (2 LPS). Zowel de 

aanvankelijke reactiesnelheid als de robuustheid van het systeem bleken sterk verbeterd, wat tot 

een orde-van-grootte toename van de concentratie van het product leidde in vergelijking met een 

één-fase systeem. 

In Hoofdstuk 3 wordt aangetoond dat de voorgestelde fotokatalytische in-situ generatie van H2O2 

een goede benadering is voor AaeAPO (Agrocybe aegerita aromatisch peroxygenase) gekatalyseerde 

epoxidatie en hydroxylatie reacties. Hoge productiviteitswaarden en uitstekende enantiomerische 

selectiviteiten (>97%) zijn verkregen met een groot scala aan substraten. Verder geven de voorlopige 

resultaten aan dat technologische aanpassingen kunnen leiden tot honderdduizenden katalytische 

omlopen, wat de grote potentie van AaeAPO voor oxyfunctionaliseringskatalyse demonstreert.  

In Hoofdstuk 4 wordt de ontwikkeling van een alternatieve methode voor H2O2 productie 

omschreven, gebruikmakend van een gesynthetiseerd analoog van nicotine cofactor en flavine. Deze 

methode wordt toegepast voor de specifieke α- of β-hydroxylatie van vetzuren, gekatalyseerd door 
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cytochrome P450 peroxygenases. De cytochrome P450 peroxygenases P450bsβ van Bacillus subtilis 

en P450clα van Clostridium acetobuylicum behoren tot een unieke groep P450s die H2O2 als substraat 

gebruiken en daardoor geen verdere electronenoverdracht en NAD(P)H cofactor nodig hebben. Het 

was, gebruikmakend van de nieuwe methode voor in-situ H2O2 generatie, mogelijk de uiteindelijke 

productiviteit van de P450 peroxygenases te verbeteren door de stabiliteit van de enzymen te 

verhogen onder operationele omstandigheden. 

Naast peroxygenases is het ook mogelijk om verschillende oxyfunctionaliseringen uit te voeren met 

oxygenases. Echter, de toepassing van geïsoleerde oxygenases hangt af van de mogelijkheden tot het 

regenereren van de cofactor. Formaat dehydrogenase (FDH) is breed toegepast voor NAD(P)H 

regeneratie, maar de klassieke FDH-gebaseerde reactiesystemen beperken zich tot waterige fases, 

wat de oplosbaarheid van het merendeel van de substraten niet ten goede komt. Om deze limitatie 

te omzeilen stellen we in Hoofdstuk 6 voor esters van mierenzuur te gebruiken als ‘gehydrofobeerde’ 

mierenzuurequivalenten, die tegelijkertijd als organische fase in dit twee-fase systeem,  en als bron 

van reducerende equivalenten kunnen fungeren. Dit concept is aangetoond met 2-hydroxybiphenyl-

3-monooxygenase (HbpA)-gekatalyseerde specifieke ortho-hydroxylatie van fenolen als 

modelreactie. 

Als alternatief voor enzymatische methodes zijn chemische methoden voor NAD(P)H regeneratie 

gebruikt. De organometallische [Cp*Rh(bpy)(H2O)]2+ verbinding werd hiervoor bestudeerd. Echter, 

het komt vaak voor dat er onderlinge inactivatie tussen [Cp*Rh(bpy)(H2O)]2+ en de enzymen 

optreedt. Om dit probleem op te lossen, stellen we in Hoofdstuk 5 voor ‘artificial transfer 

hydrogenases’ (ATHs) te gebruiken waarin de biotin-gecoördineerde transitiemetaalcomplexen 

sterisch worden gehinderd door complexatie met streptavidin. Hierdoor wordt de onderlinge 

inactivatie van de regeneratiekatalysatoren en de producerende enzymen op een efficiënte wijze 

omzeild. De toepasbaarheid van dit concept wordt geïillustreerd door ATHase met HbpA te 

combineren, waarin wordt aangetoond dat de algemene katalytische eigenschappen van ATHase en 

het enzym worden behouden. 

Concluderend: dit proefschrift pakt enkele grote uitdagingen binnen het veld van de 

oxyfunctionaliseringskatalyse aan, zoals enzyme-stabiliteit, cofactor-afhankelijkheid en substraat-

afgifte. De methodes die zijn voorgesteld om deze problemen op te lossen zijn geïmplementeerd in 

verscheidende enzymatische oxyfunctionaliseringen. Daarnaast is de praktische toepassing 

aangetoond op preparatieve schaal, gebruikmakend van een twee-fase benadering. Veelbelovende 

resultaten met betrekking tot productiviteit en selectiviteit zijn behaald. Desalniettemin is verder 

onderzoek noodzakelijk om de volle potentie van biokatalytische oxyfunctionalisering te realiseren. 

Gedacht kan worden aan bv.  het combineren van enzym-immobilisatie met reactie- en 

procestechnologie.  
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